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Preface to “Mechanisms of Mitotic Chromosome 
Segregation” 
Mitosis attracts the interest of many biologists because it is fundamental to the livelihood of all 
eukaryotes. It is also an esthetic pleasure to watch, thanks to the power of time-laps imaging and the 
elegance of chromosome segregation. Most biologists learned the basics of mitotic phenomenology in 
the early years of their career, but they have not kept up with the complexities that have emerged from 
more recent research. This book provides a convenient way in which to learn the remarkable advances 
that the field has achieved. The progress described in these chapters reflects both the skill and insight of 
many investigators and the power brought to biological research by the many technological advances 
that have occurred in recent decades.  
Mitotic spindles have long been difficult to study because they are small, ephemeral, essential, and 
complex. Recent studies of mitosis have been revolutionized by progress in many fields of science and 
technology including optics, electronics, genetics, biochemistry, and molecular biology. Advances in all 
these fields have had significant impact on the way students of mitosis can answer questions about 
mechanisms. For example, improvements in cameras have allowed scholars to follow the behavior of 
specific molecules within mitotic structures. Techniques for labeling and purifying molecules have 
helped scholars understand the functions of particular spindle components. Genetics, in combination 
with molecular biology, has allowed scientists to relate processes in vivo to molecular functions in vitro. 
In short, research on mitotic mechanisms reflects the progress in all fields of cell biology. Mitosis is, in 
fact, a showcase for the power of methods and approaches that have revolutionized our understanding 
of cells in general. 
This book is a compilation of reviews by experts in several aspects of mitosis: the formation of the 
mitotic spindle, the specializations that attach chromosomes to the spindle, the signaling processes that 
regulate mitotic progression to maximize accuracy, the mechanical processes that drive chromosome 
motion, and the consequences of mitotic mistakes. The authors of these chapters work on a range of 
organisms, so aspects of mitosis in fungi, plants, insects, lower vertebrates, and mammals are all 
considered. One goal of this book is to bridge the gaps that sometimes form because scholars of the same 
process in different organisms do not always communicate as closely as they should for the advancement 
of knowledge.  
Students of mitoses must deal with the fact that they work in the context of more than a century 
of work by an international army of scientists. This situation can lead to review articles that either skip 
the earlier work and cite only the most recent papers, or get bogged down in the morass of early studies 
and fail to deal adequately with the most recent research. This book includes one chapter that addresses 
some of the history of mitosis research from its origins in the nineteenth century up to approximately 
1980. This strategy has allowed other authors to focus on more recent findings and their significance for 
understanding mechanisms.  
Given these attributes, the editor hopes that you will find this book interesting and useful. Its 
content represents an informed account of a complex and important field of biology; its style is directed 
towards a pleasant reading experience; and you can’t beat the price for a scholarly volume that could 
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Abstract: This chapter describes in summary form some of the most important research on
chromosome segregation, from the discovery and naming of mitosis in the nineteenth century
until around 1990. It gives both historical and scientific background for the nine chapters that
follow, each of which provides an up-to-date review of a specific aspect of mitotic mechanism.
Here, we trace the fruits of each new technology that allowed a deeper understanding of mitosis
and its underlying mechanisms. We describe how light microscopy, including phase, polarization,
and fluorescence optics, provided descriptive information about mitotic events and also enabled
important experimentation on mitotic functions, such as the dynamics of spindle fibers and
the forces generated for chromosome movement. We describe studies by electron microscopy,
including quantitative work with serial section reconstructions. We review early results from spindle
biochemistry and genetics, coupled to molecular biology, as these methods allowed scholars to
identify key molecular components of mitotic mechanisms. We also review hypotheses about
mitotic mechanisms whose testing led to a deeper understanding of this fundamental biological
event. Our goal is to provide modern scientists with an appreciation of the work that has laid the
foundations for their current work and interests.
Keywords: mitosis; mitotic spindle; chromosome; kinetochore; microtubule; motor enzyme;
centrosome; tubulin dynamics; force; accuracy
1. Discoveries about Mitosis from Early Descriptions of Mitotic Structures
The history of research on mitosis is intertwined with the development of the relevant technologies,
particularly microscopy. This linkage derives from the sizes of spindles and their activities; it also
reflects a need for significant signal amplification to study mitotic components and processes. Moreover,
the isolation of dividing nuclei as a simplified system for biochemical studies has proven technically
difficult, so in the early days of mitosis research the majority of information came from work on whole
cells. Indeed, research on mitosis has motivated the development of several microscope technologies,
including more effective modes of live cell imaging. We have therefore organized this presentation
around the emergence of relevant technologies and the physical sciences that enabled them.
Initial work on mitosis took place in several laboratories, beginning around 1870. Pioneering studies
by Friedrich Schneider [1] (Figure 1), Eduard Strasburger [2] and others independently described
the structures and positions of chromosomes in fixed, dividing cells, while Eduard Van Beneden [3]
identified objects at the spindle poles that we would now call centrosomes (Figure 2). It was, however,
Walther Flemming [4] (translated into English and republished [5]) who named the “mitotic” process
and first described a plausible chronology of chromosome behavior in anticipation of cell division
(Figure 3). Much of his work is assembled in an elegant book, published in 1882 [6].
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Figure 1. Drawing of dividing nuclei by Schneider, 1873 [1].
Figure 2. Drawing of mitotic figures that indicate structures at the spindle poles. van Benedin, 1876 [3]
Image courtesy of Biodiversity Heritage Library. http://www.biodiversitylibrary.org. Drawing of
mitotic figures that indicate structures at the spindle poles. van Benedin, 1876.
Figure 3. Drawings of mitotic figures by Flemming, 1878 [4,5]. This image is displayed under the
terms of a Creative Commons License (Attribution-Noncommercial-Share Alike 3.0 Unported license,
as described at http://creativecommons.org/licenses/by-nc-sa/3.0/.
Such work was possible because the imaging capabilities of the compound microscopes available
at that time greatly exceeded those of the microscopes with which Hooke [7] first described cells in
the 1660s, and with which van Leeuwenhoek [8] characterized the structures and behaviors of many
single-celled organisms. Indeed, it was the invention of achromatic lenses (1823) that brought the
resolution of light microscopy to ~1 μm, producing instruments that empowered Schleiden, a botanist,
and Schwann, a zoologist, to demonstrate the ubiquity of cells, and Virchow [9] to realize that “all cells
come from cells” (a powerful and important statement, despite its limited evolutionary perspective).
They also provided both Pasteur and Koch with the tools they needed to recognize the importance of
microorganisms in the propagation and progression of disease. Abbe’s invention of a high numerical
aperture condenser in 1875 [10] and the subsequent introduction of oil immersion lenses (1878) finally
2
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brought microscopes to a space resolution of ~0.2 μm, enabling the remarkably accurate drawings
found in the best of the early descriptions of mitosis.
These early studies explored a range of mitotic cells in tissues of both animals and plants,
mostly in specimens that were fixed and stained prior to examination. In this situation, what one
saw depended quite strongly on the method of sample preparation. Moreover, without a camera
to record the observations, structures were represented by hand drawings. These factors, and the
variations in structure across the range of specimens examined, led to disagreement about the validity
of any given set of observations. The first verbal description of mitosis in living cells was given
by Mayzel in 1875 [11]. With Mayzel’s permission, Flemming published a drawing of such a cell
division [4] (Figure 4). Several other workers, such as Schleicher and Peremeschko, published images
of chromosomes in live cells, but again it was Flemming who drew multiple stages in the division of
a single cell type: epidermal cells from a salamander larva. The result was virtually a hand-drawn,
time-laps movie (Figure 5) [4]. With time, additional images of mitosis in living cells were presented
by scholars studying a range of organisms, and yet these descriptions generally involved only the
chromosomes. At this point, there was no knowledge about the relationship between the “thick”
fibers (chromosomes) and the “thin” ones (the spindle) seen in fixed material; both were thought to be
manifestations of nuclear structure as this organelle prepared to divide.
Figure 4. Drawing of a mitotic figure in a live cell prepared by Mayzel and published by
Flemming, 1878. [4] This image is displayed under the terms of a Creative Commons License
(Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at http://creativecommons.
org/licenses/by-nc-sa/3.0/.
Figure 5. Drawings of chromosome segregation in living epidermal cells of a salamander larva.
Flemming, 1878 [4]. This image is displayed under the terms of a Creative Commons License
(Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at http://creativecommons.
org/licenses/by-nc-sa/3.0/.
The role of chromosomes as sites for the storage of a cell’s genetic information was first proposed
by Weismann in 1885 [12]; in 1903–1904 Boveri [13] and Sutton [14] published studies on the behavior
of chromosomes during both normal cell division and the generation of gametes. They realized
3
Biology 2016, 5, 55
independently that chromosome motions and patterns of segregation were consistent with the then
controversial idea that chromosomes carried a cell’s genetic information. Most of these studies
are well reviewed and summarized in the 1925 edition of E.B. Wilson’s monograph on “The Cell
in Development and Heredity” [15], an important resource for students of mitosis. From all this
descriptive groundwork, the essential features of chromosome segregation were established, but the
underlying mechanism for mitosis was still mysterious.
One limitation in this early work was the impact of the fixatives and stains used to visualize
cellular infrastructure. Different fixation solutions were used by different investigators, but all
such mixtures employed acids of various strengths and organic solvents, such as alcohols. Spindle
fibers that might push and pull on chromosomes were seen by many, but only in fixed material,
raising controversy about the legitimacy of these structures. While microscopists also saw mitotic
events in living cells, in these specimens only the chromosomes were apparent. The very lack of visible
spindle fibers in living cells cast doubt on the validity of the fibers seen in fixed cells, particularly
since fixatives were known to induce the formation of aster-like structures in egg white and solutions
of gelatin [16,17]. This observation led to the alternative concept that cytoplasm in living cells was
colloidal, comprised of invisible particles and/or vesicles. In this view, fibers were artifacts of exposure
to chemical fixatives, which triggered the condensation of invisible particles and/or vesicles into
fibrous structures (reviewed in Wilson) [15].
The case for the reality of spindle fibers was supported by mitotic fibers that were evident in
certain live cells, including diatoms as seen by Lauterborn in 1896 [18] (For an English translation,
see [19]). Somewhat later, the case was enhanced by mechanical experiments in which Chambers
used a microneedle to probe intracellular structures [20] (reviewed in [15]). These micromanipulation
experiments showed that a spindle behaved as a coherent structure when twisted, rotated, displaced,
or moved. The invention of phase optics by Zernike in the early 1930s (reviewed [21]), made spindle
fibers more readily visible in some living cells, e.g., the flagellates living in the hind gut of the
wood-feeding roach, Cryptocercus [22]. This work was particularly valuable, because the centrosomes
in these unicellular organisms were much bigger than in most cells, allowing the first characterization
of centrosome duplication and segregation during the cell cycle. Many workers in the field, however,
viewed these results from “unusual cells” as unconvincing anomalies. Where were the spindle fibers
in the mitotic cells of sea urchins, nematodes, amphibians, and mammals that had been the focus of so
many studies?
Another imaging breakthrough came from the work of W.J. Schmidt [23] and F.O. Schmidt [24],
each of whom employed polarized light microscopy to visualize the birefringence (BR), i.e., the two
refractive indices that are visible in optically anisotropic materials. Viewed between crossed polarizers,
the apparently homogenous material surrounding mitotic chromosomes was clearly if weakly
birefringent, evidence for the presence of fibrous material in the living spindle. Spindle BR was
also seen in mitotic cells from vertebrates in 1948 by Hughes and Swann [25]. Shinya Inoue pioneered
several advances in the optics used to detect and measure BR, enhancing the value of polarized light
microscopy for detailed observations on mitosis in living cells. He invented a way to compensate for
the position-dependent optical activity of high numerical aperture lenses, allowing him to visualize
spindle BR with high sensitivity (which depends on the extinction of the polarizing system) and
at comparatively high space resolution (which depends on numerical aperture) (Figure 6) [26,27].
This invention also allowed Inoue to experiment with the factors that increased and decreased the
amount of spindle BR [26], as described in more detail below. With this technology, Inoue saw
time-dependent fluctuations in spindle birefringence and was able to use cinematography to capture
the entire process of mitosis in livings cells from both plants and animals. These innovations led to an
essentially universal acceptance of spindle fibers as a reality.
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Figure 6. Mitotic spindles in living sea urchin eggs: metaphase (left) and mid-anaphase (right) viewed
with polarization microscopy, similar to Inoue and Dan, 1951 [26]. Image from Salmon, E.D., 1982,
Meth. Cell Biol. 25: 69–105. With permission from the author and the Copyright Clearance Center.
2. New Technologies for Structural Studies Advanced Our Understanding of Spindle Organization
The visualization of spindle fibers took another step forward when mitotic cells were successfully
studied by electron microscopy. Initial work used the same harsh fixations that had produced fibers
for view in the light microscope; now seen at higher resolution, the fibers appeared as bundles of
much finer fibrils [28,29]. The “fine structure” of these fibrils was later seen with greater clarity by
Harris in sea urchin blastomeres [30] (Figure 7) and by Roth and Daniels in amebae [31] that had been
fixed with osmium tetroxide, either at low pH or in the presence of divalent cations. In this work,
spindle fibers corresponded to bundles of 15 nm filaments that appeared tubular. With the subsequent
discovery of glutaraldehyde as a fixative [32], similar and better-preserved tubular fibers, now 25 nm
in diameter, were found in all spindles studied (Figure 8). Some of these spindle “microtubules”
(MTs) were seen by Brinkley and Stubblefield to attach to specializations on each chromatid of a
metaphase chromosome. These specializations appeared as paired structures at the chromosome’s
primary constriction or “centromere” (Figure 9) [33]. The attachment sites were identified as loci of
MT binding and called “kinetochores”, a term given earlier to the chromosomal regions responsible
for chromosome motion. The spindle thereby became visible as an organized assembly of MTs that
must somehow exert forces on chromosomes. This idea has served ever since as the framework for
most work on mitosis ever since.
Considerable effort has gone into the structural characterization of the spindle’s MT component.
Most of the early work used electron microscopy of serial sections cut from fixed and plastic-embedded
samples; this approach provided the resolution in 3-dimensions (3-D) necessary to distinguish the
individual but tightly bunched MTs and to reveal the overall architecture of spindle fibers (Figure 10).
Initial quantitative work on spindle structure was based on counts of the numbers of MTs in spindle
cross-sections, presented as a function of position along the spindle axis, which was assessed by the
number of sections cut since the one that included a spindle pole (Figure 11A–C) [34–36]. As techniques
improved, investigators were able to track each MT from section to section, allowing displays of some
aspects of spindle geometry in 3-D, e.g., the interdigitation of MTs associated with each half of
the spindle in the region near the midplane of an anaphase spindle. This arrangement formed a
robust interpolar bundle, the structure seen by light microscopy as the “continuous” or “pole-to-pole”
spindle [34,37] (Figure 12).
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Figure 7. A portion of a sea urchin mitotic spindle (SP) imaged in an electron microscope, showing
the MTs (arrows) that make up the spindle fibers that had been seen by light microscopy. The curved
dashed line marks the polar end of the spindle and the beginning of a specialized region that surrounds
the spindle pole in these cells. (Dark rods are contamination.) Harris, 1965 [30]. This image is displayed
under the terms of a Creative Commons License (Attribution-Noncommercial-Share Alike 3.0 Unported
license, as described at http://creativecommons.org/licenses/by-nc-sa/3.0/.
Figure 8. Electron micrograph of a mitotic spindle pole in a cultured mammalian cell, fixed with
glutaraldehyde. Red arrows mark centrioles, the blue arrow indicates pericentriolar material where
MTs are nucleated. Image kindness of Kent McDonald, Univ. California, Berkeley.
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(A) (B) 
Figure 9. Kinetochores (K) are the specializations on mitotic chromosomes (Ct) that bind MTs.
(A) = sister kinetochores in a mammalian cell, strain CHO, treated with colcemid to block MT formation;
(B) = a kinetochore after removal of the drug and regrowth of spindle MTs (S). From Brinkley and
Stubblefield, 1966 [33]. With permission from Elsevier Publishing.
Figure 10. Thick section of a mammalian cell in anaphase, lysed before fixation to reduce the complexity
of background staining. KMTs = kinetochore microtubules; Chrs = chromosomes. White arrows indicate
sites of apparent attachment between MTs and a chromosome (1) and a pole (2). From McIntosh et al.,
1975b [37]. By permission of the author.
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Figure 11. Counts of total numbers of MTs seen on successive spindle cross-sections from pole to pole
at three stages of mitosis: (A) = metaphase; (B) = early anaphase; (C) = mid anaphase. From McIntosh
and Landis, 1971 [34]. This image is displayed under the terms of a Creative Commons License
(Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at http://creativecommons.
org/licenses/by-nc-sa/3.0/.
Figure 12. The paths of many spindle MTs, traced through serial sections of a mammalian cell
(strain PtK2) in anaphase. White crosses mark the positions of the poindle poles. The shorter bundles
of colored lines represent the kinetochore MTs that cluster to form the kinetochore fibers visible in the
light microscope. (Colors are used simply to make these clusters stand out.) The red and yellow lines
represent non-kinetochore MTs, which are associated with one pole or the other and interdigitate at the
spindle’s midplane to make the “interpolar” spindle. These MTs slide and elongate during anaphase B.
Image kindness of D. Mastronarde, Univ. Colorado.
Some students of spindle structure used thin sections cut parallel to the axis of the spindle and
traced each MT as it appeared on a single section; they then super-imposed these traces to make a
representation of spindle structure that served useful comparative purposes. Although these views
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were drawings, not full reconstructions of spindle organization in a sub-volume of the overall structure,
they provided informative views of the spindle after an experimental treatment [38].
The small spindles found in micro-organisms provided a particularly fruitful field for study
by electron microscopy. The first group to capitalize on these cells used high voltage electrons to
image comparatively thick sections cut parallel to the spindle axes in cells that had been lysed during
fixation, removing much of the cytoplasmic density that is characteristic of small cells [39]. With stereo
views at distinct stages of spindle formation and function, one could get a good overview of spindle
organization and its changes with time as the MTs grew from the centrosomes, formed a bi-polar
array, then organized the chromosomes and segregated them, largely through spindle elongation.
A more detailed view of spindles in small cells emerged from the use of larger numbers of serial
thin sections cut perpendicular to the spindle axis. With these sections one could track MTs in 3-D to
characterize their distribution. The well-ordered interpolar spindles of diatoms were the first to yield
information about changes in MT arrangement as a function of spindle elongation in anaphase B [40].
Subsequent work extended these discoveries to other diatoms, then to a cellular slime mold [41] and
budding yeast [42]. This work, in sum, revealed a consistent pattern of structure in which one or a few
MTs associated end-on with each chromosome, and a bundle of MTs formed between the two spindle
poles, setting up an interdigitating framework of anti-parallel MTs whose interactions near the spindle
midplane could drive spindle elongation through the sliding apart of two MT families, commonly
accompanied by MT growth (Figure 13).
Figure 13. The spindle cycle in budding yeast. In the center of the figure, drawings represent the
structure of budding yeast cells as they traverse the cell cycle. Around the edges are models made
from tomographic reconstructions of the MT component of yeast spindles at each stage of mitosis.
(a) There is only one centrosome but MTs grow from it into the cell’s nucleus; (b) The centrosome is
duplicated and more shorter MTs project into the nucleus; (c) There are now two functional centrosomes,
sitting side by side, each projecting MTs into the nucleus. At this stage, the spindle is in the process of
attaching sister kinetochores to sister spindle poles; (d) A bi-polar spindle has formed; (e) The cell is
advanced in anaphase B and the sister chromosomes are well separated; (f) A long, slender spindle
runs from pole to pole (green and magenta MTs), and the chromosomes are drawn tightly around each
pole. This spindle severs as the cell divides at cytokinesis, and the cell returns to state A. Redrawn
from [43] by Eileen O’Toole. This image is displayed under the terms of a Creative Commons License
(Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at http://creativecommons.
org/licenses/by-nc-sa/3.0/.
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An interesting reflection on the value of technological improvements in the progress of mitosis
research is seen in a comparison of the results cited above with work done after the power of
fluorescence microscopy became widely appreciated. Studies of budding yeast spindles by indirect
immunofluorescence produced images quite like those that were laboriously prepared by serial section
electron microscopy [43]. In the early work the resolving power of the electron microscope was used
largely for fiber classification (MTs vs. microfilaments, etc.) and to resolve closely spaced fibers;
such detail was not necessary for the study of gross fiber motions. Later chapters of this book will
show how the clever use of light microscopy, together with various techniques for image contrast
generation, have contributed tremendously to our current understanding of spindle mechanics.
Serial cross-sectioning and electron microscopy also provided important early information about
the MT components of bigger spindles. The structure of the cold-stable bundle of MTs that associates
with each kinetochore in a mammalian cells was elucidated in this way [44], and the structure of
both kinetochore-associated MTs [45] and other spindle MTs that contribute to mammalian spindle
structure [46] were similarly studied (Figure 14A–D). Unlike the small spindles, in which all MTs had
one end on a spindle pole, these larger structures included many MTs, both of whose ends appeared
free in the body of the spindle. Moreover, not all of the MTs with one end on a kinetochore were
long enough to reach the area around the pole. In addition, the kinetochore-associated fibers visible
in the light microscope were seen to contain MTs that did not end on a kinetochore. This structural
complexity challenged the perspective that chromosome segregation was accomplished in all cells by
a common mitotic mechanism. Instead, the structural variation suggested that spindles did not simply
scale up in size; big spindles might involve different structural and functional principles than small
ones. Perhaps bigger cells with more and bigger chromosomes placed different demands on spindle
mechanics, so different solutions for chromosome segregation were required.
Figure 14. Two-dimensional projections of all the MTs in a volume that includes ~one-half of an
early anaphase spindle from a PtK1 cell. (A) = all MTs traced; (B) = all kinetochore-associated
MTs seen; (C,D) = all non-KMTs associated with the two spindle poles. From Mastronarde et al.,
1993 [47]. This image is displayed under the terms of a Creative Commons License
(Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at http://creativecommons.
org/licenses/by-nc-sa/3.0/.
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An important limitation with all the early structural studies of spindle MTs was their inability to
detect the polar orientation of these polymers. MTs were demonstrated to be polar, i.e., to be vectors,
by Amos and Klug [47], although the concept of MT polarity had been identified as important for
mitosis somewhat earlier [48]. There were indications from experiments, both in vivo [49,50] and
in vitro [51,52], that MTs could grow from either the centrosomes at the spindle pole or the kinetochores
of metaphase chromosomes, suggesting that the MTs in any half-spindle pointed in opposite directions.
The issue of spindle MT polarity was settled in several steps: (1) Experiments in vitro revealed a
kinetic polarity in MT growth; the polymers had a fast and a slow growing end [53]. Work from the
Borisy lab showed that MTs growing from centrosomes were oriented with their fast-growing “plus”
ends distal to the centrosome [54]; (2) A method was discovered by which the protein subunit of MTs
would add to the walls of existing MTs, forming hooks whose direction of curvature revealed the polar
orientation of the original MT lattice [55]; (3) The application of hooks to spindles showed that both
the MTs emanating from the spindle poles and those associated with kinetochores were oriented in the
same direction: their fast-growing ends were distal to the spindle pole [56,57]; (4) The flagellar ATPase,
dynein was identified as an additional polarity marker, binding along the MT lattice in a polarized
fashion and confirming the underlying MT orientation in spindles [58]. Thus, the polar orientation
of spindle MTs turned out to be strikingly simple (Figure 15). The ability of kinetochores to promote
the nucleation of MTs then posed a mystery: are these MTs initiated upside down or does the spindle
contain some MTs that are oppositely oriented? Intriguingly, the structural evidence argued strongly
against the latter possibility, but exactly how kinetochores can initiate MTs of the right orientation is
still an unsolved problem.
Figure 15. Diagrams showing the polar orientation of Spindle MTs, as assessed by the tubulin-containing
hooks. Euteneuer and McIntosh 1981, 1982 [56,57]. This image is displayed under the terms of a Creative
Commons License (Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at
http://creativecommons.org/licenses/by-nc-sa/3.0/.
3. Comparisons of Spindles across Phyla
The fact that mitosis occurs in all eukaryotic cells has meant that students of diverse organisms
have contributed to the literature of the field. Although the earliest studies were focused on organisms
whose cells were comparatively large and whose chromosomes were particularly visible, e.g.,
the amphibians, insects, nematodes, oocytes of marine invertebrates, and certain plants, subsequent
investigations reached out more widely. Cells from the endosperm in plant seeds have been particular
useful because they make almost no cell walls, which improves both the clarity of images obtained by
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light microscopy and the ease with which cells can be flattened to reduce their 3-D image complexity.
One of the most productive scholars of plant mitosis was Andrew Bajer, who initially used phase
microscope with cine-recording, then polarization optics, then electron microscopy (reviewed in [59])
and subsequently immune-staining of spindle components to characterize mitosis in these large
and beautiful cells [60]. Bajer and his students described large bundles of MTs associated with
each chromosome and many additional spindle MTs, assembled into a structure that resembled the
interpolar spindle of animal cells, except for its lack of a focus on defined polar structures.
Micro-organisms were also subjects for detailed and informative study. Hans Ris and Donna Kubai
used electron microscopy to describe spindles in several dinoflagellates, which were thought at the time
to represent a particularly primitive kind of eukaryote whose spindles might, therefore, give insight
into the evolutionary origins of mitosis [61]. These organisms carried out mitosis within their nucleus,
and the images then available suggested that cytoplasmic MTs were simply a guide for the direction
that chromosomes might move. It was proposed that motive force might come from the membranes
of the nuclear envelope, by analogy with a then popular model for the mechanism of chromosome
segregation in bacteria [62]. In retrospect, the apparent absence of connections between chromosomes
and MTs may have reflected procedural difficulties in preserving these cells for structural studies.
This view is supported by the observation that in at least some dinoflagellates MTs terminate on a
knob-like differentiation at the site of contact between kinetochores and the nuclear envelope [63]
(Figure 16). Some of the difficulties of preparing micro-organisms for electron microscopy have
been solved by the introduction of rapid freezing, followed by fixation through the substitution of
cytoplasmic water with organic solvents at low temperature (freeze-substitution) [64]. In the study of
cellular fine structure, these methods provided a significant improvement in cell preservation [65].
Figure 16. MTs, chromosomes and their interactions in the dinoflagellate, Amphidium. MTs run
in a cytoplasmic channel, but some of them are connected to chromosomes through the nuclear
envelope. From Oakley and Dodge [63]. This image is displayed under the terms of a Creative
Commons License (Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at
http://creativecommons.org/licenses/by-nc-sa/3.0/.
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The biological diversity of micro-organisms has been informative about different ways in which
organisms solve the problem of reliable chromosome segregation [66,67]. However, this knowledge
has been a two-edged sword; it has provided a legitimate sense of variation but also a bewildering
sense of complexity. The wide range of mitotic and meiotic structures and processes has nurtured the
belief that there could not possibly be a “universal” mechanism for chromosome movement. For clarity
in addressing this issue, a brief summary of mitotic and meiotic events is presented here, followed by
some examples of diversity in the patterns of chromosome motion.
4. A Summary Description of Mitotic and Meiotic Events
Despite diversity in the patterns of chromosome segregation, some common features have been
identified. Small spindles, as found in most fungi and algae, build a distinct interpolar spindle
(sometimes called the central spindle, the continuous spindle, or the core bundle, referring to its tightly
bunched MTs). One or more MTs that are not in this bundle run directly from one of the spindle
poles to each kinetochore, making a mechanical connection that is essential for normal chromosome
motion. Commonly, the chromosomes congress to a metaphase plate, but the connection between
sister chromatids is not rigid, allowing the metaphase chromosomes to separate transiently, showing a
“breathing” as they move back and forth about the spindle equator [68]. In some diatoms, this breathing
is so extreme that sister kinetochores are pulled to opposite spindle poles before anaphase begins [69].
The onset of anaphase is usually abrupt [70], and most chromosomes separate due to two kinds of
motions: an approach to the spindle poles (Anaphase A) and an elongation of the distance between
the poles (Anaphase B).
In medium sized spindles, such as those in the cells of mammals, nematodes, and fruit flies,
there are multiple MTs (5–40) attached to each kinetochore, and some but not all of them run from
kinetochore to pole [71]. Again, there is an interpolar spindle, but not all of the MTs in this structure
have one end associated with a pole; many of them start and end in the body of the spindle, and some
of them commingle with the kinetochore-attached MTs, making the “kinetochore fiber” that is visible
by light microscopy a mixture of MTs that are kinetochore associated and those that are not [46].
While centrosomes are present and contribute to spindle organization, they have been shown by
several experiments to be dispensable, so long as slower mitotic progression can be tolerated. In large
spindles, such as those that form in early frog embryos or in the endosperm of higher plants, there are
many thousands of MTs. In frog eggs, most of these form in association with chromosomes, rather than
centrosomes, and they form a bipolar spindle through a combination of MT rearrangements and
dynamics, as will be discussed in later chapters of this book. Connections of MTs directly to the poles
are rare. Thus, there appear to be several structures to understand more fully in our efforts to elucidate
mitotic mechanisms.
Meiotic spindles resemble mitotic spindles in many ways, but the essential function of reducing
the chromosome complement from diploid to haploid requires a few important differences. Foremost,
there are two rounds of chromosome segregation with only one round of DNA replication. Secondly,
in preparation for the first meiotic division, homologous chromosomes pair and become connected
by the crossings-over that occur during meiotic prophase; a set of four chromatids (two identical
and two homologous) form a single meiotic chromosome, called either a “bivalent” or a “tetrad”
(Figure 17). These congress to a metaphase plate and segregate by the separation of “half-bivalents”,
which serve as anaphase chromosomes for meiosis I. Following telophase, a short interphase that lacks
DNA replication, the chromosomes enter meiosis II, which resembles a mitotic division, except that
the number of chromosomes at the metaphase plate is half the number found in a diploid mitosis
(Compare Figure 17, left and right).
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Figure 17. Diagrams of meiotic (A) and mitotic (B) cell divisions. With permission from the Taylor
Francis Group, publishers.
Diversity in the mechanisms of chromosome segregation is found in several published works.
For example, the first meiotic division of spermatocytes in crane flies includes a normal anaphase
separation of paired autosomal bivalents, but a delayed separation of the two unpaired sex
chromosomes [72]. The replicated but unpaired sex chromosomes, exhibit amphitelic attachments
(i.e., sister kinetochores are attached to sister spindle poles). After autosomal segregation is complete,
the sex chromosomes segregate almost simultaneously to opposite poles, retaining their amphitelic
attachments as they move in opposite directions by a mechanism that remains unexplained.
Another anomaly is found in the fly, Sciara copraphilia, where meiosis I in males includes
segregation of the male-contributed chromosomes from the female chromosomes on a monopolar
spindle, which discards the former and draws in the latter to a single spindle pole [73,74]. Again,
the mechanism underlying this chromosome behavior is still mysterious. At various times, students
of mitosis have focused on these unusual behaviors and demanded that any successful hypothesis
for mitotic mechanism must explain all these unusual phenomena. With the advent of molecular
biology and a subsequent focus on chromosome segregation in a relatively few “model organisms”,
this view has faded. Regardless of one’s opinion on this matter, there are certainly things to be learned
from biological diversity, including a better understanding of conserved regulatory elements that may
bridge diverse mitotic mechanisms.
As an example of informative mitotic diversity, one can look at mitotic behavior of the
nuclear envelope. During mitosis in higher plants and animals the nuclear envelope disperses,
allowing commingling of the nucleo- and cytoplasms. In many unicellular organisms, on the other
hand, the envelope remains intact throughout mitosis. This appears to be a sharp distinction and a
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fundamental difference, but it turns out that there are examples of intermediate conditions that argue
otherwise. In the green alga, Chlamydomonas, the nuclear envelope is largely intact, but near the spindle
poles there is a window that allows centrosomes in the cytoplasm to extend MTs into the nucleoplasm
and thereby affect chromosome position [75]. A similar situation is found in the nuclei of Drosophila
embryos at the syncytial blastoderm stage [76]. In addition, there are cases where the spindle forms in
the cytoplasm and the nuclear envelope remains intact. The mitotic chromosomes associate with the
inner surface of the nuclear envelope and somehow form MT attachment sites on the outer surface of
the envelope. As a result, the cytoplasmic spindle can organize chromosome segregation, even while
the spindle MTs are excluded from the nucleoplasm [63,77,78]. These examples are all consistent with
the simple view that mitosis requires a bi-polar array of MTs that interacts with the already duplicated
chromosomes, linking sister kinetochores to sister poles. Exactly how this arrangement is achieved
and regulated can vary, and may be of secondary importance.
With the advent of molecular biology, both to help identify the protein products of genes and to
go from biochemical analyses to a set of genetic loci, mitosis research focused down on a relatively few
organisms whose combination of genetic manipulability and susceptibility to molecular transformation
and microscopic imaging made them useful experimental systems. Thus, as will become apparent in
the chapters that follow, there is now a huge amount of information about the spindles of budding
and fission yeasts, of the nematode, Caenorhabditis elegans, of the fly Drosophila melanogaster, and of
mammalian cells grown in culture. Likewise, a few plant systems are under intense scrutiny. Yet, as the
sequencing of DNA has become relatively inexpensive, and as molecular tools and capabilities have
expanded, there is now a trend away from this biological myopia. We can look forward to a greater
interrogation of biological diversity and a resulting improvement in understanding of this complex
and important biological process.
5. Biochemical Work to Characterize the Mitotic Machinery
The first successful efforts to purify mitotic spindles took advantage of the eggs of marine
invertebrates, which could be obtained in large numbers and induced to enter an almost synchronous
mitosis by the addition of the corresponding sperm [79,80]. Cell numbers, and therefore the amounts
of isolated spindles were sufficient for biochemical study, but the first spindles isolated were
non-physiologically stable and inert with respect to mitotic activity. Robert Kane improved this
isolation protocol in 1962, leading to some characterization of the factors important for spindle
stability [81]: pH around 6.0 and a not well understood aspect of lowering the solution’s dielectric
constant. However, these spindles too were inactive, and even when the method was further
improved by using glycerol and dimethylsulfoxide to preserve spindle stability in a reversible way [82],
the isolates were still too inactive and complex to be very informative. The latter spindles showed
some of the dynamic properties of spindles in living cells, e.g., sensitivity to hydrostatic pressure,
but they did not move chromosomes, so it was hard to assess the functional significance of either
their dynamic properties or any specific components. Still other media [83] were used to isolate
labile spindles that yielded information about a few proteins that associated with spindle MTs in a
polymerization-dependent way [84]. The discovery of Taxol as an agent to promote MT stability [85]
spawned additional efforts to isolate useful mitotic spindles [86], but again, the lack of functional
assays for the many components of the isolates frustrated attempts to use these preparations for a
molecular analysis of mitotic mechanism.
One of the most significant advances in spindle chemistry came from the lab of Edwin Taylor.
It had been known for years that colchicine disrupted mitotic spindle structure and function but
had little effect on a cell’s progression through interphase. Based on this specificity, Taylor surmised
that the drug bound to the protein subunit of spindle fibers, i.e., the subunits of MTs. He made a
radioactive form of this spindle poison and used then-standard methods of protein biochemistry to
purify the colchicine-binding component of spindles [87,88]. Ironically, the material that provided
the best yield of colchicine-binding protein was mammalian brain, a tissue known for its dearth of
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cell divisions. This observation provided important evidence that the colchicine-binding protein was
used in multiple cellular settings, just as MTs had been found to be essentially ubiquitous. Subsequent
work by Richard Weisenberg, identified conditions in which the isolated protein, now called “tubulin”,
would assemble into MTs in vitro [89]. These advances opened up multiple approaches to the
experimental study of mitosis.
Several labs used version of the conditions discovered by Weisenberg to make cell-free models
of spindles that preserved aspects of spindle function and allow limited biochemical study, if not the
analysis of components. This approach was pioneered by Hoffmann-Berling in the 1950s; he used
glycerol to preserve aspects of the cytoskeleton as the cell membrane dissolved, then Mg2+-ATP
to activate cellular contractility. He applied the same approach to mitotic cells [90], but with only
limited success, perhaps because the conditions that preserved microfilaments and their interactions
with myosin did not work for spindles. Maintaining a labile spindle became practical as soon as
one knew methods to purify tubulin and promote its polymerization [89]. By lysing cells with
non-ionic detergents in an equilibrium mixture of tubulin and MTs, investigators were able to support
anaphase motions after membrane permeability was disrupted [91]. However, without a way to
initiate anaphase in these lysed cells, one could only look for conditions that supported chromosome
motion after it had started. For this purpose, solutions containing Mg-ATP and a high molecular
weight polyethylene glycol were sufficient; soluble tubulin was unnecessary for anaphase A and
limited anaphase B. Subsequent work showed that the presence of tubulin could increase the extent of
spindle elongation [92], but mechanisms still remained elusive.
An alternative biochemical approach emerged from work on extracts of frog eggs. These huge cells
can be broken and fractionated to yield undiluted meiotic cytoplasm in sufficient quantities to facilitate
experimentation on factors that induce a mitotic state [93]. It was this system that allowed the first
purification of “maturation promoting factor” [94], which later came to be known as cyclin-dependent
kinase 1. This discovery attracted legions of workers to the frog egg system for biochemical analysis of
cell cycle control. Upon the addition of frog sperm, this system will produce cycling nuclei and mitotic
spindles whose action in a cell-free environment is remarkably life-like. These spindles have served as
fruitful experimental material for many laboratories, as will be described in later chapters of this book.
Another productive approach to spindle biochemistry was based on the use of labeled antibodies,
which could identify and localize specific spindle components. Some investigators raised antibodies to
proteins of interest, such as MT-associated proteins (MAPs) or motor enzymes and looked by indirect
immunofluorescence to see whether these molecules were present in spindles [95–97]. This approach
did, however, lead the field on some false trails, because the spindle contains a very large number
of proteins, not all of which are functionally significant for mitosis. For example, the muscle protein,
actin, appears to be a major spindle component [97], but later work showed that most spindle actin is
monomeric; fibrous actin, which is more likely to be of mechanical importance, lies largely outside
the spindle [98]. Nonetheless, the discovery through immuno-fluorescence that gamma-tubulin
is localized at spindle poles [99] and that the minus end-directed motor, dynein, is localized to
mitotic kinetochores [100,101] are examples of discoveries that opened a wealth of opportunities for
experimentation, many of which will be discussed in other chapters. In summary, however, this rather
targeted approach to component identification did not have the power necessary to reveal important
but previously unknown spindle parts.
Substantial progress in the identification of spindle components was made serendipitously
through the discovery that certain auto-immune syndromes in humans led to the production
of antibodies that bound to unknown spindle components localized at intriguing sites, such as
kinetochores [102]. The potential value of these antisera was recognized by several students of spindle
structure, but it was the chromatin structure group at Johns Hopkins, led by Bill Earnshaw and
Don Cleveland, that first capitalized on these sera as tools to identify centromere and kinetochore
proteins [103]. This work produced a series of important papers in which centromere proteins
(CENPs A–F) were identified as specific polypeptides. The significance of some of these proteins for
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mitosis was implied by the failure of mitosis following injection of these antibodies into mitotic
cells [104]. CENP-A was purified and identified as a histone-like protein by the clever use of
spermatozoa as a cell type that retains this protein, even as histones are removed to permit chromatin
transport in a compact sperm head [105]. CENP-A and other kinetochore components identified in
this way have become central players in mitotic function, as will be discussed in later chapters.
6. Spindle Genetics as a Route to Understanding Mitotic Mechanism
Students of mitosis have long hoped that genetics would provide deep insights into the
functionally significant components of the mitotic spindle. Hints supporting this hope came
occasionally from the communities that studied organisms suitable for classical genetics, e.g., fruit flies.
Mutants with interesting mitotic phenotypes were occasionally reported, e.g., some alleles of the
claret locus, which is important for Drosophila eye color. These mutants included the phenotypes of
abnormal mitoses in early embryonic cells [106] and of meiotic chromosome loss [107]. The reason for
the surprising coupling of eye color with mitosis remained obscure for many years. It was only with
the cloning of both the DNA around the claret locus and the gene for Drosophila kinesin that it became
clear that this claret allele included a deletion of DNA from an adjacent gene, which encoded a motor
enzyme important for mitosis [108].
Some workers sought mitotic mutants in normally diploid organisms by taking advantage of
their biology. Ostergren used radiation mutagenesis of lilies and a screen for cells with aberrant
mitosis during the brief haplophase that follows meiosis, but although he collected many such strains,
the molecular tools need to analyze them were not available, so little progress resulted [109]. Likewise,
students of fly biology sought male sterile meiotic mutants, maternal effect embryonic lethals, and late
larval lethals in an effort to identify mutations affecting chromosome behavior and cell division.
These mutants identified genes whose wild-type functions are important for chromosome condensation
and integrity, for the progression of nuclear and centrosomal cycles, and completion of chromosome
segregation. [110,111], but they did not cast light on mitotic mechanism. With only a genetic locus and
a phenotype as guides, it was impossible to see mechanistic connections between mutant and wild
type mitosis.
A full scale genetic assault on mitosis, and on cell cycle regulation more generally, did not
occur until Hartwell began his screen for temperature sensitive (ts) mutants of the budding
yeast, Saccharomyces cerevisiae [112] and Nurse pursued the same strategy with the fission yeast,
Schizosaccharomyces pombe [113]. Meanwhile, Morris undertook an analogous screen for ts mutants in
Aspergillus with a specific focus on those with an aberrant mitosis [114], and Yanagida sought mutants
of S. pombe that would pertain specifically to mitosis. His lab achieved singular success through
the study of strains that drove a septum inappropriately through an undivided nucleus, the “cut”
mutants [115]. Other students of yeast biology looked for mutations that led to an increased frequency
of chromosome loss. These “chromosome instability” (CIN) mutants again identified genes important
for high fidelity mitosis [116]. With the advent of DNA cloning for fungal genes by reversion of
mutants to the wild phenotype through transformation with a library of wild type DNA, it became
possible to learn the DNA sequences of genes whose mutation had led to mitotic failure. In this way
both Morris’s lab and those of Rose and Hoyt discovered “pioneer” sequences of genes important
for successful chromosome behavior in A. nidulans and S. cerevisiae. The mechanistic significance of
several of these mitotic mutants became evident upon the cloning and sequencing of the gene for
kinesin from Drosophila melanogaster [117]. Numerous fungal mutants with mitotic phenotypes could
now be recognized as mutations in a family of MT-dependent motors that played important roles in
the formation and function of mitotic spindles and related processes, such as karyogamy (the coming
together of gamete nuclei to form a diploid nucleus). These genes and their analysis will be described
in later chapters of this book.
The ability to clone mutant genes in fungi with comparative ease led to an amazing spate of
progress in identifying key molecular functions important for mitosis. Kinases that regulate the activity
of both centrosomes and kinetochores were found in each of the organisms studied. Genes whose
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products were essential for chromosome attachment to the spindle and for centrosome duplication were
discovered and analyzed. Among the most important discoveries made through a genetic approach
was the identification of proteins that provide key functions in the spindle’s system of quality control,
the “spindle assembly checkpoint”. As discussed in Chapter 5, clever genetic screens identified several
proteins that contribute to a system that delays anaphase onset until the chromosomes are properly
attached to the spindle [118,119]. Additional progress was made through a marriage of biochemistry
with molecular and genetic approaches, as in the work by the Kilmartin, lab, who workers isolated
both spindles and the “spindle pole bodies” (SPBs), which are the centrosomes of budding yeast,
followed by a combination of raising antibodies and screening libraries to identify genes and gene
products that were components of these important mitotic structures [120]. With the more recent
rise of genome sequencing and mass spectroscopy researchers in mitosis have come to possess what
is probably a complete “parts list” for the mitotic machinery of small cells. Again, this work will
be reviewed in later chapters. In sum, the emergence of modern molecular technology has made a
dramatic difference to the information about mitosis that can be gleaned from genetics.
7. Insights into Mitotic Mechanism from Studies of Mitotic Physiology In Vivo
Early cytologists described the structures and organelles involved in spindle assembly and
function based on correlations between fixed and living cells. As they achieved greater clarity in the
descriptions of mitotic events, they realized that an understanding of underlying mechanisms would
require experimentation. Their investigations were supported by the development of companion
technologies such as micromanipulation, microinjection, and fluorescent labelling of spindle molecules,
all employed with a new mindset of reaching into the cell to perturb the mitotic process.
a. Experiments on Kinetochores. Improved microscopy enabled descriptions of both localized
and diffuse kinetochores, as seen in certain insects [121]. Experimental work using X-rays to
fragment chromosome [122,123] provided direct evidence for the role of kinetochores in spindle
attachment and chromosome segregation. X-ray induced fragmentation of chromosomes with
localized kinetochore produced multiple fragments, only one of which contained a kinetochore.
This fragments attached to the spindle and moved normally, but the fragments that lacked a
kinetochore failed to attach and were lost at subsequent divisions [124]. By contrast, chromosomes
with diffuse kinetochores were connected to spindle fibers by the entire poleward surface of
each chromosome. X-ray-induced fragments of these chromosomes retained kinetic capacity;
regardless of how small the pieces became, each chromosome fragment was pulled to opposite
spindle poles by its associated kinetochore fibers [123]. This work established the importance of
kinetochores in chromosome motion.
b. Observations and Experiments on Chromosome Movements. Some diversity in anaphase was
discovered by quantitative descriptions of chromosome movements in living cells. Changes in
spindle length and kinetochore separation revealed two phases of chromosome movement [25,125].
One involved the shortening of chromosomal fibers, the other an elongation of the spindle with
consequent chromosome movement. Early descriptive work revealed variation in the extent to
which organisms relied on Anaphase A or B. Some used only Anaphase A (Tradescantia) and
some only Anaphase B (Primary spermatocytes of the Aphid, Tamalia [125]). Some cells used both
though separated in time (Secondary spermatocytes and embryonic cells of the Aphid, Tamalia;
Hemiptera and Homoptera; [125]), and others used both anaphase mechanisms overlapping in
time and therefore difficult to distinguish (grasshoppers; chick tissue culture cells [25]).
The two phases of anaphase were experimentally distinguished by their responses to chemical
inhibition; chloral hydrate blocked anaphase B but not A [125]. In a different approach, Brinkley
and colleagues [126] noted that low concentrations of colcemid had little effect on kinetochore fibers,
but non-kinetochore spindle fibers were lost, resulting in a monopolar spindle. Other investigators
exposed cells to hypertonic media, X-rays, or elevated temperatures and studied the abnormal
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anaphase configurations that arose as a result of cross-linked chromosomes (e.g., [127,128]). Following
these perturbations, the forces that would normally have pulled chromosomes to the poles now
pulled the spindle poles together, suggesting that chromosome-to-pole forces were stronger than the
forces driving spindle elongation. The failure of these spindles to elongate correlated with a delay or
absence of cleavage furrow formation, providing some of the first evidence that furrow formation is
linked to the spindle. These and similar observations promoted the view that spindles comprised two
components: the chromosomal fibers that pulled chromosomes poleward, and the spindle body that
could elongate, pushing the spindle poles apart, indirectly moving the pole-attached chromosomes.
Early studies of spindle dynamics using polarized light were paralleled by detailed studies of
chromosome behaviors in living cells using improved phase contrast optics and later, differential
interference microscopy. The major features of chromosome movements during cell division
were distilled from observations of plant endosperm divisions (Reviewed in [59]), as well as
spermatocyte divisions in crane fly [128], grasshoppers [129,130], mantids [131], and phasmids [132].
In general, chromosomes moved along the curvature of the spindle, parallel to the spindle long axis.
These movements are irregular, with occasional pauses and reversals of direction, but they are always
directed towards one or the other spindle poles, and are always progressively becoming more centered
on the equator of the spindle at metaphase. At anaphase, chromosomes separate, marking the end of
metaphase, and move poleward, continuing on paths parallel to the interpolar spindle. These motions
are independent but are far more coordinated than prometaphase motions. In both prometaphase and
anaphase, localized kinetochores were seen to direct the independent movements of chromosomes.
c. Chromosome Pulling Forces Were Detected in Prometaphase. Descriptions of chromosome
behavior in a variety of meiotic cells revealed a “pre-metaphase stretch” in which the distance
between kinetochores on homologous chromosomes was greatly extended by action of the
spindle [131,132], e.g., mantids and phasmids (Figure 18). This pre-metaphase stretch was
followed by the gradual re-contraction of chromosomes and a resumption of normal prometaphase
congression. Notably, the timing of the stretch and the resumption of congression were
asynchronous on adjacent chromosomes, implying that mitotic forces acted independently
on individual chromosomes. Taken together, these studies suggested the autonomy of
chromosome movements during mitosis, eliminating models of collective transport by the spindle.
These observations contributed to the rise of traction fiber models, in which kinetochores and
their associated chromosomes were pulled individually towards the spindle poles to which they
were attached.
Figure 18. Typical pre-metaphase stretch of bivalent chromosomes in Stagmomantis carolina, a mantid.
The kinetochores of homologous chromosomes are pulled far apart during Meiosis I in this species.
14 = early prometaphase, 15 is later. From Hughes-Schrader, 1943 [131]. With permission from the
University of Chicago Press.
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d. Physical Perturbations of the Spindle as a Whole. Some of the most convincing evidence for the
existence of chromosomal fibers in vivo came from experimental manipulations of dividing cells.
The centrifugation of mitotic cells distorted the spindle [121], stretching it [133] and/or severing
chromosome attachment sites [134]. These perturbations also separated anaphase spindles into
two half spindles, showing that chromosome-spindle pole attachments were strong enough to
resist the centrifugal forces that distorted bivalent chromosomes. Centrifugation experiments
further suggested a gel-like mechanical texture of the spindle.
The nature of this gel and of chromosomal fibers was further studied by the reversible
application of hydrostatic pressure [49]. Pease found that progressive increases in hydrostatic
pressure (e.g., 2000 to 6000 psi) progressively reduced the rate of anaphase chromosome movement,
culminating in its complete cessation. Indeed, Pease provided early evidence for a functional
linkage between the presence of a spindle gel structure and chromosome movement. When the
rigidity of the fibrous spindle was reduced at elevated hydrostatic pressures, chromosome movement
ceases. Remarkably, however, after a release of hydrostatic pressure, spindle fibers reassembled and
chromosome movement restarted. Pease proposed that forces are imparted to the chromosomes by
two phase transitions: a sol to gel transition, which added spindle fiber material and a solation of
chromosomal fibers, which occurred at the spindle poles.
Quantification of spindle birefringence under various physical and pharmacological conditions
provided key insights into the reversible assembly of the mitotic spindle (reviewed in [135–137]).
A sharp dependency of spindle birefringence on temperature suggested a low energy bonding
between aligned subunits of the birefringent spindle fibers and provided compelling evidence for
the self-assembly of fibers at physiological temperatures [135]. Inoue and Sato [135] proposed the
dynamic equilibrium model of spindle assembly in which aligned subunits forming birefringent
spindle fibers were in equilibrium with a pool of unaligned, non-birefringent subunits. Consistent with
Inoue’s equilibrium model, Edwin Taylor [138,139] showed that the protein synthesis required
for spindle assembly is completed well before the onset of prophase. However, neither an
appreciable loss of kinetochore fiber birefringence nor the predicted transient acceleration of poleward
chromosome velocity in anaphase was observed upon the rapid cooling of crane fly or grasshopper
spermatocytes [140].
In eggs of the marine worm, Chaetopterus, the metaphase-arrested spindle is attached to the
egg cortex. When spindle MTs were depolymerized by exposure to cooling, colchicine or high
hydrostatic pressure, the spindle shortened, transmitting forces along the chromosomal fibers to pull
the metaphase chromosomes closer to the cortex [141]. Moreover, reversal of treatment, which allowed
the repolymerization of spindle fibers, pushed chromosomes away from the cortex. Taken together
these studies provided the first physiochemical evidence for a link between the reversible assembly of
spindle fibers and force production for chromosome movements. The dynamic equilibrium model was
later revised, based on the understanding that spindle birefringence is due largely to MTs and that
spindle MTs self-assemble from a pool of tubulin subunits [142,143].
e. Local Perturbations of Spindle Structure and Function. Experiments with microbeams of
ultraviolet (UV) light raised provocative questions about the nature of MT dynamics and the
roles of MTs in chromosome movements. Forer [144] reported that UV microbeam irradiation of
chromosomal fibers in crane fly spermatocytes at metaphase produced localized “areas of reduced
birefringence” (ARBs). ARBs subsequently moved poleward, even while the chromosomes
remained aligned at the metaphase plate. Such observations indicated that chromosomal fibers
were not static and suggested a continuous poleward flux of materials within the chromosomal
fiber (Figure 19). Moreover, in anaphase, Forer reported variability in the impact of ARBs
on chromosome movement [144]. Two thirds of the time, chromosome to pole movements
ceased when irradiated fibers contained ARBs. One third of the ARBs, however, had no impact
on chromosome movement. Moreover, two thirds of irradiated fibers did not develop ARBs,
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yet chromosome to pole movements were blocked as frequently as when an ARB formed.
Forer interpreted these results to mean that chromosomal fibers contained two components:
birefringent MTs, which neither produce nor transmit the forces required for chromosome
movements, and a non-birefringent element that was required for traction the forces that pulled
chromosomes poleward in anaphase A. Electron microscopy later confirmed that in at least
some experiments, MTs within the ARBs were severed and/or depolymerized [145,146]. Forer’s
complicated results from anaphase spindles have never really been explained.
Figure 19. A crane fly spermatocyte irradiated during metaphase. (A1) autosomes labeled with arrow;
(A2,A3) the position to be irradiated is indicated by a bracket; (A4) UV = the ultraviolet irradiation;
(B1,B2,B3,C2) The position of the area of reduced birefringence (on the chromosomal fiber of the
left bivalent) is indicated by a bracket; (B2) the autosomes labeled with arrows. The times of the
photographs in minutes relative to the time of irradiation. A1, −11; A2, −7; A3, −5; A4, −0.5; B1, +2;
B2, +2.5; B3, +6; B4, +7; C1, +10; C2, +14.5; C3, +18.5; C4, +19.5. The area of reduced birefringence moved
to the pole, and did not displace the pole when it arrived there. From Forer, 1966 [144]. This image is
displayed under the terms of a Creative Commons License (Attribution-Noncommercial-Share Alike
3.0 Unported license, as described at http://creativecommons.org/licenses/by-nc-sa/3.0/.
With regard to spindle MTs that did not attach to kinetochores, a subset of these MTs from
opposing poles were found to interdigitate at the spindle midzone (see above); these fibers
exhibit even greater stability than was found with the fibers connected to chromosomes [147].
Experiments showed that this interpolar bundle was under compression from the forces pulling
chromosomes poleward; when the bundle was severed by a UV microbeam, the spindle of a diatom
collapsed [145]. Much progress has recently been made in understanding the organization and force
production associated with the zone of overlap at the spindle equator, as discussed by Scholey et al.,
this volume [148].
f. Studies on MT Dynamics in Vivo. Salmon and coworkers [149] microinjected high concentrations
of colchicine into dividing sea urchin eggs, blocking spindle MT polymerization, and allowing the
rate of depolymerization to be measured. A rapid decrease in birefringence (BR) reflected the
disappearance of non-kinetochore MTs, while kinetochore MTs were again differentially stable
(Figure 20). Surprisingly, the calculated rate of depolymerization (180–992 dimers per second)
was significantly faster than predicted from the in vitro parameters of tubulin dynamics. It was,
however, consistent with a significantly different, “dynamic instability” pathway concurrently
proposed for MT behavior [150]. At about the same time, several investigators capitalized on
photobleaching, as well as on the incorporation of injected tubulin and a specially labeled tubulin,
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using fully functional tubulin “analogues” to interrogate the pathways of tubulin assembly and
disassembly during mitosis and the mechanistic basis of chromosome movements [151–153].
Figure 20. Changes in spindle birefringence (BR) in the half spindle as measured by a video spot meter.
(a) Tracing of the chart record of the video voltage following injection of colchicine (0.2 mM) into a
first division metaphase cell. The characteristic time, Δτ, of nonkinetochore MT depolymerization
is measured by the time between the onset of BR decay and the time where the video voltage
decreases to 10% of the initial value. The line is a first-order decay curve for k = 0.092. Spindle BR is
normalized by the initial value at the time of injection; (b) Comparison of the rate of disappearance
of normalized spindle BR after 1.5 mM intracellular colchicine injection with the normal rate of
half-spindle disassembly at late anaphase. From Salmon et al., 1984 [149]. This image is displayed
under the terms of a Creative Commons License (Attribution-Noncommercial-Share Alike 3.0 Unported
license, as described at http://creativecommons.org/licenses/by-nc-sa/3.0/.
In particular, fluorescence recovery after photobleaching (FRAP) experiments in sea urchin
spindles in vivo revealed two phases of fluorescence recovery: a fast phase, reflecting a quick turnover
of tubulin within the labile polar MTs (t1/2 = 19 s), and a slow phase associated with the comparatively
stable kinetochore MTs (t1/2 = 60–90 s [153]). Moreover, photobleached bar patterns positioned within
the half spindle showed no evidence for directional, poleward movement during the rapid recovery
phase, indicating that poleward flux of unbleached subunits incorporated at the dynamic MT plus
ends was not the mechanism by which fluorescence was recovering [154,155]. Instead, the fast recovery
was explained by the dynamic instability of polar MTs.
In complete agreement with FRAP analyses, the incorporation of labeled tubulin injected into
mammalian cells also show that non-kinetochore MTs quickly become fully labeled (<1 min) following
the injection of fluorescent or biotinylated tubulin, while kinetochore MTs were not completely labeled
a full 10 min after injection [156]. Further analysis of tubulin incorporation determined the sites
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of insertion, and removal, of tubulin subunits in the more stable kinetochore MTs, and identified
a poleward flux of tubulin within kinetochore MTs [156,157]. Of particular note, Mitchison [157]
developed a caged fluorescent tubulin that could be activated by a focused beam of UV light
to turn on fluorescence in a narrow bar across mitotic spindles in vertebrate cells. Over time,
the fluorescent bar moved toward the spindle pole, demonstrating a poleward flux of kinetochore
MTs and their disassembly at spindle poles (Figure 21). These results added yet another layer of
dynamics to kinetochore MT assembly with implications for the polar linkage of kinetochore MTs,
as well as a potential mechanisms of force production that could power chromosome movement or
the spindle elongation.
Figure 21. Phase-contrast and three fluorescence images of the cell to be analyzed. Times relative
to photoactivation are (from left to right): 418, 5, 429, 674 s. Pole to pole distance = 18.8 μm.
From Mitchison, 1989 [157]. This image is displayed under the terms of a Creative Commons License
(Attribution-Noncommercial-Share Alike 3.0 Unported license, as described at http://creativecommons.
org/licenses/by-nc-sa/3.0/.
g. Investigating Spindle-Chromosome Interactions by Micro-Manipulation. In a classic series of
studies, Nicklas and coworkers used the tips of fine microneedles to tug on chromosomes in
grasshopper spermatocytes and characterize their attachment to the meiotic spindle. They showed
that chromosome-attached spindle fibers were essentially inextensible, that they were bound
to the rest of the spindle near the pole, and that they were readily displaced, either laterally or
toward the pole, without losing their chromosome attachment; moreover, each chromosome was
quite independent of its neighbors [158]. Each chromosome behaved like a pendulum suspended
by a thin wire and free to swing from a pivot point at the spindle pole. The chromosomal fiber
was stiff under tension but flexible to compression and bending. Nicklas further demonstrated
that during prometaphase and metaphase chromosomes could be detached from their fibers
by repeated tugging with the needle. Once released from the needle, they would reattach to
the spindle (See Supplementary Movie 1). In contrast, chromosomes in anaphase could not be
detached from their fibers, despite great effort. The segregation of chromosomes following these
micromanipulations was indistinguishable from that in control, unmanipulated cells.
Begg and Ellis [159] extended these observations, relating the mechanical connection between
spindle and chromosome to the associated birefringent fiber. By selectively manipulating the
chromosomal fiber they confirmed that this structure was attached to the chromosome. They showed
that colchicine treatment abolished both the visible birefringent fiber and the mechanical connection
between the chromosome and the spindle. During anaphase, if an already segregating chromosome
was pushed poleward in advance of its neighbors, the birefringence of the associated kinetochore fiber
was greatly reduced, presumably due to distortion of the fiber and the splaying of its MTs. Intriguingly,
the splayed fiber remained intact and continued to shorten, as inferred from the eventual resumption
of poleward movement by this chromosome in concert with its neighbors. These observations
provided early evidence that the regulations of spindle-generated force and the mechanical linkage
between spindle and chromosome changed at anaphase onset. During prometaphase, a kinetochore
fiber that was not subjected to tension was unstable, and the linkage to the spindle could be
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lost as the chromosome reoriented. The onset of anaphase stabilized the chromosome’s spindle
attachment, even though the chromosomal fiber was shortening. Indeed, the coupling between force
production and mechanical linkage appeared to be fundamental to proper chromosome orientation
and segregation [160,161].
Nicklas next interrogated the process of kinetochore orientation and reorientation during
prometaphase [161]. Chromosomes were detached and monitored during reattachment. (For a visual
description of this process, see Movie 1 in Supplementary Material. This video was made from an
original film recording made by Nicklas and kindly donated for use in this review.) The results showed
that kinetochore orientation was the primary determinant of the spindle pole to which that kinetochore
would reattach. Regardless of where a detached chromosome was placed, the kinetochore interacted
preferentially with the pole it most nearly faced. Second, once one kinetochore oriented towards a
pole, the sister kinetochore was constrained to face the opposite spindle pole, as a consequence of
chromosome structure. The bipolar configuration of each kinetochore favored the bipolar attachment
of chromosomes.
Early in prometaphase, as chromosomes begin to engage with the spindle, kinetochore
position and orientation are disorganized; almost any arrangement of kinetochore-MT interactions
can be found (reviewed in [162]). Some of these initial arrangements result in inappropriate
attachments between chromosomes and the spindle, e.g., sister kinetochores attached to a single pole.
These attachments must be aborted and corrected for the spindle to accomplish proper chromosome
segregation [158,160,161]. To study such reorientations, Nicklas and Koch [160] capitalized on
their ability to induce chromosomal mal-orientations by micromanipulation. Chromosomes were
detached, then bent and reoriented, so both of their kinetochores pointed towards and then attached
to the same pole. This unipolar attachment resulted in an initial poleward movement of the
mal-oriented chromosome, followed by a reorientation of one or the other kinetochore, so it faced
the opposite pole, leading to a stable bipolar orientation (all visible in Movie 1). Reorientation
of the manipulated chromosome was indistinguishable from the reorientations of spontaneously
occurring mal-orientations. The manipulated chromosome, together with neighboring, unmanipulated
chromosomes, entered anaphase and segregated normally during cell division.
Since the spindle is applying tension to a chromosome when it is in a bipolar orientation, with
sister kinetochores being pulled in opposite directions, Nicklas and Koch tested whether tension was
the stabilizing factor in chromosome orientation. Tension was applied by using a microneedle to
pull against the two kinetochore fibers of a mono-oriented chromosome, imitating the tension that
would normally have been provided by each kinetochore’s attaching to the opposite spindle pole.
Remarkably, applied tension induced stability in monopolar orientations, whereas control, monopolar
chromosomes reoriented in the absence of tension. The importance of tension was further supported
by experiments in which two chromosomes in monopolar orientations to opposite spindle poles where
interlocked [163]. The poleward forces on one chromosome pulled against the poleward forces on
the second chromosome, providing tension and stabilizing the interlocking configuration. In other
work, Nicklas and coworkers, correlated the reorientation behavior of mal-oriented chromosomes with
the distribution of kinetochore MTs [38,163–165]. Most MTs associated with a reorienting kinetochore
appeared to have disconnected from the pole, though they were only slightly rotated from their initial
orientations. Significantly, a few MTs did extend from the reorienting kinetochore towards the opposite
pole. The origin of this minor population of MTs has not yet been determined. It is not known whether
these MTs were captured from the opposite pole or initiated anew from the reorienting kinetochore.
This experimental work provided important evidence for a suggestion previously made by
Dietz [128] that chromosome orientation and reorientation is based on selection; chromosomes explore
multiple connections to the spindle, attaching and reattaching until a stable attachment is achieved.
The difference between stable and unstable orientations is a result of the tension generated by forces
acting to pull sister kinetochores toward opposite spindle poles. The stability of kinetochore linkage
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to the spindle is dependent on tension. The molecular mechanisms by which tension contributes to
stability remains a key unsolved piece of the mitotic puzzle.
h. Assessment of Spindle-Generated Forces. The first studies of mitotic force magnitudes
considered the relationship between chromosome size and velocity. These studies showed that
velocity was independent of size and thus of viscous load over a limited range. Chromosomes
varying more than 2-fold in size exhibit the same speeds in both prometaphase and anaphase [130].
Similarly, McNeil and Berns [166] showed in metaphase PtK2 cells that when a single kinetochore
is irradiated with a high powered laser, the unirradiated sister kinetochore transports twice the
normal amount of chromatin at the same velocity as a normal anaphase chromosome.
Nicklas [130] and Taylor [167] estimated the force needed to move a chromosome at the speeds of
mitosis through cytoplasm, whose viscosity they could estimate; both these calculations concluded
that only ~1 × 10−8 dynes (0.1 pN) was required for anaphase motions in either grasshopper or
newt cells. Subsequently, Nicklas measured the force an anaphase meiotic spindle could exert on a
chromosome whose movement was impeded by a calibrated microneedle [168]. The force required to
stop chromosome motion was 10,000 times greater than the force needed to overcome viscous drag.
Forces less than ~10−6 dynes (10 pN) had no effect on chromosome speed; greater forces slowed the
chromosome, with speed falling to zero as the opposing force approached ~7 × 10−5 dynes or 700 pN.
Moreover, Nicklas estimated that the tension forces on a prometaphase chromosome (0.5 × 10−5 dynes;
50 pN) are significantly higher than the forces required for normal anaphase (10−8 dynes; 0.1 pN).
The clear implication of these calculations and measurements was that spindles can generate far more
force than is necessary simply to drag a chromosome through mitotic cytoplasm.
One significant implication of these large forces is the existence of a mechanism to regulate
force production under normal conditions. Such a regulatory mechanism was also suggested by the
load independence of chromosome velocity. Thus, regardless of how hard the mitotic motor can
pull on a chromosome, the rate of chromosome movements is regulated, probably by kinetochore
MT assembly/disassembly. Meanwhile, changing the length of kinetochore MTs can determine
chromosome position [169,170]. Whether chromosome movements are powered by molecular motors
or by MT dynamics remains under active investigation.
i. Experiments to Investigate Chromosome Congression to the Metaphase Plate. Students of
mitosis have long recognized the importance of metaphase in establishing a uniform initial
condition for subsequent chromosome segregation. Numerous hypotheses were advanced for how
chromosomes are brought to the spindle midplane. A simple and important idea emerged from
the studies by Rashevsky [171], Hughes-Schrader [131], and Ostergren [172,173]: the poleward
force on a chromosome might increase with distance from the pole. Paired chromosomes would
then congress to the spindle equator because that position allowed the opposing forces to be
balanced. Considerable evidence supports this force-balance theory, including observations
on the consequences of upsetting the force balance. If sister chromatids are disconnected,
either naturally at anaphase or artificially at metaphase [174], the opposing forces are uncoupled
and each chromatid moves poleward. Similarly, a laser micro-beam can be used to destroy
one metaphase kinetochore, and the chromosome then moves towards the pole to which the
undamaged kinetochore is attached [166,175]. Thus, prometaphase and metaphase chromosomes
are clearly being pulled in two directions at once.
One way to unify the fact of opposing tensions and Ostergren’s force-distance hypothesis is
to suppose that the force applied to a kinetochore is proportional to the length of the kinetochore
fiber. Evidence for this proposition was found in naturally occurring multivalent chromosomes,
which were asymmetrically positioned on the metaphase spindle [176]. To test the force-length
relationship more rigorously, the metaphase positions of experimentally generated multivalent
chromosomes were analyzed in living grasshopper spermatocytes [177]. At metaphase, asymmetrically
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oriented, multivalent chromosomes lay closer to the pole to which the greater number of kinetochores
attached. The quantification of the fiber bundle lengths for the grasshopper multivalents supported
the hypothesis that the pole-directed force acting on a chromatid is linearly proportional to the
kinetochore-to-pole fiber length. In a follow up study, Hays and Salmon [178] used a microbeam to
ablate portions of a single kinetochore on metaphase bivalent grasshopper chromosomes. Irradiations
of a single kinetochore caused the chromosome to shift to a new equilibrium metaphase position closer
to the pole to which the unirradiated kinetochore was attached. After each experiment, the cells were
fixed and examined by electron microscopy to determine the MT numbers on both the damage and
the intact kinetochores. The greater the kinetochore damage, the fewer MTs remained, and the farther
the chromosome position shifted. Assuming a balance of forces on the chromosome at metaphase,
there was a direct correlation between the poleward force at the kinetochore and the number of
kinetochore MTs. These results are consistent with models of chromosome congression in which
the metaphase equilibrium position reflects a balance of forces. The results can be interpreted in
light of “traction fiber” models in which poleward force producers are distributed along the length
of kinetochore fiber MTs, or in the context of newer models in which kinetochore motors pull the
chromosome poleward along the kinetochore MTs and against a “polar ejection force” that increases in
strength towards the pole [179] (See also discussion below).
Polar-ejection, or “elimination” forces were originally discussed by Darlington [180] and
Ostergren [173]. They have subsequently been characterized by the movements of mono-oriented
chromosomes on monopolar spindles in which a single kinetochore fiber connects each chromosome
to the pole. The sister kinetochore lacks a spindle fiber and is inactive. If the only mitotic forces on
a chromosome were the poleward directed forces acting on kinetochores, then each chromosome
should be pulled all the way to the pole. This is not observed. Rieder and colleagues [179] found
that the positions of monopolar chromosomes and the oscillations they display are a result of both
the pole-directed forces on kinetochores and forces associated with the polar array of MTs that push
the chromosome arms away from the spindle pole. If the chromosomal arms are cut off by a laser
microbeam, then the free arms are expelled radially from the polar region, while the smaller kinetochore
fragment moves closer to the pole. Similarly, after cold or nocodozole treatment to depolymerize the
polar MTs, the polar ejection forces are reduced and the mono-oriented chromosomes are pulled closer
to the pole.
The molecular basis of the polar ejection forces and their potential regulation in vivo is a subject
of great current interest. Regardless of mechanism, the significant point is that the magnitude of force
is maximal near the spindle poles and decreases with distance from the pole.
8. Models of Mitotic Mechanisms
The significant and intriguing events of mitosis have inspired many generations of scientists
to speculate about the mechanisms that underlie chromosome segregation. At every stage in this
segment of intellectual history, theoreticians have used the information available to propose ideas
about the forces needed to cause chromosome motions. The earliest of these ideas were formulated
before anyone knew the physical nature of proteins and nucleic acids, so the hypotheses put forward
have in general not been helpful. For example, when looking at the spindles of marine eggs and
embryos, physicists were impressed by their similarity to the lines of magnetic force visualized by
iron filings or by probes of the electric field around a pair of fixed charges. Several models for mitosis
were proposed, based on these similarities, but none of them led to experiments that clarified mitotic
mechanism (reviewed in Wilson [15]). Other non-specific models based on colloids and exclusions
between “phases” were similarly unproductive.
Cytologists who watched mitosis in the cells of diverse organisms recognized at least two sites of
force generation: a “traction force” between the chromosomes and the poles to achieve anaphase A
and an extensive force between the poles to produce anaphase B. Ideas about the origins of these forces
depended on whether that scientist believed that the spindle fibers seen in fixed material were present
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in living cells. As Schrader pointed out in his essay “On the reality of spindle fibers” [121], one had
to believe that the fibers in fixed cells represented either a structural feature that was cryptic in live
material or lines of force produced by the spindle mechanism. The first ideas about mitotic mechanism
that channeled thought in useful ways were ones that assigned contractile properties to the apparent
connections between chromosomes and poles (summarized in [181]) and expansive properties to the
interpolar fibers, first discussed by Bělař [127]. Actomyosin was commonly invoked for the former and
an unknown fiber system for the latter. It was not until the quantitative study of spindle birefringence
by polarization microscopy and the discovery of spindle MTs by electron microscopy that spindle
modeling became specific.
Inoue and Sato [135] described a model for both chromosome to pole and pole-from-pole motions
based on a labile association of the subunits that formed spindle fibers. They posited a dynamic
equilibrium between soluble and assembled states of spindle subunits, using the formulation:
A0 − B  B (1)
where A0 represented the total amount of polymerizable material and B the amount in polymer at
any given time and temperature. A quantity proportional to B could be measured by polarization
microscopy, allowing a reformulation of the equation simply in terms of the observable quantity,
birefringent retardation (Г), where Г was assumed to be proportional to the amount of polymerized








where k was the constant of proportionality.
An equilibrium constant could then be computed directly from measured Г, since
Keq =
G
Gmax − G (3)
By measuring Г as a function of temperature and assuming that Гmax was a good estimate of
Г0, Inoue was able to estimate the Gibbs free energy, as well as ΔH and ΔS for the polymerization
reaction. This analysis showed that spindle formation was entropy driven and allowed estimates of
the force such a system could generate. However, this model for protein polymerization was hard
to relate to then current ideas about polymer assembly [182]. A reformulation of the data in the
context of normal polymerization reactions brought the initial interpretation into concurrence with
ideas about protein polymerization and was important advance [141]. Such in vivo experiments are,
however, subject to the concern that changing the temperature of a cell may affect processes other than
spindle birefringence, such as the concentration of free calcium ions or various important nucleotides,
as well as the properties of membranes. Nonetheless, the idea that MT assembly and disassembly
might be the source of forces for chromosome movement gained wide-spread attention and favor,
dominating the field for several years.
Alternative views were provided from several sources. Some scholars were staunch supporters
of the idea that actin and myosin were likely to be the sources of all intracellular motions, mitosis
included. Arthur Forer supported this view by experiments that implied a lack of correlation between
spindle birefringence and the ability of spindles to exert forces on chromosomes [183]. He went on
to find evidence for actin in spindles, a view supported by later work with immunofluorescence.
Subirana developed an hypothesis for how spindle fibers, e.g., actin, might interact with matrix
components through a mechanochemical enzyme, such as myosin, to push these fibers through
cytoplasm in directions defined by their intrinsic polarity [184]. However, a substantial body of
work with both actin inhibitors and probes for actin localization has largely discredited this point
of view. Actin and related proteins may play roles at some sites of spindle force generation, such as
some kinetochores during spindle fiber attachment [185]. Moreover, in very large spindles there
27
Biology 2016, 5, 55
is now compelling evidence that actin contributes to the gathering in of chromosomes during
prometaphase, facilitating subsequent attachment of kinetochores to spindle fibers [186]. Other than
that, most thinking about mitotic forces has focused on MTs.
Following the discovery of axonemal dynein [187], investigators realized that MT-dependent
ATPases could be the major source of mitotic forces. One model explored the possibility that forces
for chromosome motion were generated between spindle MTs by a dynein-like motor enzyme [48].
This proposal considered chromosomes simply as passengers attached to a subset of spindle MTs.
The model was sufficiently specific that the authors found only one set of MT orientations that would
allow a single motor to accomplish the then known functions of mitosis. While the idea was attractive
and widely considered, the model’s assumptions about spindle MT polarity were subsequently shown
to be wrong [56,57,188]. The idea of motor-driven interactions between MTs as a mechanism for
anaphase B has persisted in a useful way, as discussed in Scholey et al., this volume [148], but as a way
to achieve anaphase A and other aspects of chromosome motion, such as congression to the metaphase
plate, this model must be dismissed.
With the discovery of kinesin and its role in vesicle motion, motor enzymes re-entered
mitotic modeling with the postulate that kinetochores might be sites of motor localization,
allowing chromosomes to move over spindle MTs in an active way. This important innovation
was a departure from the longstanding idea that chromosomes were simply passengers for whatever
mitotic force generators might exist. Mazia expressed this view most lucidly with the adage that “the
role in mitosis of the chromosome arms, which carry most of the genetic material, may be compared
with that of a corpse at a funeral: they provide the reason for the proceedings but do not take an active
part in them” [189]. With advances in the genetics and molecular biology of yeasts and fruit flies,
it became clear that cells contain a large repertoire of kinesins and dyneins, so there was no dearth of
motors to help chromosomes move. As the kinesin super-family grew in size and as it was realized
that even a simple yeast cell made five or more kinesins, as well as a cytoplasmic dynein, the ideal of a
simple model for mitosis faded rapidly. Data on motor localization demonstrated that there were force
generators at kinetochores, on chromosome arms and poles, on spindle fibers, in asters, and at the cell
cortex. The question became one of learning how much each of these motors contributed to each kind
of chromosome motion. These issues are discussed in later chapters of this book.
As the polymerization behavior of tubulin was elucidated by experiments on purified components
in vitro, the idea of MT dynamics as an origin for mitotic forces resurfaced in a new and exciting
form. One of the most innovative models was based on the fact that MTs at apparent polymerization
equilibrium are actually at steady state; they can polymerize at one end and depolymerize at the other,
making individual polymers into treadmills [190]. While this property might appear to violate the
second law of thermodynamics, no such problem is encountered, because the system is driven by
hydrolysis of the GTP bound to tubulin during its polymerization. This model envisioned kinetochores
as sites of MT attachment that were able to allow tubulin addition during metaphase, so MTs could
treadmill poleward, losing subunits at the spindle poles. The kinetochore was endowed with the
capabilities of either allowing tubulin addition or not, so at anaphase onset it ceased to permit
polymerization and then followed the MT plus end as it was pulled poleward by tubulin loss at the
MT minus ends near the spindle poles. It is noteworthy that many complex aspects of MT dynamics
that have recently been observed with markers for MT movements are completely consistent with the
predictions of this model.
The discovery of dynamic instability [150] added further interest and complexity to the properties
of MT dynamics. One of the most important tasks of the mitotic spindle is to form stable attachments
with kinetochores such that sister chromatids are linked to sister poles. The behavior of dynamically
instable MTs led to an insightful model for the attachment process [191], which has subsequently been
developed in quantitative form by several groups [192,193]. Recent work on this important issue will
be discussed elsewhere in this book.
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Theoreticians of the 1980s were also interested in MT dynamics as a potential force generator,
so in spite of the lure of motor enzymes, several papers were published, developing this idea.
One of these explored MT (or actin) dynamics as a source of mechanical work, using principles
of thermodynamics [194]. Another analyzed a structural model for the attachment between spindle
MTs and the kinetochore, based on a “sleeve”, as suggested earlier by Margolis and Wilson [190],
that would surround the polymer end and provide a movable attachment between a kinetochore
and MTs as the polymers shortened [195]. Shortly thereafter, the Kirschner group obtained evidence
that depolymerizing MTs could retain their attachment to kinetochores in vitro [195]. These authors
suggested that this retention was sufficiently strong to allow MT depolymerization to generate the
forces necessary for anaphase A, either by a sleeve of the kind proposed by Hill or with a ring-like
structure that could surrounded the MT and ride a “conformational wave” that might be generated by
MT depolymerization [196].
These ideas received considerable support from subsequent observations, both in vitro and
in vivo. Members of the McIntosh lab demonstrated minus end-directed chromosome motion in vitro;
isolated chromosomes could follow the depolymerizing end of shortening MTs at physiological speeds
in the absence of soluble nucleotide triphosphates [197]. This and subsequent work by this and other
groups on the generation of force by MT depolymerization will be reviewed in a later chapter. It is
noteworthy, however, that the observations cited above made the experimental landscape of spindle
physiology remarkably complex. There is force generation by MT depolymerization, by motors of
the kinesin super-family, and by dynein, all present and active in the spindle. Modeling chromosome
motion is now a significant challenge. Future progress will require a painstakingly careful union of a
large body of facts about each cell type under consideration and a deep knowledge of the relevant
chemical physics.
Anaphase B, one the other hand, is enough simpler that several useful models for spindle
elongation have been put forward. Early work, formulated in the context of the idea that those spindle
MTs not connected to chromosomes were “continuous”, led to the straightforward proposal that
spindles grew longer simply by the elongation of their component MTs [135]. Following the discovery
that continuous MTs are rare, if they exist at all, and that the interpolar spindle is made from two
interdigitating MTs families, one emanating from each pole [34,198], the concept of spindle elongation
by motor-driven sliding of antiparallel MTs has been favored [199,200]. More recent and complete
work on spindle elongation in fruit flies has greatly extended and formalized those ideas with a
quantitative model that is a rigorous accounting of a considerable amount of structural, biochemical,
and physiological data, as reviewed in Scholey et al., this volume [148].
Knowledge about small spindles, such as those that form in yeast cells, is now sufficiently complete
that several groups are trying to formulate quantitative models with predictive power [201,202].
These models too will be addressed in subsequent chapters, but in summary we can say that our
knowledge of mitotic phenomenology is now sufficiently complete that the dream of a single “model for
mitosis”, cherished by many earlier investigators, is simply that: a dream. The biological significance of
mitotic events is sufficient that cells have invoked multiple mechanisms to achieve the goal of accurate
chromosome segregation. The book that follows is a testimony to the skill and hard work of a small
army of investigators who have contributed to our current understanding of the process. While no
simple model for mitosis is currently available, or perhaps ever will be, our thinking about the process
is becoming ever more precise, providing important new understanding about key molecules and
targets that may well advance our clinical treatments for human disease. We can plausibly hope that
the mechanisms now understood will comprise the framework for a deep understanding of mitosis in
the not too far distant future.
9. Conclusions
This chapter describes a remarkable series of advances in our understanding of a complex
and important biological problem: the mechanisms by which eukaryotic cells transmit a complete,
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undamaged genome to their daughters. The progress made reflects not only the skill, diligence,
and cleverness of many investigators, it shows how each generation of scientists has depended on both
previous progress in descriptions of natural phenomena and on the development of new technologies.
The small size and delicate structure of mitotic spindles has made them a “poster child” for the
importance of technological advances, first in microscopy, then in the intricate ways that genetics,
biochemistry, and molecular biology can cooperate to identify important functional components of
a complex process. In addition, however, the research on mitosis described here has demonstrated
the importance of mechanical processes in cell organization and physiology. We hope that future
generations of biologists will take note of this important aspect of cell biology.
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1. Introduction
The equal partitioning of replicated genomes into two daughter cells depends on the assembly
and function of a microtubule-based bipolar spindle, which can be several micrometers in size.
The assembly of this cellular structure involves multiple steps, including the breakdown of the
nuclear envelope, separation of centrosomes, organization of microtubules into a bipolar spindle, and
attachment of sister chromatids to microtubules from opposite spindle poles. Many of these steps
can be completed within minutes and may occur in parallel. The need for accurate chromosome
segregation is likely balanced against the requirement for the rapid completion of the process as
many cellular functions—including those that safeguard against damage of the genome—are largely
suppressed during cell division [1].
The idea that the assembly dynamics of filaments plays a key role in spindle function came from
the rapid and reversible responses to perturbation [2]. Following the identification of tubulin and
the characterization of its very rapid polymerization and depolymerization rates (which are on the
order of 10–50 μm/min), it became clear that tubulin’s properties are crucial for the fast timescales
of spindle assembly and chromosome segregation (reviewed in [3]). Additional studies analyzing
signal recovery after photo-bleaching of fluorescent tubulin incorporated into spindles revealed
rapid turnover (t1/2: ~20 s) of tubulin at steady state [4,5]. In the following years, other imaging
methods—including photoactivation of fluorescence and fluorescent speckle microscopy—confirmed
these fast dynamics of tubulin and also showed that microtubules flux poleward in many animal
spindles, a persistent motion at ~1–2 μm/min of the microtubule lattice towards each spindle pole [6,7].
These complex dynamics are likely to be the convolution of microtubule nucleation, directional
transport, and dynamic instability, which involves the co-existence of growing or shrinking filaments
and stochastic transitions between these two states [8].
At the start of cell division, the disruption of the interphase microtubule array can be abrupt, and
is associated with an increase in microtubule polymer levels, as well as an increase in turnover [9].
The interphase microtubule array is typically arranged around one organizing center. In dividing
cells, the separating centrosomes help organize two interacting filament arrays. Direct measurement
of the dynamics of individual filaments has revealed the specific changes in dynamic instability
parameters—including an increase in catastrophe frequency and the duration of depolymerization
events—as cells enter mitosis [10]. A recent study which tracked microtubule dynamics in 3-D showed
that the filament growth velocities in metaphase can be twice the interphase growth rates [11]. Together,
centrosome separation and these changes in tubulin polymerization dynamics help to assemble the
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bipolar spindle, which is comprised of three types of microtubules (Figure 1). First, kinetochore
microtubules link kinetochores to spindle poles, and directly contribute to chromosome motion.
Second, interpolar microtubules interact with microtubules from the opposite spindle pole, but do not
directly interact with kinetochores. These filaments help establish the spindle’s shape and mechanical
framework. Third, astral microtubules, which extend from each spindle pole to the cell cortex, help
orient and position the cell division apparatus.
Figure 1. The metaphase spindle. (A) Overlay shows tubulin (green) and DNA (blue) in a mammalian
cell. The cell was fixed and processed for immunofluorescence. Scale bar, 5 μm; (B) Schematic highlights
kinetochore (kMT), interpolar (ipMT), and astral microtubules. DNA: blue; kinetochore: red; tubulin:
green; centrosome: black circle.
The persistent and fast turnover of spindle microtubules suggests that this micrometer-scale
structure continuously rebuilds itself. The spindle not only maintains its shape, but can correct defects.
For example, when a microneedle is used to “cut” the spindle, it recovers its bipolar shape [12].
What is even more remarkable is that when two spindles are close enough to interact, they can fuse
to form a single spindle of the same size as the original individual spindles [13–15]. One might
assume that spindle size and shape are somehow intrinsically set by the biochemical components,
and therefore such repair and fusion are possible. However, this is not likely to be the case as spindle
size can change at different stages of development, when cell size reduces ~100-fold due to rapid cell
divisions without cell growth [16]. Variation in the size of spindles independent of changes in the
composition of the cytoplasm has been elegantly dissected in recent studies that combine the use of the
Xenopus egg extract system and microfluidics technology [17,18]. These studies show that spindle size
changes, comparable to those that occur during development, can be achieved by simply changing the
volume of the cytoplasm in which the spindle assembles. Together, these findings suggest that the
metaphase spindle is a dynamically self-assembling cellular structure that can autonomously maintain
its organization, but can also respond to external cues.
Genome sequencing, large-scale loss-of-function studies, and proteomics have essentially
identified all the proteins needed for spindle assembly in human cells. It is becoming clear that
spindle assembly depends on multiple—at least partly redundant—molecular mechanisms that can act
in parallel. A major challenge now is to unravel how this structure, which can be several micrometers
in size, is assembled by nanometer-sized proteins. For example, we need to understand how
simple geometric features, which can be 1000 times the size of the proteins required for microtubule
organization, are measured in dividing cells to regulate distinct functional outputs. In this review,
I discuss how metaphase spindles assemble, highlighting recent findings in the context of earlier work,
and focus mainly on cell division in animal cells.
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2. The Dynamic Architecture of the Metaphase Spindle
The metaphase spindle in animal cells is comprised of thousands of microtubules, whose densities
are so high that we cannot resolve individual filaments by standard light microscopy. Therefore,
insights into the architecture of the animal metaphase spindle have come from careful electron
microscopy studies, which have helped establish the polarity, spacing, and overlap of the different
spindle microtubule subtypes [19–21].
These electron microscopy studies revealed that kinetochore microtubules are organized in
bundles of ~25 filaments [20,22]. The minus-ends of these filaments are located close to the spindle
poles (within ~1 μm of the centriole), and the plus-ends interact with kinetochores [20]. While the
number of microtubules in a bundle can vary, it does not appear to be correlated with the direction of
chromosome motion [22].
The interpolar microtubules have minus-ends distributed away from the spindle pole (1–2 μm)
and have mean lengths of ~4.5 μm in cells with half-spindle lengths of ~5 μm, resulting in many
filaments extending past the spindle mid-plane [21]. Several bundles of two to six microtubules with
close spacing (~40 nm) can be observed during metaphase, and are likely to be precursors of the
microtubule bundles that persist during anaphase and become part of the central spindle. Interestingly,
antiparallel microtubules are more strongly associated than parallel ones [21]. These early studies
also revealed that interpolar microtubule minus-ends interact with kinetochore microtubule bundles,
forming a branched “fir tree”-type arrangement. Similar microtubule branching has been described in
other systems, including higher plants [23]. These early studies suggest that some of the interpolar
microtubules could be nucleated at sites distal to the centrosomes [21]—an idea supported by more
recent findings (see below).
Light microscopy-based analyses have revealed that the dynamics of kinetochore and
non-kinetochore microtubules can differ in two ways. First, the interpolar microtubule turnover
rate (t1/2: ~20 s) is more rapid than that of kinetochore microtubules (t1/2: ~420 s) [4,24,25]. Second,
the rate of poleward flux for kinetochore microtubules can be ~10% slower than that for interpolar
microtubules [26]. The biochemical basis of these differences is poorly understood.
The fast turnover of interpolar microtubules has raised the possibility that the lengths and
positions of individual microtubule filaments may not be accurately revealed by imaging methods that
require sample fixation. This may be a more significant issue in cases where these non-kinetochore
microtubules comprise ~95% of the total filaments, such as the large vertebrate meiotic spindles [27].
The EB (end-binding) proteins allow growing plus-ends of single filaments to be tracked in dense
networks, and have served as valuable probes to analyze microtubule organization in dividing
cells [28]. However, we lack reliable reporters to track single filament minus-ends in dividing cells.
The recently described CAMSAP/patronin proteins only selectively label microtubule minus-ends in
interphase cells, and other proteins (e.g., ASP) have only been shown to help locate the minus-ends
of microtubule bundles [29–31]. Therefore, analyses of microtubule distributions have relied on
indirect approaches, with many studies focusing on the metaphase spindle assembled in Xenopus egg
extracts. This cell-free system is particularly well-suited for these analyses, as it allows the addition
of reagents (e.g., fluorescent proteins) at selected concentrations as well as microsurgery (needle and
laser-based) [32,33].
Burbank and colleagues used fluorescent speckle microscopy to determine microtubule orientation
and fluorescent tubulin incorporation to localize plus-ends in metaphase spindles assembled in Xenopus
egg extracts [34]. These data indicated that the minus-ends of microtubules are distributed throughout
the spindle, with highest concentrations at spindle poles. A study from my laboratory—in collaboration
with the Danuser laboratory—analyzed the motion of single fluorescent tubulin molecules in the
metaphase spindle to examine microtubule organization [35]. Briefly, the poleward motion of
microtubules was found to be locally heterogeneous, with standard deviations in instantaneous
velocity of ~1 μm/min (~30% of the mean instantaneous velocity). Therefore, we hypothesized
that the correlated motion of two single fluorophores, aligned along the spindle’s long axis, would
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indicate that both fluorophores likely reside on a single filament. The distance between these two
fluorophores would be the minimum length of that filament. A mathematical model based on the
measurements of hundreds of such fluorophore pairs indicated that the most of the non-kinetochore
microtubules are shorter than the spindles’ half-length. In addition, our data indicated that these
relatively short filaments are distributed throughout the spindle, consistent with a tiled organization
of these microtubules in the metaphase spindle (Figure 2) [35]. Evidence for a tiled array of spindle
microtubules was also obtained from elegant electron tomography and 3-D modeling studies of
Caenorhabditis elegans oocyte meiotic spindles [36].
Figure 2. Metaphase spindle assembled in Xenopus egg extracts. (A) Overlay shows tubulin (red) and
DNA (blue) in a metaphase spindle assembled around demembraned sperm DNA. Rhodamine-labeled
tubulin was added to visualize microtubules, and Hoescht was used to stain DNA. Scale bar, 5 μm;
(B) Schematic for the spindle assembled in Xenopus egg extracts. Tubulin: green, thicker lines indicate
filament bundles; DNA: blue).
A more recent study combined microsurgery and quantitative fluorescence microscopy to analyze
spindle microtubule length and position in metaphase spindles assembled in Xenopus egg extracts [37].
In this study, a laser was used to rapidly cut thin (~0.1 μm) rectangular regions perpendicular to the
spindle’s long axis. The microtubule plus-ends generated by the cuts rapidly depolymerize, while
the new minus-ends persist. As there is antiparallel microtubule overlap, the fluorescence intensity
reduction due to filament depolymerization propagates towards each spindle pole. The relative ratios
of these reduced intensity regions can be used to determine the relative orientations of the microtubules
at the site of the cut. Using two laser cuts and a computational model, the authors estimated the
plus- and minus-end densities and the lengths of microtubules at different locations in the metaphase
spindle. These analyses revealed that microtubule lengths are exponentially distributed at all spindle
locations, with mean lengths being shortest near the poles (2 μm) and longest in the middle (13.7 μm).
Suppression of microtubule poleward flux removes this spatial variation in microtubule length
distributions, resulting in a mean microtubule length of ~7 μm. Remarkably, this mean length is similar
for microtubules nucleated in the cytoplasm, away from the spindle, by Tetrahymena pellicles [37],
or centrosomes [38]. Based on these data and other findings, the authors propose that microtubule
stability does not vary across the spindle, consistent with earlier single-fluorophore-based analyses [39].
Instead, they propose that spindle microtubule organization depends on the spatial variation of
nucleation—which is highest at the center of the spindle—and directional transport-dependent sorting
of microtubules [37]. Additional studies are needed to further test this model in different cellular
contexts and dissect where and how microtubules are nucleated during cell division.
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Together, these findings shed light on the dynamic architecture of the metaphase spindle. The more
stable kinetochore microtubule bundles extend from kinetochore to spindle pole [20]. The more
dynamic interpolar microtubules are likely distributed across the spindle in a tiled-array [34–37].
3. Micromechanics of the Metaphase Spindle
The earliest observations of cell division suggested that forces acted on chromosomes during
segregation [40]. The studies by Nicklas were the first to provide a direct measurement of these
forces [41]. He used force-calibrated glass microneedles to oppose the forces generated by the spindle to
move chromosomes during anaphase and found that in grasshopper spermatocytes nanonewton-scale
forces were needed to stall anaphase chromosome motion. Remarkably, these forces were 10,000-fold
greater than what was needed to move chromosomes, not attached to the spindle, in the cytoplasm of
the same cells.
Active forces which involve the conversion of chemical energy to mechanical work are generated
in the spindle by motor proteins and microtubule polymerization dynamics. Individual motor proteins
walking to the plus- or minus-end of the microtubules can generate forces on the order of ~5 pN [42].
Microtubule assembly and disassembly can also generate forces of comparable magnitude [43].
These active forces are balanced against each other, and against elasticity and friction, the passive
forces in the bipolar spindle. Here, I focus on some recent advances in our understanding of the
metaphase spindle’s micro-mechanical properties.
In principle, elasticity of the spindle can be related to that of microtubules, whose flexural
rigidity has been directly measured [44]. However, establishing a precise relationship between these
measurements of individual microtubules and those in the spindle requires an understanding of
the number of filaments in bundles, the number and type of crosslinks (e.g., do they resist relative
filament motion), and the properties of the surrounding medium. The major source of friction in the
spindle is likely due to the breaking of non-covalent bonds (e.g., between microtubules and associated
motor or non-motor proteins during motion). The magnitude of this resistive force increases with
the rate of motion. Valuable insights in to the viscoelastic properties have been gained through
analyses of cytoskeleton networks reconstituted with purified proteins [45–47]. However, unlike these
well-studied polymer networks, the spindle is anisotropic (e.g., microtubule orientation, microtubule
types, distribution of binding proteins) and the polymers are dynamic.
To directly probe the micro-mechanical properties of the metaphase spindle, my laboratory in
collaboration with the Ishiwata laboratory focused on bipolar spindles assembled in Xenopus egg
extracts [48–52]. There are no cell membranes in this system, and force probes can directly contact spindles
that “float” in the cytoplasm and are stable for several minutes. We first employed cantilever-based probes,
and found that the spindle’s response to small deformations was viscoelastic, and larger compression
resulted in more plastic responses [48]. This study, along with work from other laboratories [53,54], indicates
that spindles’ deformation response depends on the orientation of the applied force. In particular, we
found that ~4 nN force was needed to shorten the metaphase spindle by ~1 μm along its pole-to-pole
axis. Less force was needed to compress the spindle across its width [48]. These differences are likely
linked to the orientation of microtubules that mainly align with the spindle’s long axis.
The cantilever-based set-up was not well-suited for fluorescence imaging, and therefore we
switched to force-calibrated glass microneedle [50]. We devised a two-needle system with one stiff
needle (stiffness >50 nN/μm) that could be used to apply force and another flexible needle (stiffness
0.2–0.5 nN/μm) whose bending could be used to measure force. Both needles were passivated to
reduce non-specific associations with spindle components. These needles were inserted into selected
sites within the spindle, and forces were applied in different orientations. This set-up also allowed
us to apply forces across a wide range of timescales. This is important, as dynamics in the spindle
occur across a similarly wide range of timescales, with motor proteins stepping quickly (~10–100 ms),
turnover of interpolar microtubules occurring at intermediate timescales (~10 s), and kinetochore
microtubule turnover being much slower (~5 min).
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Our analyses revealed that the spindle’s response to deformations along the long axis is mainly
viscous [50]. Based on these measurements, we can estimate that a microtubule moving at the rate
of poleward flux would experience a frictional force of 10–20 pN/μm, suggesting that the active
force—likely generated by a few motor proteins—would be of this magnitude.
Along the spindle’s short axis, the response to deformation is a more complex timescale-dependent
combination of viscosity and elasticity [50]. The viscous response is highest on the timescale of tens
of seconds. Importantly, this timescale matches that of chromosome motion and suggests that the
deformation associated with the motion of a chromosome—which is large compared to the average
mesh size of spindle microtubules—would be dissipated locally with limited effect of the spindle’s
overall stability. The spindle’s response to deformations is more elastic at slower or faster timescales.
The elastic response to short-acting forces can be linked to interpolar microtubule mechanics, while
that to more persistent forces can be linked to kinetochore microtubule dynamics.
In a more recent study using force-calibrated microneedles that were not passivated (i.e., coated
to block non-specific interactions), we were able to stretch spindles by applying forces at each pole [52].
The spindle’s response to these forces can be described by a Zener-type model—the model that also
describes responses to forces along the spindle’s short axis [50,52]. The elastic stiffness and frictional
coefficients were 5–7-fold greater along the spindle’s long axis compared to the short axis. The next
major steps are to combine these measurements with biochemical perturbations to link the mechanical
responses to specific protein activities and dynamics.
A tensile element that is not comprised of microtubules referred to as the “spindle matrix” has
been hypothesized to play an important role in spindle assembly [55–57]. A variety of proteins
(e.g., NuMA (Nuclear Mitotic Apparatus protein) [58], Skeletor [59], and nuclear lamins [60]),
poly(ADPribose) [61], or endoplasmic reticulum (ER) membranes [62]) have been proposed to be
components of such a “spindle matrix”. A recent study has also revealed interesting biophysical
properties of a protein that may be associated with the spindle matrix, involving phase-transitions
to form liquid droplets [63]. Based on all these studies, it appears that many of these proteins, other
bio-polymers, or membranes may contribute to spindle organization in different systems. However,
a direct contribution to spindle mechanics has not been firmly established. Our studies directly probing
spindle mechanics [48,50], along with another study by Gatlin and colleagues [54], do not support the
hypothesis that a non-microtubules-based structure in the spindle makes a substantial contribution to
its overall mechanics.
4. Overlapping Mechanisms of Microtubule Formation
There are three major mechanisms for microtubule formation during spindle assembly.
4.1. Centrosomes as Sites of Microtubule Nucleation
The earliest models for spindle formation considered the centrosome—an organelle occupying
a central position in the cell—to be the organizing center for microtubules [40]. The centrosome is
comprised of two centrioles that organize hundreds of proteins to form the pericentriolar material,
which surrounds the centrioles. Evidence for the function of centrosomes as microtubule nucleating
sites came from studies with permeabilized mitotic cells and isolated centrosomes from mitotic
cells [64–67]. These studies also revealed that the centrosome matures (or “ripens”) upon mitotic
entry [66]. Consistent with cell cycle-dependent changes, centrosomes from mitotic cells were found to
generate ~five-fold more microtubules than those isolated from interphase cells [68]. This study also
showed that the capacity of the centrosome to nucleate microtubules does not depend on centriole
number [68]. It is now clear that the centrosomes are the major sites of microtubule nucleation in many
dividing cells (discussed in [19]).
The maturation of the centrosome involves the recruitment of additional pericentriolar material,
and depends on at least two kinases: Polo-like kinase-1 and Aurora A kinase. For example, it has
been proposed that Polo-like kinase-1 can help recruit pericentriolar proteins such as pericentrin via
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phosphorylation [69]. This kinase can also activate another kinase, NEK9, which in turn phosphorylates
NEDD1 to help recruit γ-tubulin to centrosomes [70]. It is generally accepted that the main microtubule
nucleator in cells is γ-tubulin, which functions with several associated proteins to form large
multiprotein complexes [71]. The functions and regulation of γ-tubulin complexes are discussed
in more detail below (see Section 8).
Early evidence indicated that microtubules—with plus-ends extending outwards—grow from
centrosomes with spherical symmetry [72]. This process would allow the microtubule plus-ends to
effectively “search and capture” kinetochores in the cytosol [72]. An interaction with the kinetochore
could stabilize the microtubule and over time, lead to the polarization of the microtubule array.
Direct evidence for this “search and capture” mechanism was obtained in vertebrate cells (newt lung
cells) [73]. This “search and capture” model for spindle formation has strongly influenced research in
the field. These studies revealed that additional—possibly redundant and overlapping—mechanisms
must also contribute to bipolar spindle formation and proper chromosome attachment.
Many lines of evidence have revealed that centrosomes alone are not sufficient for spindle
formation [74]. For example, experiments in unfertilized Xenopus oocytes showed that injection
of centrosomes alone did not promote microtubule aster formation [75]. Centrosomes induced
microtubule formation only when nuclei were also injected. In one key experiment, the nuclear
envelope was prematurely ruptured during prophase, and spindle assembly was examined in living
grasshopper cells [76]. Spindles formed rapidly under these conditions, but failed to form if the nuclei
or the centrosomes were microsurgically removed. Along with additional tests, these experiments
indicated that chromosomes and centrosomes are needed for spindle assembly in this system.
The importance of centrosome-independent spindle assembly is clear, as many cell types
(e.g., plant cells and oocytes from several species) divide successfully without centrosomes [74].
Multiple lines of evidence from different experimental systems indicate that bipolar spindles can
assemble without centrosomes in cells that normally have these organelles. For example, in Drosophila,
functional spindles lacking astral microtubules (i.e., anastral spindles) assemble in the presence of
mutations in proteins (asterless (asl) or centrosomin (cnn)) that disrupt centrosome function [77,78].
Remarkably, adult flies—albeit with some altered phenotypes (e.g., male sterility)—develop in the
presence of centrosomin mutations [78]. It should also be noted that studies in other animal models
(such as C. elegans) indicate that centrosomes are needed for bipolar spindle formation [79,80].
Probably the best evidence that functional spindles can assemble in somatic cells without
centrosomes was obtained from two different microsurgery-based experiments. In one study, a laser
was used to ablate the centrosome at the start of mitosis [81]. Bipolar spindles assembled with
normal morphologies and recruited spindle pole proteins (e.g., NuMA), but not centrosome-associated
proteins (e.g., γ-tubulin or pericentrin). Importantly, the kinetics of spindle assembly were similar to
that in cells with centrosomes. In another study, microneedles were used to cut an interphase cell to
generate a fragment that contained the nucleus, but lacked centrosomes [82]. These cell fragments
entered mitosis and assembled a morphologically-normal bipolar spindle that lacked centrosomes.
An important feature of these experiments is that centrosome-independent microtubule formation was
revealed without artificially raising tubulin concentration (e.g., by treating cells with a microtubule
depolymerizing drug or injecting additional tubulin), which may favor pathways that may not
contribute significantly at normal physiological tubulin concentrations.
4.2. The Roles of Chromosomes and Kinetochores in Microtubule Formation
Several lines of evidence suggest that the chromosomes are not merely passive cargoes, but play
a key role in assembling the bipolar spindle that will eventually segregate them. Among the first direct
tests of contributions of chromosomes to spindle assembly were the micromanipulation experiments
reported by Marek [83]. Chromosomes in spermatocytes from two different grasshopper species
were removed from the dividing cell or detached from the spindle and reintroduced at a later point.
The “volume birefringence” measured using polarized light microcopy provided an estimate of the total
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microtubule content before and after micromanipulation. These experiments revealed that the number
of microtubules in the spindle was proportional to the number of chromosomes. Nicklas and Gordon
confirmed these conclusions with electron microscopy-based measurements. They found that the total
length of spindle microtubules scaled with the number of chromosomes in the spindle [84]. In addition,
studies of microtubule nucleation by isolated kinetochores in vitro [85] and microtubule formation in
cells after recovery from treatments with chemical inhibitors of microtubule assembly [86,87] indicated
that kinetochores can promote the formation of microtubules. Together, these studies also led to
an important new hypothesis, that microtubule formation could be promoted by a diffusible signal
generated by kinetochores (Figure 3A) [87].
Figure 3. (A) Chromosomes (blue) generate signals to promote the formation of microtubules in their
vicinity; (B) A spindle assembled around chromatinized DNA-beads added to Xenopus egg extracts.
DNA: blue; tubulin: red. Scale bar, 5 μm.
A key finding was that DNA from various sources (including bacteriophage lambda) injected into
an unfertilized egg and assembled into chromatin could promote local microtubule polymerization [75].
These experiments indicated that chromatin—even in the absence of a kinetochore—was sufficient
to generate a signal that can promote microtubule formation. In parallel, micromanipulation studies
in grasshopper spermatocytes revealed that a single chromosome can induce the formation of
a mini-spindle [15]. Electron microscopy analyses indicated that only a small fraction (~4%) of
the total microtubules were kinetochore-associated, leading to the proposal that the chromosome—and
not just the kinetochore—contributes to microtubule formation. Evidence that chromosomes promote
microtubule formation in their vicinity also came from studies in Drosophila oocytes [88].
The Xenopus egg extract system allowed additional tests of the roles of chromosomes in
microtubule formation. Addition of demembraned sperm nuclei to egg extracts induced the formation
of microtubule arrays that were polarized towards chromatin [89]. Compelling evidence that chromatin
can induce spindle assembly in the absence of kinetochores or centrosomes came from a study using
plasmid DNA attached to beads (Figure 3B) [90]. DNA-coated micrometer-sized beads were added to
interphase extracts to induce chromatin formation. Upon transfer to M-phase extracts, these beads
induced the formation of microtubules that self-organized into bipolar spindles within minutes.
Evidence for chromosome-dependent microtubule formation in somatic cells, in the presence of
centrosomes, has come from studies in which proteins (i.e., HSET and NuMA) required for spindle pole
formation were inhibited [91]. Under these conditions, centrosomes dissociated from the assembling
spindle, and kinetochore microtubule bundles were still observed. These data suggest that kinetochore
microtubules assemble via mechanisms independent of attachments to centrosomes in somatic cells.
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Directly observing the formation of microtubules around chromosomes (or kinetochores)
during mitosis is challenging due to the high density of spindle microtubules. Monastrol—a cell
permeable chemical inhibitor of kinesin-5—provided a simple assay to observe chromosome- and
kinetochore-associated microtubule formation in mammalian cells [92,93]. In the presence of monastrol,
cells arrested with monopolar spindles as centrosome separation was inhibited. In treated cells, most
chromosomes were positioned at the periphery of a radial microtubule array and oriented such that one
kinetochore pointed towards the centrosome, while its sister kinetochore pointed away. Microtubules
were observed forming from the kinetochore pointing away from the centrosome. As this kinetochore
was shielded by chromosome arms from the dynamic centrosome-associated microtubule plus-ends,
it was unlikely that these kinetochore-associated microtubules were derived from the centrosomes in
the dividing cell.
There are at least two possible mechanisms for the formation of these kinetochore microtubules.
First, microtubules may nucleate near the chromosome, and filament plus-ends that interact with the
kinetochore get stabilized and organized into a bundle, with minus-ends pointing away from the
kinetochore. Second, the kinetochore may directly nucleate microtubules such that minus-ends point
away and growth occurs by the addition of tubulin at the filament plus-ends, as is the case during
the polewards flux of kinetochore fibers. An elegant study in Drosophila S2 cells combined laser-based
microsurgery and live-cell fluorescence microscopy and showed that tubulin subunits are continuously
incorporated at kinetochores, even for kinetochore fibers that are severed and do not directly interact
with spindle poles [94]. These data suggest that once formed, these kinetochore microtubules can grow
by a poleward flux-type mechanism with minus-ends pointing away from the kinetochore.
4.3. Microtubule-Dependent Microtubule Formation
Studies in plants—which lack centrosomes or a readily apparent single microtubule organizing
center (MTOC)—have provided valuable insights into non-centrosomal pathways of microtubule
formation. An early proposal was that plants may have a “diffuse centrosome” [95]. Analyses of
microtubule formation that involved tracking EB-proteins at the Arabadopsis cell cortex supported this
hypothesis [96]. A competing hypothesis based on studies in the green alga Nitella suggested that
microtubules could themselves recruit nucleation sites to promote the formation of new microtubules
(Figure 4) [97]. In this study, microtubule formation after relief from chemical inhibitor treatments
revealed highly-branched filament clusters. The microtubule-dependent microtubule formation
hypothesis is also supported by analyses of γ-tubulin localization. In particular, γ-tubulin is found
along microtubules within the mitotic spindle [98], and along filaments in asters assembled in vitro [99].
Figure 4. Schematic for microtubule-dependent microtubule formation. The microtubule (tubulin
dimer: white, green) can recruit and activate γ-tubulin ring complex (γ-TURC, blue), possibly via the
augmin complex (grey).
More direct evidence for microtubule-dependent microtubule formation came from studies
analyzing MAP65 function in Arabadopsis [100]. In this study, microtubule formation within a
microtubule bundle was directly observed. Even stronger evidence for this mechanism was obtained
in an elegant study analyzing interphase microtubule organization in fission yeast [101]. Importantly,
this study also provided data supporting the functional significance of recruiting γ-tubulin to the
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sides of existing microtubules to nucleate new ones. Additional studies tracking microtubule growth
using EB-proteins in cultured insect cells suggested that a similar microtubule formation mechanism
likely contributes to mitotic spindle assembly [102]. Analysis of microtubule formation in Xenopus egg
extracts also suggested that microtubule-stimulated microtubule formation may contribute to spindle
assembly [103].
There has been significant progress in our understanding of the molecular mechanisms underlying
microtubule formation in dividing cells. These advances are discussed in more detail below (see
Sections 8 and 9).
5. The Influence of Centrosomes on Spindle Shape
The number of centrosomes in a cell is tightly controlled, and a typical vertebrate somatic cell
divides with two centrosomes at opposite ends of a bipolar spindle. The importance of centrosomes
in building bipolar spindles was first revealed by observations that multi-polar spindles (i.e., with
more than two poles) assembled in cells with more than two centrosomes [104]. In a dividing cell with
only one centrosome, bipolar spindles do not form, and a monopolar spindle—a single radial array of
microtubules surrounded by chromosomes at their periphery—is observed. This has been revealed
through the analysis of mutants in different model organisms, and also by specific manipulations.
For example, centriole disjoining can be induced in sea urchin embryos using chemical reducing
agents [105]. Under these conditions, daughter cells are generated with only one centrosome, and
assemble monopolar spindles.
In many cell types, the two duplicated centrosomes separate during prophase. If this process
fails, monopolar spindles can assemble. For example, when cells are treated with a chemical inhibitor
of kinesin-5 (a microtubule-based motor protein), monopolar spindles accumulate [93]. Relief from
chemical inhibition results in centrosome separation and bipolar spindle assembly [106]. Briefly, in
addition to kinesin-5, at least three other activities can contribute to centrosome separation (recently
reviewed in [107]). First, microtubule polymerization itself can generate forces to push centrosomes
apart. Second, astral microtubules can interact with dynein—another microtubule-based motor
protein—at the cell cortex. Dynein walking towards the minus-ends of these microtubules, or
maintaining attachment to depolymerizing filament ends can pull centrosomes towards the cell
cortex. Third, cortical flows generated by actomyosin at the cortex may contribute to centrosome
separation via interactions with astral microtubules.
It is noteworthy that in some mutant backgrounds (e.g., urchin, allelic to KLP61F/kinesin-5),
a bipolar spindle can form even when centrosome separation fails, indicating that bipolar spindle
formation and centrosome separation can be uncoupled [108]. In this study, monoastral bipolar
spindles (i.e., one pole in bipolar spindle had an associated microtubule aster while the other pole did
not) were observed. More recently, a genome-wide RNAi screen revealed that mono-astral bipolar
spindles can form after knockdown of a number of proteins, including the transcription factor Myb
and the E2 ubiquitin conjugating enzyme UbcD [109].
Multiple mechanisms contribute to assembling bipolar spindles even when dividing cells have
more than two centrosomes [110,111]. These mechanisms, which can directly cluster the extra
centrosomes at two poles or act more indirectly, include the spindle assembly checkpoint, cell adhesion,
and microtubule-associated proteins that help organize spindle poles (e.g., dynein, NuMA, and
HSET/kinesin-14) [112,113]. It is noteworthy that multipolar spindles are not observed in the absence
of centrosomes [74].
It is now generally accepted that while the centrosome may not be essential for building a functional
bipolar spindle, these organelles do have important roles in dividing cells. When present, the centrosomes
are the major sites of microtubule formation. In addition, centrosome-nucleated microtubules have at
least two key functions. First, the centrosome-nucleated astral microtubules—which can interact with
the cell cortex—play a crucial role in positioning the bipolar spindle in the dividing cell (reviewed
in [114]). Second, the centrosome-associated astral microtubules can not only “search and capture”
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kinetochores, but also capture other microtubules. In particular, astral microtubules can interact
with the minus-ends of microtubule bundles that are associated with kinetochores, but not anchored
at poles [92]. This “minus-end capture” process effectively increases the kinetochore target size.
In particular, the plus-ends of astral microtubules need not only find the relatively small kinetochores
in the dividing cell, but can establish productive contacts with kinetochore-associated filaments
that can extend micrometers beyond each kinetochore. In addition, the astral microtubules also
capture interphase microtubules that remain when a cell enters mitosis. Direct imaging of green
fluorescent protein (GFP)–tubulin-expressing animal cells in prophase revealed microtubules that
not directly associated with the centrosome and are present at the periphery of the cell can form
bundles that get transported towards the centrosome [115]. The transport of these “pre-existing”
microtubules and kinetochore-associated microtubules towards centrosomes is likely mediated by the
minus-end-directed motor protein cytoplasmic dynein [92,115].
6. The Influence of Chromosomes on Spindle Shape
Analysis of microtubule dynamics in asters formed in the presence of centrosomes and sperm
nuclei added to egg extracts revealed that chromosomes polarize these filament arrays via a short-range
effect on dynamic instability parameters [116]. Growth velocity and catastrophe frequencies
were reduced, while rescue frequencies were increased for filaments close to or in contact with
chromosomes. This study also found evidence for a weaker but longer-range effect which could
guide microtubules towards chromosomes without direct interactions. For these analyses, the
geometry of chromatin structures was controlled by attaching DNA to micro-patterned gold stripes
on glass coverslips. A subsequent study in which chromatinized DNA-beads were used suggested
that the long-range (~10 micrometer) microtubule aster polarization effect is possibly stronger than
previously considered, and also induces the directional migration of arrays towards chromatin [117].
Tracking growing microtubule plus-ends in somatic cells also revealed asymmetry in microtubule
growth from centrosomes [118]. During prophase and prometaphase, microtubules proximal to the
nucleus/chromosomes are longer than those oriented away. Together, these studies suggest that
chromosomes can influence the spatial organization of microtubule arrays that form in dividing cells.
To examine the influence of chromosomes on the spatial organization of metaphase spindles, the
chromatinized DNA-bead assay has served as a powerful experimental system [90]. My laboratory,
along with our collaborators, designed a setup that employed magnetic fields to align chromatinized
DNA-coated paramagnetic beads into linear arrays that resembled beads on a string. These arrays
ranged from ~10 to ~90 micrometers in length [119]. When these bead arrays were added to Xenopus
egg extracts, they moved freely in the cytosol and promoted microtubule formation along their
lengths. The arrays also changed shape by bending and forming kinks, likely due to interactions with
microtubules that were being organized into bipolar spindles. Remarkably, the length or width of
the spindles did not scale with the length of the DNA-bead string, but was similar to that of spindles
that formed around unaligned DNA-bead clusters or other forms of chromatin in these extracts.
In another study, Nedelec and co-workers examined the influence of chromatin on spindle assembly
using chromatinized DNA-beads immobilized on surfaces with a lithographic micro-pattern [120].
Again, microtubules assembled along and proximal to the DNA-based structures. Findings from both
studies indicate that the organization (e.g., aspect ratio or length) of individual spindles was largely
independent of the shape of the DNA-based arrays. One key difference between the observations
reported in these two studies was that multiple spindle structures were observed on the surface
immobilized DNA-beads, while on the more flexible free-floating DNA bead arrays, only one spindle
formed. I favor the possibility that the flexibility of the DNA-strings that my laboratory used allowed
more efficient fusion of spindle poles, while in the other study, the glass surface to which the beads
were fixed likely inhibited spindle pole fusion and favored spindle pole splitting. This hypothesis is
supported by several observations, including the finding that when two bipolar spindles are brought
close together in egg extracts, these spindles fuse to form one spindle [14].
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Together, these findings indicate that while chromosomes regulate microtubule formation and
polarize filament arrays, the activities of microtubule-associated proteins (e.g., motor proteins) establish
spindle bipolarity and overall shape.
7. Dissecting the Chromosome-Based Signal for Spindle Assembly
7.1. Ran-GTP
Ran (Ras-like nuclear G protein) is an evolutionarily-conserved GTPase involved in diverse
aspects of nuclear function. Characteristic properties of these Ras-related GTPases are that they slowly
hydrolyze or exchange GTP. Nucleotide hydrolysis is promoted by GAPs (GTPase activating proteins),
and nucleotide exchange depends on GEFs (guanine nucleotide exchange factors). There are advanced
models for how Ran establishes the direction of nuclear transport via import and export receptor
proteins during interphase [121–123].
The first clues that Ran regulates microtubule organization came from studies in budding yeast.
A screen for genes whose overexpression suppressed the phenotype due to conditional α-tubulin
mutations led to the identification of RCC1, the budding yeast homolog of RanGEF [124]. A few
years later, a mutation in the budding yeast homolog of RanBP1—a protein that binds Ran-GTP and
functions as an accessory factor that promotes RanGAP-mediated GTP hydrolysis—was characterized
and shown to have no observable defect in nucleocytoplasmic transport, but blocked cell growth [125].
The phenotypes associated with the mutation included improper spindle positioning, likely due to
failure in the formation of astral microtubules. In the same year, Nishimoto and co-workers reported
the characterization of RanBPM, a Ran-binding protein [126] they had previously identified in a yeast
two-hybrid screen using Ran as bait [127]. RanBPM preferentially interacted with GTP-bound Ran,
associated with centrosomes in cultured cells, and its over-expression induced the formation of ectopic
microtubule asters. The assembly of microtubule asters nucleated by isolated centrosomes could
be suppressed by antibodies to RanBPM, and also by the addition of Ran-GTP (e.g., Ran loaded
with a non-hydrolyzable GTP analog) [126]. Together, these findings indicate that Ran can regulate
microtubule organization independent of its role in nucleocytoplasmic transport.
Evidence that Ran was coopted for the regulation of microtubule formation during M-phase
came the following year, from studies by multiple independent research groups [128–132]. All of these
groups used Xenopus egg extracts, an experimental system that allowed analyses of Ran’s contribution
to microtubule organization in M-phase without concerns about its functions in other parts of the cell
cycle. Reduction of Ran-GTP levels, by immunodepleting RCC1, adding mutant forms of Ran that
mainly bind GDP (T24N), or adding RanBP1, suppressed the formation of microtubule asters from
centrioles added to these extracts. By contrast, increasing Ran-GTP concentration via addition of RCC1
or mutant forms of Ran that are “locked” in the GTP-bound state promoted centriole-dependent aster
formation. Remarkably, increasing GTP-Ran levels induced aster formation in the absence of added
chromatin or centrioles. In two of these studies, the addition of GTP-locked Ran mutants (G19V bound
to GTPγS [129]; or Ran L45E [131]) led to the formation of bipolar spindle-like microtubule-based
structures. It was also shown that other reagents (e.g., DMSO or taxol) that promoted microtubule
aster formation in these extracts did not lead to bipolar structures. Together, these findings suggest a
role for Ran-GTP in microtubule formation during cell division.
The requirement of Ran’s GTP-hydrolysis cycle in regulating microtubule organization is
supported by two lines of evidence. First, asters formed by Ran-GTPγS—which cannot convert
to RanGDP—were smaller in size compared to those formed in the presence of RanGTP. Second,
microtubule aster assembly in egg extracts depleted of the RanGEF RCC1 can be rescued by the addition
of RanGTP but not RanGDP [130]. These studies, along with the fact that RCC1 is mainly bound to
mitotic chromatin, led to the proposal that Ran-GTP could be the sought-after chromatin-generated
“enzyme factor” that promotes spatially-restricted microtubule stabilization [87].
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Ran itself does not target microtubule asters or spindles assembled in Xenopus egg extracts [133],
suggesting that it functions through effector proteins, such as the transport receptors importin-α and
β. Studies on nucleocytoplasmic transport had already established that nuclear import receptors bind
their cargo in the cytosol where Ran-GTP levels are low, while in the nucleus they bind Ran-GTP
and release cargoes. In particular, the transport of proteins bearing the nuclear localization signal
(NLS) depends on a complex formed by importin-β that binds Ran-GTP, and importin-α, an adaptor
that recognizes the NLS-bearing proteins. Importin-β can also directly recognize and transport
cargoes independent of importin-α. Export receptors bind their cargoes—along with Ran-GTP—in
the nucleus, and release cargoes in the cytosol after GTP hydrolysis. Guided by these models, Gruss
and co-workers designed experiments to test if transport receptors contribute to Ran-dependent
microtubule formation [121,123–135]. Specifically, they showed that the addition of importin-α, but
not a mutant form that cannot bind NLS-containing cargoes, inhibited Ran-GTP-induced microtubule
aster assembly in Xenopus egg extracts [134]. Immunodepletion of importin-α from these extracts
also suppressed the formation of Ran-induced microtubule-based structures [134]. In another study,
Nachury and co-workers reported that the depletion of proteins that bind a GTP-locked Ran mutant
(Q69L) from egg extracts induces the formation of microtubule-based structures, while the addition
of importin-β inhibits the formation of these structures [133]. Together, these findings, along with
additional data, support a model in which Ran-GTP is generated proximal to chromosomes by
chromosome-bound RCC1 and promotes the assembly of microtubule-based structures by locally
releasing “cargoes” from transport receptors. Away from chromosomes, the concentration of Ran-GTP
is lower (likely due to RanBP1 and RanGAP1 promoting GTP-hydrolysis), and the transport receptors
inhibit the proteins that promote microtubule formation.
The microtubule-associated proteins TPX2 and NuMA were the first “cargoes” of the transport
receptor shown to be involved in Ran-dependent microtubule formation [133,134,136]. Subsequent
studies have identified several additional proteins involved in spindle assembly that can be regulated
by Ran. These include non-motor MAPs (e.g., NUSAP and HURP) [137–139], motor proteins (e.g., XKid
and HSET) [140,141], and the RNA-binding protein Rae1 [142], Cdk11 [143], and nuclear lamins [60].
Other targets, possibly via TPX2, include kinesin-5 (or Eg5/Kif11/KSP) and Aurora kinase [131,144].
Consistent with the hypothesis that Ran-GTP can function as a diffusible signal regulating
microtubule organization proximal to chromosomes, a spatial Ran-GTP gradient can be detected
during M-phase. The first evidence for this gradient came from studies using FRET (Forster
Resonance Energy Transfer)-based sensors that have the donor and acceptor fluorescent proteins
linked by a peptide [145]. One sensor was designed to detect Ran-GTP, and incorporated a peptide
corresponding to RanBP1’s Ran-GTP binding region. The other sensor was engineered to detect
the release of importin-α from importin-β, and employed a peptide corresponding to importin-α’s
importin-β-binding domain. These sensors indicated that Ran-GTP concentration was high near
chromosomes and importin-α/importin-β binding, and therefore “cargo” inhibition, were low near
chromosomes in metaphase spindles assembled in Xenopus egg extracts.
The overall size and shape of the Ran-GTP gradients revealed by the two sensors were
similar, extending over micrometers but not reaching the spindle poles, which in these spindles
can be ~30 micrometers apart. Subsequent studies employed different sensors and fluorescence
lifetime imaging (FLIM) rather than the measurement of donor/acceptor signal ratios alone, which
can be sensitive to fluorophore concentration and bleed-through of fluorescence signal [146,147].
These measurements were consistent with a chromosome-centered Ran-GTP-dependent signal, which
can release spindle assembly factors from importin-β, covering distances that extend all the way
across the spindle [146,147]. A possible explanation for how this gradient could induce asymmetry
in microtubule aster organization came from modeling and experimental data that indicate that
the Ran-gradient may be combined with the activities of a Ran-regulated kinase (CDK11) and
phosphatases [148]. FRET-based sensors also revealed the presence of a Ran-GTP gradient in somatic
cells. This spatial gradient was much steeper, and extended across a shorter distance (3–4 μm)
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compared to what was detected in spindles assembled in Xenopus egg extracts [147]. A more recent
study reported an even more localized spatial gradient, extending only ~2 μm in dividing somatic
cells [149].
7.2. Chromosomal Passenger Complex (CPC)
Early ideas for how chromosomes generate a microtubule-formation signal focused on kinase-
and phosphatase-based protein phosphorylation, rather than on the Ran-pathway. A specific
proposal suggested that a phosphatase could be chromosomally localized, and could counteract
a kinase that freely diffuses and phosphorylates microtubule-associated proteins that control filament
stabilization [150]. Evidence supporting this model came from a study examining Stathmin/Op18,
a 17 kDa protein that may bind tubulin subunits to suppress microtubule assembly [151,152]. Op18 can
have multiple phosphorylations, many of which are present during interphase. In the presence
of chromatin, additional residues in Op18 get phosphorylated. The addition of wildtype Op18
or an Op18 mutant lacking these phosphorylation sites rapidly (within ~3 min) disrupted bipolar
spindles assembled in egg extracts, reducing microtubule density and overall spindle size. In egg
extracts depleted of Op18, the formation of microtubules around chromatinized DNA-beads was
accelerated. Other studies suggest that phosphorylation reduces Op18’s binding to tubulin [153].
Together, these data are consistent with phosphorylation suppressing Op18’s inhibitory effect on
microtubule formation, and support a model in which chromosomes control the activity of microtubule
assembly factors.
A FRET-based sensor whose signal changes when Op18 binds tubulin revealed a spatial gradient
that is centered at chromosomes and extends towards the cell periphery [154]. These measurements
and a simple calculation suggest that a phosphorylation gradient may extend 4–8 micrometers
from chromosomes. However, immunodepletion of Op18—which altered early stages of spindle
assembly—did not affect the shape and size of bipolar spindles assembled in egg extracts [152].
These data suggest that Op18 may not be the key effector of chromosome signals that promote
microtubule assembly in dividing cells. While functional redundancy due to Op18-related proteins is
difficult to exclude, the observation that a mouse knock-out of Op18 is viable is also consistent with
this hypothesis [155,156].
Depletion of Polo-like kinase disrupted spindle assembly around chromatinized DNA-beads,
indicating that this cell cycle kinase, which can associate with chromosomes, plays an important role
in microtubule formation during M-phase [153]. Interestingly, the chromatin-induced phosphorylation
of Op18 was suppressed in the absence of Polo-like kinase [153]. However, Op18 was not shown to
be a direct substrate of Polo-like kinase, and subsequent studies revealed that the relevant kinase is
Aurora B—a protein in the “chromosomal passenger complex” (CPC) [157,158].
Aurora B, along with Incenp, Survivin/BIR, and Dasra/Borealin form the CPC, which is enriched
at the inner centromere during metaphase and associates with microtubules in the central spindle after
anaphase in dividing cells [157]. CPC function is needed for multiple different aspects of cell division,
including chromosome–microtubule attachment, the spindle assembly checkpoint, and cytokinesis.
Compelling evidence that the CPC is needed for spindle assembly came from a study by Funabiki and
co-workers [159]. Immunodepletion of the CPC via Dasra/Borealin or Incenp antibodies disrupted
the assembly of spindles in Xenopus egg extracts. By contrast, centrosome-dependent microtubule
aster formation was not affected by CPC depletion. However, these asters did not associate with
chromosomes, indicating that chromosome-associated signaling was disrupted.
Kinesin-13/MCAK had been characterized as a CPC substrate whose microtubule depolymerization
activity can be suppressed by phosphorylation in vitro [160–162]. Funabiki and co-workers showed
that depletion of MCAK, along with the CPC, resulted in the rescue of microtubule formation around
chromatinized DNA beads in egg extracts.
Systematic analyses of CPC function using depletion/add-back-type approaches in Xenopus egg
extracts revealed that the Dasra subunit promoted CPC’s chromosome binding, and this interaction
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was needed for spindle assembly [163]. The major CPC-dependent phosphorylation site (ser-16) in
Op18 was identified and used, along with a canonical CPC substrate (histone H3 ser-10), as a reporter
of CPC activity in egg extracts. The phosphorylation of both substrates can be induced by the
addition of chromatin to egg extracts or by the addition of stabilized microtubules [163,164]. In fact,
the addition of antibodies to cluster together multiple CPC complexes resulted in kinase activation
in egg extracts. This antibody-based activation could—independent of Dasra binding—promote
chromosome-associated or centrosome-associated microtubules in egg extracts [163]. Follow-up
studies uncovered a microtubule-binding site in the Incenp subunit, and showed that the CPC—which
mainly localizes to metaphase chromosomes—can be detected within the spindle [165]. Analyses using
a microtubule-targeted FRET-based sensor for CPC activity [166] suggested that the CPC can
phosphorylate spindle microtubule-associated substrates [165].
Together, these data have led to a model in which the CPC, initially activated by chromosomes,
must be targeted to microtubules to promote spindle formation. Near chromosomes, CPC-dependent
phosphorylation likely promotes microtubule formation by suppressing the activities that increase
microtubule catastrophe. Once present, microtubules can bind and activate the CPC, and thereby
promote additional microtubule assembly, effectively establishing a positive feed-back loop triggered
by chromosomes. This “dual detection” of chromosomes and microtubules provides a plausible
explanation for how CPC-dependent microtubule formation is spatially restricted around chromosomes
in egg extracts [165].
7.3. Interplay between Ran-GTP and the CPC
To dissect the relative contributions of the Ran- and CPC-signals to spindle formation, Funabiki
and co-workers used the Xenopus egg extract system. In particular, they took advantage of their findings
that chromatinized DNA-beads can induce microtubule assembly in egg extracts co-depleted of the
CPC and kinesin-13/MCAK [159]. The addition of RanT24N, which mimics the nucleotide-free state
and binds RCC1 with high affinity, suppressed microtubule formation. In addition, they showed that
the addition of a GTP-locked Ran mutant to egg extracts depleted of the CPC promoted microtubule
aster formation [159]. Further, the addition of RanT24N did not inhibit Op18 hyper-phosphorylation
or substantially alter microtubule assembly by the antibody-mediated activation of the CPC [163].
Together, these data indicate that the CPC and the Ran pathways can act independently to promote
microtubule formation in egg extracts.
The interplay between Ran and CPC-signaling was further examined by Maresca and
co-workers [167]. The authors used combinations of two Ran mutants—RanT24N, which mimics the
nucleotide free state, and RanQ69L, which is deficient in GTP-hydrolysis activity and mimics the
GTP-bound state—to “flatten” the Ran-GTP spatial gradient during spindle assembly in egg extracts.
They found that spindles did not assemble around chromatinized DNA-beads under these conditions.
Importantly, mixing DNA-beads with CPC-beads (CPC linked to beads via antibodies to Incenp)
promoted spindle formation, even when the Ran-GTP spatial gradient was “flattened”. Under similar
conditions, the CPC-beads alone promoted microtubule formation, but not the organization of these
filaments into bipolar spindles. Together, these data suggest that two independent signals are generated
by chromatin to promote microtubule organization during M-phase [167].
Interestingly, the addition of EB1—a microtubule +TIP (microtubule plus-end tracking protein)
that can promote microtubule formation in egg extracts—along with RanT24N also rescues spindle
assembly around sperm nuclei [28,167]. As EB1 is not known to be regulated by Ran, these data
suggest that Ran-GTP signals and its down-stream effectors are not required for spindle assembly
when microtubule formation is at sufficiently high levels.
The contributions of both the RanGTP and the CPC pathways to chromosome-mediated spindle
assembly in somatic cells is supported by a study by Wadsworth and colleagues [168]. These researchers
combined the recovery of microtubule formation after treatment with nocodazole—a modification of
the assay developed by De Brabander [87]—with fluorescence microscopy and inhibition of selected
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proteins. In this assay, the rate of microtubule formation near chromosomes was slower than that
from centrosomes, but the amount of polymer generated near chromosomes was greater than that
near centrosomes. Injection of importin-β suppressed chromosome-associated microtubule formation,
but not centrosome-associated microtubule formation. In fact, centrosome-associated microtubule
formation was slightly enhanced. These data, along with RNAi-mediated knockdown of TPX2 alone,
survivin alone, or the knockdown of both survivin and kinesin-13/MCAK, indicate that the Ran-GTP
and the CPC pathways contribute to the formation of microtubules proximal to chromosomes in
porcine cells [168]. It is noteworthy that knockdown of kinetochore proteins did not block microtubule
formation, suggesting that microtubule stabilization promoted by chromosomes does not require
kinetochore–microtubule attachment [168].
Several other studies support a role for Ran-GTP in somatic cell division, including the following
three. First, microinjection of importin-β’s cargo binding domain (aa 71-876) into mammalian cells
(Ptk1) severely disrupted spindle assembly [133]. Second, injection of importin-β’s cargo-binding
domain (aa 71-876) into other cell types (e.g., HeLa), disrupted early stages of spindle organization
and caused a delay in the prometaphase-to-metaphase transition [147]. This study also showed that
micro-injection of a GTP-locked Ran mutant (Q69L) led to ectopic microtubule nucleation, and aster
formation and injection of full-length recombinant importin-β resulted in spindle pole “splitting” in
dividing cells [147]. The authors suggest that Ran-GTP signals contribute to early stages of spindle
assembly, but can be dispensable once bipolar spindles are assembled in these somatic cells. Third,
studies using RNAi to knockdown Ran-GTP “effector” proteins support a role for this pathway in
somatic cell division [169–171]. However, the findings from these knockdown studies can be more
difficult to interpret, as these “effector” proteins are regulated by multiple inputs and may have
functions during stages of the cell cycle other than mitosis.
The possibility that the Ran pathway has only a relatively minor role in somatic cell division is
supported by different lines of evidence, including the following four. First, studies of tsBN2 cells
(which lack normal RCC1 function) revealed that morphologically normal appearing spindles can
assemble around chromosomes [172]. Second, siRNA-mediated knockdown of RanGAP significantly
altered the shape of the Ran-GTP gradient, but did not impact bipolar spindle formation in cultured
human cells [149]. Third, a study showed that in Drosophila S2 cells (in which a relatively steep Ran-GTP
gradient can be detected during mitosis), depletion of RCC1 did not disrupt spindle assembly in the
presence or absence of centrosomes [173]. Remarkably, this study also revealed that RCC1 depletion
did not impact microtubule assembly during recovery from depolymerization. Fourth, a systematic
dissection of the role of Ran-pathway was carried out by Khodjakov and co-workers by modifying an
assay first developed by Brinkley and co-worker [174,175]. In this assay, mitosis with unreplicated
genomes (MUG) is induced in cultured cells. The bulk of the chromosomes separate from small
kinetochore fragments in these dividing cells. Khodjakov and co-workers used FRET-based sensors to
show that the chromosomes generate spatial gradients of Ran-GTP during MUG. In addition, these
chromosomes can induce asymmetry in the growth of astral microtubules, consistent with the presence
of chromosome-derived signals. Remarkably, this MUG assay revealed that bipolar spindles can
assemble largely independently of where the bulk of the chromosomes are positioned and where the
Ran-GTP concentration is likely to be highest. The authors also showed that spindle assembly under
their assay conditions did not require centrosomes, but did depend on kinetochores. Interestingly,
these authors also found that inhibition of the CPC using chemical inhibitors of Aurora kinase did not
suppress spindle formation during MUG.
A recent study by Needleman and co-workers may help explain these conflicting data on the
role of Ran-GTP in dividing somatic cells [149]. These authors apply an approach called TIMMA
(time-integrated multipoint moment analysis, a multipoint fluorescence fluctuation spectroscopy
method) to determine protein concentration and measure diffusion constants at several locations
in a single living cell. They find that Ran exists in fast- and slow-diffusing forms in dividing cells.
The slow-diffusing form—likely bound to importins—is enriched proximal to chromosomes, while
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the fast-diffusing form is uniformly distributed across the cell. This method also revealed that
the Ran-regulated microtubule associated protein TPX2 is also present in fast- and slow-diffusing
forms. However, unlike Ran, both species of TPX2 are strongly enriched proximal to chromosomes.
Microtubule depolymerization disrupts the soluble TPX2, but not the Ran, spatial gradients. These data,
along with analyses of two other Ran-regulated proteins, suggest that the spatial distribution of spindle
assembly factors is not only influenced by Ran, but also by interactions with microtubules. The spindle
assembly factors activated near chromosomes by Ran can promote local microtubule formation,
and interactions with these newly formed filaments can lead to local feed-back influencing spatial
organization and function. This model can help explain how spindle size can be uncoupled from the
shape of the Ran gradient. It also provides plausible explanations for findings from the MUG assays
and how spindle size scale may vary with cell volume [17,18,175].
8. Targeting and Activating γ-Tubulin
Genetic studies of microtubule organization and function in Aspergillus nidulans—an important
model organism in which many key mitosis genes have been discovered [176]—led to the identification
of γ-tubulin as a suppressor of a conditional lethal mutation in β-tubulin [177]. Subsequent studies
localized γ-tubulin to centrosomes in different cell types, and revealed that it is part of a large
multi-protein complex called γ-TURC (or γ-tubulin ring complex, reviewed in [71]). It has been
established that γ-tubulin has an essential role in microtubule formation in a variety of cell types,
including those that do not depend on the centrosome for cell division (e.g., plants [178] and
Drophophila oocytes [179]). Consistent with these data, γ-tubulin is also implicated in assembling
microtubules from non-centrosomal sites (such as kinetochores [180]), and can be found located within
the spindle [179,181]. In addition to promoting microtubule nucleation, γ-tubulin may also function
as a microtubule minus-end cap [182].
Reconstituted γ-TURC complexes from S. cerevisiae have been characterized and found to be much
less efficient in nucleating microtubules when compared to centrosomes [183]. Specific structure-guided
crosslinks of the γ-TURC complex into a “closed” complex only led to modest increases in
nucleation activity [71]. A possible explanation for these observations has come from a recent
study by Brouhard and co-workers that shows that microtubule nucleation from templates such
as γ-TURC is kinetically unfavorable in vitro [184]. They suggest that this is due to a structural
mismatch between the ring-shaped templates and growing microtubule plus-ends, which may exist as
sheets [185]. Brouhard and colleagues also show that microtubule-associated proteins that promote
catastrophe (e.g., MCAK) inhibit nucleation and suppressors of catastrophe (e.g., TPX2, also see
below) promote nucleation. These data, along with other findings, suggest different models for how
microtubule-associated proteins can promote γ-tubulin-dependent microtubule nucleation. First,
microtubule-associated proteins can bind and activate γ-TURC complexes. Second, an indirect
mechanism would involve microtubule-associated proteins promoting nucleation by inhibiting
catastrophe events to prevent the loss of newly-nucleated filaments. Third, suggested by a recent study
from Surrey and co-workers (discussed in more detail below), microtubule-associated proteins can
directly promote microtubule nucleation [186,187]. In this case, γ-TURC complexes may stabilize or
“cap” polymers with a specific organization (e.g., a particular protofilament number).
8.1. Microtubule Targeting of γ-Tubulin
Clues for how γ-tubulin could be targeted to microtubules in dividing cells came from a study by
Stearns and co-workers characterizing NEDD1 (or GCP-WD), a subunit of the human γ-TuRC [188].
These authors showed that NEDD1 is required for the localization of γ-tubulin at centrosomes and
within mitotic spindles. Assays analyzing microtubule regrowth after drug-induced depolymerization
revealed that NEDD1 is needed for centrosome-dependent and -independent microtubule formation
in dividing cells. In particular, a specific phosphorylation of NEDD1 (at Ser418, likely by CDK1) helps
recruit γ-tubulin to the mitotic spindle, but not the centrosome. Consistent with this localization,
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this mitotic NEDD1 phosphorylation was shown to be required only for centrosome-independent
microtubule formation. Based on these findings, the authors proposed that NEDD1 could recruit
γ-TURC to the sides of microtubules to promote microtubule-dependent microtubule formation, similar
to the mechanism suggested by Tran and co-workers examining interphase microtubule organization
in fission yeast [101]. They also suggest that their observations could also be explained by an indirect
mechanism in which NEDD1 contributes to the proper distributions of filament minus-ends in the
spindle, and γ-tubulin “caps” these filament ends. This latter hypothesis is supported by findings
that inhibition of the microtubule-severing protein katanin reduces the amount of γ-tubulin in the
spindle [189].
Other proteins that recruit γ-tubulin to spindle microtubules were discovered by Goshima and
co-workers [109]. These authors carried out a genome-wide screen that employed high-throughput
microscopy to analyze mitotic phenotypes in cultured Drosophila S2 cells. They first confirmed that
γ-tubulin recruitment to spindle poles depends on centriolar proteins (e.g., Sas-6) and polo kinase.
They found that bipolar spindles assembled after RNAi-mediated knockdown of these centriolar
proteins, indicating that the recruitment of γ-tubulin to the spindle pole is not essential for cell division
in these cells. They also discovered that the recruitment of γ-tubulin to the spindle depends on a set
of previously uncharacterized proteins that they named Dgt2–6 (for dim γ-tubulin). The knockdown
of these Dgt proteins—which also localize to spindle microtubules—reduced spindle microtubule
density and caused defects in spindle organization, chromosome alignment, and cell cycle progression.
Importantly, knockdown-associated phenotypes became more severe when centrosomal and Dgt
proteins were co-depleted, indicating that the Dgt proteins contribute to centrosome-independent
microtubule formation. Additional work revealed that Dgt proteins form a heteroctameric-protein
complex that was named “augmin” [190], and is conserved across metazoans [191,192]. To recruit
γ-tubulin to spindles, augmin’s Dgt6 (also named HAUS6) subunit’s C-terminal domain likely
binds NEDD1 [191], the protein previously shown to be involved in recruiting γ-TURC to spindle
microtubules [188].
It is tempting to speculate that augmin functions in a manner similar to the Arp2/3 complex,
which can bind along the side of an actin filament and promote the nucleation of a daughter actin
filament [190,193]. In such a model augmin would bind to the side of a microtubule and recruit γ-TURC
to promote the formation of a daughter filament oriented parallel to the mother filament (Figure 4).
Consistent with this model, an elegant electron tomography study by Kamasaki and co-workers
detected a ~29 nm rod-shaped structure at microtubule minus-ends that could serve as a link to the
side of another microtubule in the mitotic spindle [194]. However, it is unclear if augmin is indeed this
rod-shaped structure, and additional work (e.g., immuno-electron microscopy analysis) is needed.
Currently, evidence that augmin is involved in microtubule-dependent microtubule formation
comes from a study by Petry and co-workers [195]. In this study, microtubule aster formation in
Xenopus egg extracts was induced by the addition of a GTP-locked Ran mutant (RanQ69L) and the
microtubule-associated protein TPX2. The formation of branched microtubule networks could be
directly observed under these conditions. Immunodepletion of augmin suppressed the organization of
microtubules into asters in this assay, consistent with its role in microtubule-dependent microtubule
formation. Interpreting these results is not entirely straightforward, as TPX2 itself can directly promote
microtubule formation (discussed below in more detail).
The loss of augmin function has been studied in different organisms. In zebrafish, mutation
in augmin leads to defects in hematopoiesis [196]. In flies, augmin mutants are viable but female
sterile [197,198]. In filamentous fungus, disruption of augmin genes does not affect mitosis [199].
By contrast, the mouse knockout of the augmin subunit Dgt6/HAUS6, generated by Watanabe and
co-workers, indicates that augmin is needed for mouse embryonic development [200]. Centrioles are
absent for the first divisions during mouse development, and spindle assembly involves the clustering
of multiple MTOCs. Interestingly, MTOC clustering fails without augmin. This phenotype is similar to
what has been reported for augmin RNAi in cultured cells [192,201,202].
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To dissect the role of augmin in MTOC clustering, Watanabe and co-workers overexpressed
Polo-like kinase 4 (PLK4) in HeLa cells, which can lead to spindles with multiple poles [200].
Their findings using this assay—along with augmin knockdown and disruption of NEDD1-dependent
γ-tubulin targeting to the spindle—suggest that the γ-tubulin associated with spindle microtubules
contributes to centrosome clustering. It is noteworthy that the electron microscopy studies by Kamasaki
and co-workers had found defects in centriolar microtubules after knockdown of augmin, suggesting a
more direct role for augmin in centrosome organization [194]. Therefore, additional studies are needed
to properly dissect how augmin contributes to centrosome (or MTOC) clustering during cell division.
In an effort to dissect augmin function, my laboratory reconstituted this hetero-octameric
complex with recombinant proteins expressed in insect cells [203]. Our biochemical and electron
microscopy-based studies of the “holo-complex” and different stable sub-complexes revealed how the
eight proteins may interact to form a Y-shaped structure. In assays with purified proteins, augmin
bound the sides of stabilized microtubules with micromolar affinity and diffused in 1-D with short
association times (seconds), but did not reveal any preference for microtubule ends. It is noteworthy
that these microtubule binding lifetimes are similar to what has been measured for augmin turnover
in dividing cells (e.g., GFP-Dgt5/HAUS5; t1/2 = 4 s [190]). Further, the electron microscopy study by
Kamasaki and co-workers shows that there is typically only one daughter microtubule associated with
a mother filament, suggesting short-lived association of the new and the pre-existing filaments [194].
If these associations were long-lived, multiple daughter filaments would be associated with one mother
filament, as daughter filaments would have nucleated additional filaments.
We also showed that the addition of augmin holo-complex and sub-complexes to Xenopus egg
extracts promoted the formation of microtubule asters [203]. This activity is increased in the presence
of RanQ69L (GTP-locked mutant) and depended on the HAUS8/Hice1-subunit’s microtubule-binding
site, but did not require the domain in HAUS6/Dgt6 needed to bind NEDD1 and recruit γ-TURC.
Comparisons of asters induced by octameric and sub-complexes with similar in vitro microtubule
binding properties indicated that proper asymmetry and microtubule bundling in these asters required
all eight subunits in the augmin complex. In these assays, we were unable to detect augmin at
branch points between filaments. Consistent with our studies with purified microtubules, the augmin
complexes associated along the lengths of microtubules. Therefore, additional studies are needed to
determine if augmin does indeed work in a manner similar to the Arp2/3 complex, or if it promotes
aster formation by directly stabilizing microtubules and promoting their bundling. These models for
augmin function need not be mutually exclusive, and together may help explain augmin’s function
during cell division.
8.2. A Direct Role for TPX2 (Targeting Protein for Xklp2) in Microtubule Formation
This microtubule associated protein was identified as a factor needed for the recruitment of the
motor protein XKLP2 (human kif15, kinesin-12) to spindle poles [204]. While the potential role of
TPX2 in directly regulating XKLP2 function is not yet fully understood, it is clear that TPX2 may
be a protein with several distinct functions, including the spindle targeting of kinesin-5 and Aurora
A kinase [205]. Here, I highlight recent progress in our understanding of its function in promoting
microtubule formation and its regulation by Ran-GTP.
An important finding was that recombinant TPX2 added to Xenopus egg extracts can induce the
formation of microtubule asters [206]. Interestingly, in another study, TPX2 was found in HeLa cell
nuclear extract fractions that can promote microtubule aster formation when added to Xenopus egg
extracts [134]. Additional analyses using assays with importin-α depleted egg extracts, GTP-locked
Ran mutants, and recombinant TPX2 led to the proposal that TPX2 may be the only importin-α binding
protein required for Ran-GTP-dependent microtubule formation [134]. The involvement of TPX2 and
several other effectors of Ran-dependent microtubule formation has raised the question of whether it is
possible that the importins can quantitatively sequester and inhibit the functions of all these proteins.
This is relevant, as the concentration of NLS-containing proteins can be high, and may compete for
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transport receptor binding. One solution to this potential issue has been uncovered by recent structural
and biochemical analyses of TPX2-importin-α binding [207]. Via its central domain, TPX2 binds at
a site on importin-α that is distinct from the site bound by many NLS-containing proteins, thereby
effectively reducing direct competition. However, it is noteworthy that TPX2-immunoprecipitations do
not efficiently co-deplete importin-α from egg extracts, and additional analyses are needed to properly
dissect this interaction in cellular contexts [134]. Importantly, additional in vitro studies have shown
that purified recombinant TPX2 (albeit at high concentrations) can promote the formation of tubulin
aggregates and filament bundles [208].
More convincing evidence for a direct role of TPX2 in microtubule formation and its regulation by
importin-α has come from a recent study by Surrey and co-workers [186]. Characterization of full-length
TPX2 revealed that it is a monomer in solution and has some preference for the GMPCPP-bound lattice
and the growing tip of a microtubule, but not the end of a shrinking filament [186]. These findings,
along with other data, suggest that TPX2 recognizes a specific tubulin conformation at the growing
filament end, but this feature is likely distinct from that recognized by the EB proteins [209]. TPX2 also
suppresses microtubule catastrophes and slows depolymerization, thereby increasing microtubule
lifetimes. Surrey and co-workers also find that while TPX2 does not strongly bind soluble tubulin
dimers, it can promote the formation of “stubs” that are likely multimers of tubulin. The growth of
these “stubs”—which may be microtubule nucleation intermediates—is blocked by TPX2.
Human chTOG (or XMAP215/Stu2p/Dis1/Alp14 homolog) was also characterized in this
study, and was shown to be a microtubule polymerase similar to other proteins in the XMAP215
family [28,186,210]. Additionally, consistent with an earlier study of other XMAP215 proteins, chTOG
only weakly promoted the nucleation of microtubules. Remarkably, chTOG and TPX2 together strongly
promoted microtubule nucleation [186].
Interestingly, in controlled in vitro experiments, purified importin-α/β could inhibit the
nucleation of microtubules by TPX2 and chTOG, and blocked the formation of tubulin “stubs” by
TPX2 [186]. These studies provide straightforward explanations for why TPX2 and XMAP215 are
needed for Ran-GTP-dependent microtubule formation in Xenopus egg extracts, and the observation
that TPX2 promotes microtubule nucleation from XMAP215 immobilized on beads [211]. Future work
characterizing the TPX2-nucleated “stubs” will help strengthen this model and advance our
understanding for how TPX2, along with γ-TURC and augmin, contributes to microtubule formation
during cell division.
9. Sliding and Sorting Microtubules
The importance of the relative sliding and sorting of microtubules for spindle assembly and
function was appreciated long before many of the microtubule-based motor proteins needed for
cell division had been identified [212]. The identification of several kinesins required for cell
division resulted from studies in the genetically-tractable fungi Aspergillus nidulans and Saccharomyces
cerevisiae [176,213]. Studies in S. cerevisiae also provided the first compelling evidence supporting a
model in which counter-acting forces generated by motor proteins help assemble spindles [213,214].
In particular, the phenotypes due to the loss of kinesin-5 (Cin8 and Kip1) function could be partially
suppressed by the deletion of the kinesin-14 (Kar3) gene in S. cerevisiae [214]. Subsequent work
from several labs in different model organisms has helped to further develop this model for how
motor proteins can push or pull microtubules to assemble spindles. These mainly cell biological
studies suggest how spindle length may be controlled and how microtubules may be focused at
spindle poles. These findings have been extensively reviewed [53,74,107,215–217]. Advances in our
understanding of the regulation of microtubule length—another key parameter for proper spindle
assembly and motor protein-based sorting—has also been recently reviewed [210]. Here I focus mainly
on recent biochemical and biophysical studies of mitotic motor proteins and how they help explain
spindle assembly.
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9.1. Kinesin-5 (or Eg5/KSP/Klp61F)
Kinesin-5 is a homo-tetrameric microtubule plus-end-directed motor protein that can crosslink
filaments [218–220]. A recent study has revealed how a long four-helix bundle orients pairs of motor
domains at opposite ends of this extended ~80 nm dumbbell-shaped molecule [221]. Kinesin-5 also
has a non-motor microtubule binding domain at its C-terminus [222]. My lab, in collaboration with
the Schmidt lab, showed that full-length Xenopus laevis kinesin-5 can slide apart microtubules it
crosslinks [223]. Briefly, we established a “microtubule sandwich” assay in which we first immobilized
axonemes (bundles of microtubules) on a glass coverslip in a flow-cell. Kinesin-5 constructs, along with
stabilized microtubules and ATP, were then added, and the microtubules were imaged. Full-length
kinesin-5, but not truncated dimeric constructs, captured and crosslinked microtubules from the
solution and moved them relative to the surface-attached filaments. Analyses of polarity-marked
filaments indicated that while kinesin-5 can slide apart antiparallel microtubules, kinesin-5-crosslinked
parallel filaments do not move relative to each other. Analyses of the relative sliding of microtubules
that were crosslinked at approximately right angles indicated that the motor protein walked along
each filament it crosslinked. As a result, the relative sliding of two antiparallel filaments was twice the
velocity of the kinesin walking along a single microtubule (Figure 5A). Subsequent studies confirmed
these findings and demonstrated that kinesin-5 from other model organisms can also slide antiparallel
microtubules apart [224,225].
 
Figure 5. Schematics for how different motor proteins can crosslink and slide two microtubules
apart. (A) A kinesin-5 homotetramer can walk towards the plus-end of each filament it crosslinks;
(B) Kinesin-14 dimers crosslink microtubules via motor (circles) and non-motor (lines) domains.
The motor domains can bind either filament and walk towards its minus-end; (C) Dynein dimers can
walk towards the minus-ends of the microtubules. Each motor domain in the dimer may interact with
a different filament; (D) Kinesin-12 homotetramers may slide parallel microtubules relative to each
other by walking faster on one filament in the pair. Tubulin dimer: green, white; motor proteins: blue;
V = velocity; in D, V1 is greater than V2; plus-end of the microtubule is also indicated (+).
Single molecule studies with GFP-tagged full-length Xenopus laevis kinesin-5 revealed that the
motion of this motor protein along a single microtubule includes ATP-hydrolysis independent
1-D diffusion, in addition to its ATP-dependent directional motion [226]. We also found that
crosslinking two microtubules stimulates kinesin-5’s directional motility [227]. Analyses of a
homotetrameric kinesin-5 construct lacking the C-terminal non-motor microtubule binding region
revealed that tetramerization of the relatively low processivity motor domains is not sufficient for
relative microtubule sliding [228]. Four motor domains along with four non-motor domains in the
homotetramer are needed to tune kinesin-5’s microtubule interactions for its filament sliding function.
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Our findings suggest a model in which kinesin-5 molecules make long (~30 s) associations with single
microtubules and explore their lengths via 1-D diffusion, which together can increase the probability
that kinesin-5 will crosslink another filament. If the second filament is antiparallel, kinesin-5 motility is
triggered, and the motor protein walks towards each filament’s plus-end to slide them apart (Figure 5A).
Interaction with a parallel filament would lead to crosslinking, but not persistent relative motion.
Recently, we have further modified the relative filament sliding assays and now combined
fluorescence imaging (TIRF (total internal reflection fluorescence) -based) with optical trapping [229]
(Figure 6). This assay, which we named “mini-spindle” assay, allows imaging of microtubule and
kinesin motion, as well as measurement of piconewton forces generated within this minimal structural
unit of the spindle. The relative orientation and motion of the microtubules can also be directly
controlled. This “mini-spindle” assay revealed that ensembles of kinesin-5 crosslinking two antiparallel
microtubules can generate pushing forces that are proportional to filament overlap length.
Figure 6. Schematic for the “mini-spindle” assay. Optical trapping and TIRF (total internal
reflection fluorescence) microscopy are combined to examine forces generated by kinesin-5 sliding two
microtubules apart.
Within the spindle, the microtubules flux poleward [6,7]. As a result, antiparallel interpolar
microtubules continuously slide apart at constant relative velocities (2–3 μm/min). Our “mini-spindle”
assay can mimic this relative filament motion, and also allow measurements of forces generated by
kinesin-5 [229]. We find that kinesin-5 does not generate a strong pushing force when the antiparallel
filament sliding velocity matches that of the motor protein’s unloaded filament sliding velocity.
At slower velocities, kinesin-5 generates a pushing force to assist relative motion, and at faster
microtubule sliding velocities, kinesin-5 generates a braking force. Importantly, in all these cases with
moving filaments, the forces generated by kinesin-5 ensembles scale with microtubule overlap lengths.
Kinesin-5 crosslinking two parallel microtubules does not generate forces to push these filaments
apart [229]. However, it does generate a substantial force to resist relative filament motion, and this
force increases with relative sliding velocity. Importantly, this braking force also scales with filament
overlap length.
Long-standing models for spindle assembly have predicted a force in the spindle that scales with
a micrometer-scale geometric feature (e.g., filament or overlap length). Our studies with purified
proteins in vitro reveal that kinesin-5 could be this activity. These findings help to interpret several
observations made in the context of “whole” spindles [229]. For example, our data indicate that kinesin-5
in the spindle could help coordinate polewards flux across the dynamic micrometer-scale structure.
Microtubules that slide faster relative to other filaments would experience a kinesin-5-dependent
braking force, and slower filaments would experience a force that can accelerate their motion.
Small microtubule “seeds” added to spindles move polewards at velocities consistent with faster
dynein-dependent transport [90]. This faster polewards transport is likely possible as kinesin-5 may
generate a smaller braking force for these filaments that can only achieve short overlap lengths.
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9.2. Kinesin-12s (or hKif15/Xklp2)
These are also microtubule plus-end-directed motor proteins involved in cell division [230,231].
The addition of a dominant negative construct of the Xenopus laevis kinesin-12 (Xklp2) to spindle
assembly reactions in egg extracts resulted in monopolar spindles [230]. Subsequent studies showed
that immunodepletion of Xklp2 did not disrupt spindle assembly in the same egg extract system [206].
These findings, along with RNAi-mediated knockdown studies [232], suggest that this kinesin is not
likely to be essential for spindle assembly in animal cells. However, studies in C. elegans have shown
that kinesin-12 (KLP18) is needed for meiotic spindle formation, but not mitotic spindle formation,
and may contribute to the bundling of parallel microtubules [233].
The field was relatively stuck until the Medema and Vernos laboratories re-examined kinesin-12
function in somatic cell division [234,235]. These studies devised assays based on my earlier finding
that while chemical inhibition of kinesin-5 blocked spindle assembly, acute inhibitor treatments did
not collapse assembled bipolar spindles in somatic cells [106]. Knockdown of kinesin-12 by RNAi in
human cells revealed this motor protein was needed to maintain spindle bipolarity when kinesin-5
function was blocked using chemical inhibitors [234,235]. Knockdown of kinesin-12 alone had a
modest effect on spindle assembly, but increased the fraction of monopolar spindles formed upon
kinesin-5 inhibition.
Interestingly, studying somatic cell resistance to kinesin-5 inhibitors has also shed light on how
kinesin-12 contributes to bipolar spindle assembly [231,236]. Ohi and co-workers have shown that
kinesin-12 preferentially localizes to kinetochore microtubules, but its overexpression can also target
this kinesin to interpolar microtubules [231]. This altered localization may allow kinesin-12 to function
redundantly with kinesin-5 to push or keep antiparallel interpolar microtubules apart, and thereby
confer resistance to kinesin-5 inhibition. Live imaging studies suggest that kinesin-12’s function in
dividing cells likely involves bundling parallel microtubules. In another study, Ohi and co-workers
found that resistance to kinesin-5 inhibitors can arise without over-expression of kinesin-12, but
involves its function [237]. Their findings suggest that increased microtubule bundling—which can be
caused by a mutation in kinesin-5—can promote kinesin-12-dependent microtubule organization and
help assemble spindles in the absence of kinesin-5 motility.
Like the cell biological studies, different biochemical studies of recombinant kinesin-12 have not
been entirely consistent with each other. One study from the Ohi laboratory shows that this kinesin is
a homodimer with motor and non-motor microtubule binding domains [238]. Its binding to single
filaments is transient, and involves the formation of an inactive “closed” conformation. By contrast,
kinesin-12’s interactions with two microtubules in a bundle are long-lived. This study also showed
that kinesin-12 can slide two microtubules apart [238]. However, another study from the McAinsh
laboratory reports that kinesin-12 is a homotetramer that can crosslink microtubules, but cannot slide
antiparallel filaments apart [239]. Both studies show that microtubule crosslinking in vitro does not
require TPX2, the putative kinesin-12 spindle targeting protein. It is possible that TPX2 may promote
the formation of microtubule bundles that would be the preferred substrate for kinesin-12.
Another more recent study from the McAinsh laboratory examined kinesin-12 crosslinking and
sliding of dynamic microtubules in vitro [240]. The authors found that kinesin-12 can track the
plus-ends of growing microtubules and suppress catastrophe when multiple motor protein molecules
accumulate at filament ends. They also showed that kinesin-12 molecules can slide parallel microtubule
filaments relative to each other, and suggest that this motility is achieved by differences in the velocities
at which the motor walks on each filament in crosslinks (Figure 5D). Further work is needed to dissect
this motor protein’s functions, and sort through some of the discrepancies in the literature.
9.3. Kinesin-14s (or XCTK2/HSET/Ncd)
These microtubule minus-end-directed kinesins have their motor domains at their C-terminus
and a non-motor microtubule binding site at their N-terminus [241–243]. TIRF-based single molecule
studies of the Drosophila melanogaster kinesin-14 (Ncd, a homodimer in solution) show that it diffuses
61
Biology 2017, 6, 8
in 1-D along single microtubules in the presence of ATP [244]. Kinesin-14 can also crosslink two
microtubules in parallel or antiparallel orientations. Robust relative filament sliding (~100 nm/s) with
plus-ends leading was observed only for antiparallel microtubules. Parallel filaments moved apart
for a few seconds after the initial encounter, and then stopped moving. These observations can be
explained by considering that when kinesin-14 molecules crosslink two filaments, the dimeric motor
domains can interact with either filament (e.g., top or bottom) (Figure 5C). In the antiparallel case,
motor domains walking towards the minus-end of each filament would assist each other to slide the
filaments apart. In the parallel case, motor proteins walking towards the minus-ends of each filament
would oppose each other in a molecular tug-of-war, and the filaments would not move relative to
each other. Analyses of the S. pombe kinesin-14 (klp2) revealed a similar activity [245], suggesting that
potentially all kinesin-14s slide antiparallel filaments apart and generate static crosslinks between
parallel filaments.
These elegant in vitro studies indicate that kinesin-14s could oppose the relative filament sliding
of antiparallel microtubules driven by kinesin-5, as these motor proteins would push filaments apart in
opposite directions. It is noteworthy that while kinesin-5 molecules would be stationary between two
filaments that slide apart, kinesin-14 molecules would translocate with the moving filaments, diffusing
and switching orientations between the two crosslinked filaments.
9.4. Cytoplasmic Dynein
This microtubule-based motor protein is a member of the AAA+ (ATPases associated with
diverse cellular activities) family [246]. It functions as an ~1.2 MDa multi-protein complex with
two heavy chains, each of which contains a motor domain at the C-terminus and a “tail” domain
that mediates interactions with accessory factors at its N-terminus [247–249]. Cytoplasmic dynein
is the major microtubule minus-end-directed motor protein that transports a wide range of cargoes
(e.g., organelles, proteins, and mRNA) in eukaryotic cells. There have been several advances in
our understanding of cytoplasmic dynein’s structure, biochemistry, and motility [247–249]. Here I
highlight dynein’s function in spindle organization, focusing on its microtubule sliding and sorting
functions. This activity is needed to organize the prophase microtubule array [115], assemble spindle
poles [250–252], and to generate forces that counteract the activities of kinesin-5 and kinesin-12 [234,
235,253–255]. These functions have been linked to the transport of other microtubule-associated
proteins (e.g., NuMA [250]), and to the relative sliding of microtubules [14,251].
Early biochemical studies demonstrated the crosslinking and bundling of microtubules by dynein
in vitro [256,257]. A recent study by Tannenbaum and co-workers has shown that cytoplasmic dynein
can also slide antiparallel microtubules apart [236]. The use of well-characterized truncated constructs
revealed that this relative microtubule sliding activity is independent of “tail”-domain-mediated
interactions with accessory proteins. Single molecule studies revealed that dynein, which walks
towards the minus-ends of single filaments, has a much more complex behavior when interacting with
two antiparallel microtubules. Dynein molecules can pause for seconds before making directional runs
along either filament they crosslink. These data, together with additional findings, suggest a model in
which dynein can crosslink and slide microtubules in a manner distinct from kinesin-5 and kinesin-14.
Each AAA domain in the dimeric molecule can bind a different filament, and walking on each filament
would lead to relative motion, pulling microtubule minus-ends together (Figure 5B).
9.5. In Vitro Studies of Motor Proteins Generating Opposing Forces
It is tempting to speculate that motor proteins with opposing activities should be able to establish
stable antiparallel microtubule overlap—a recurring filament configuration within the metaphase
spindle. However, theoretical work has suggested that motor protein mixtures would lead to
unstable states [258–260]. Experiments are consistent with the theory. Directional instability (i.e.,
with frequent back and forth motion of the microtubules) has been observed when mixtures of dynein
and kinesin-1 [261], or kinesin-5 and kinesin-14, are immobilized on surfaces [222]. Another study that
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examined the relative sliding of two antiparallel microtubules by mixtures of kinesin-5 and kinesin-14
also indicated that static overlap cannot be achieved [224]. In fact, efforts to balance the motor proteins’
activities resulted in directional instability, with a broad distribution of instantaneous velocities [224].
Interestingly, this study also reveals that a much smaller number of kinesin-5 molecules can compete
against a large number of kinesin-14 molecules crosslinking antiparallel microtubules. Importantly,
this study shows that stable antiparallel microtubule overlap can be achieved by incorporating an
engineered microtubule crosslinking protein along with the motor proteins. There are several filament
crosslinking proteins that are known to be involved in cell division, and it is likely that these proteins
may contribute to stabilizing filament overlap. Constant antiparallel microtubule overlap in animal
spindles must be maintained in the presence of persistent motion due to poleward flux [6], adding
another layer of complexity to the efforts in reconstituting spindle assembly with purified proteins.
10. Outlook
As outlined in this review, there have been several major advances in our understanding of
how the cell division apparatus assembles. We are now poised to unravel the basic biochemical
principles underlying many of the processes, such as microtubule nucleation and force generation,
required for successful cell division. New cell-based experiments will help test specific predictions
from biochemical studies. The multiple regulatory inputs controlling each of these essential processes
will have to be carefully teased apart. I believe that now is a very exciting time to study cell division,
as it provides a unique opportunity to establish the basic principles for how micrometer-scale cellular
structures can be assembled by nanometer-sized proteins, and also explore how mechanical and
biochemical inputs intersect to control distinct protein outputs. Powerful new methodologies (e.g., to
image cell division in different tissues in vivo) and tools (e.g., cell-permeable chemical inhibitors of
key proteins) will likely be developed and used to answer these questions.
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Abstract: Kinetochores are large protein assemblies that connect chromosomes to microtubules of
the mitotic and meiotic spindles in order to distribute the replicated genome from a mother cell
to its daughters. Kinetochores also control feedback mechanisms responsible for the correction of
incorrect microtubule attachments, and for the coordination of chromosome attachment with cell
cycle progression. Finally, kinetochores contribute to their own preservation, across generations,
at the specific chromosomal loci devoted to host them, the centromeres. They achieve this in most
species by exploiting an epigenetic, DNA-sequence-independent mechanism; notable exceptions are
budding yeasts where a specific sequence is associated with centromere function. In the last 15 years,
extensive progress in the elucidation of the composition of the kinetochore and the identification of
various physical and functional modules within its substructure has led to a much deeper molecular
understanding of kinetochore organization and the origins of its functional output. Here, we provide
a broad summary of this progress, focusing primarily on kinetochores of humans and budding
yeast, while highlighting work from other models, and present important unresolved questions for
future studies.
Keywords: centromere; kinetochore; cell division; mitosis; meiosis; KMN; CCAN; CENP-A
1. An Overview of Kinetochore Structure and Functions
In eukaryotes, the kinetochore is a proteinaceous multi-subunit assembly whose main function is
to generate load-bearing attachments of sister chromatids (the replicated chromosomes held together
by the protein complex cohesin) to spindle microtubules during cell division (mitosis or meiosis)
(Figure 1A). Kinetochores couple sister chromatids to dynamic microtubules during congression and
anaphase, allowing their separation and partition to the daughter cells [1–3].
Kinetochores assemble on a specialized chromatin locus named the centromere (which, when large
enough to be observed, coincides with the primary constriction on chromosome spreads in karyotype
analysis) [4–6]. Even if the name ‘centromere’ implies a position at the center of the chromosome,
centromeres in different organisms can occupy very different positions, and are generally defined as
metacentric (if they are in the middle of the chromosome), acrocentric (if they separate chromosome
arms of different length), or telocentric (if they are positioned very close to a chromosome’s end).
In organisms, such as nematodes, several insects, and lower plants, centromeres extend along the entire
length of the chromosome (so-called holocentric centromeres, in opposition to spatially delimited
monocentric centromeres). The size of the chromosome segment required to assemble a functional
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kinetochore varies wildly from species to species, from ~125 base pairs (bps) in Saccharomyces cerevisiae
to one or more million bps in humans. Most centromeres are defined by a specific chromatin signature
rather than a specific DNA sequence (with notable exceptions discussed in Section 2). This property
is generally referred to as epigenetic specification of centromeres [4–6]. Despite the considerable
compositional and positional variety of centromeres, a common molecular architecture is clearly
discernible in kinetochores across the eukaryotic world, with the significant known exception of
kinetoplastids (see Section 8).
 
Figure 1. Kinetochore morphology in vertebrate cells (A) Schematic showing the attachment of
chromosomes to spindle microtubules through kinetochores; (B) Early work on the kinetochore
identified inner and outer plates, separated by a translucent layer. Microtubules terminate end-on
on the kinetochore outer plate. Arrowheads indicate inner plate (IP), outer plate (OP), translucent
layer (TL), and kinetochore microtubules (MT). Image reproduced with permission from reference [7];
(C) The corona (Co) is a fibrous structure that is more clearly visible on kinetochores prior to microtubule
attachment. Image reproduced with permission from reference [7]; (D,E) Prior to microtubule
attachment (D), vertebrate kinetochores adopt a crescent-like shape. The latter is not visible on fully
congressed and bi-oriented kinetochores. Images courtesy of Alexey Khodjakov. See also reference [8];
(F) Left: at metaphase, the distributions of two proteins in the inner and outer kinetochores (NDC80
and CENP-A respectively), are similar; Right: After treatment with a microtubule-depolymerizing drug
(nocodazole), proteins in the corona (not shown) and in the outer kinetochore undergo an expansion
and form the crescent-like shape already shown in D. Image courtesy of Alexey Khodjakov. See also
reference [8]; (G) A prometaphase PtK2 cell prepared for electron microscopy by high-pressure freezing
and freeze-substitution in glutaraldehyde and Osmium tetroxide. The cell was then embedded in
plastic, serial-sectioned with 300 nm sections, and imaged by serial tilting. A 3D reconstruction was
computed by back-projection, using the IMOD software package. The slice shown here is about 5 nm
thick, and represents the average of two consecutive tomographic planes. Arrowheads indicate slender
fibrils connecting the end of microtubules to the kinetochore. Image courtesy of J. Richard McIntosh.
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Besides mediating interactions with spindle microtubules, kinetochores are mechanosensors that
control stability of microtubule attachment to favor the bi-orientation of sister chromatids (or of the
bivalents during meiosis), instead of incomplete or incorrect configurations such as mono-orientation,
syntelic attachment, or merotelic attachment [9]. This property of kinetochores is generally referred
to as error correction, and its molecular basis remains rather poorly understood. The pioneering
experiments of Nicklas and colleagues [10], as well as more recent functional analyses [11–13], suggest
that the development of tension within the kinetochore or between sister kinetochores contributes
to discerning correct attachment from incorrect ones (see chapter by Lampson and Grishchuk,
reference [14]). Kinetochores also regulate the spindle assembly checkpoint (SAC, also named the
metaphase checkpoint), a feedback mechanism required to couple the initiation of mitotic exit with
the completion of sister chromatid bi-orientation [15,16]. The trigger of mitotic exit is the inactivation
of mitotic Cyclin-dependent kinase (CDK) activity and the activation of the protease activity that
eliminates sister chromatid cohesion. Both processes are regulated by Ubiquitin-dependent proteolysis,
and the SAC inhibits this regulated proteolysis to prevent premature mitotic exit in presence of
unattached or improperly attached kinetochores (see chapter by Ajit Joglekar, reference [17]). There is
overlap between the functions of the SAC as a mechanism to gain time when chromosome attachment
is incomplete or erroneous, and the function of the error correction apparatus that aims to favor
bi-orientation. Indeed, common molecular machinery regulates these processes, at least at the apex of
the pathway.
The ultrastructure of the vertebrate kinetochore is described based on early electron microscopy
(EM) studies employing glutaraldehyde fixation that identified kinetochores as trilaminar structures,
approximately 250 nm wide and 80 nm deep, with an electron-opaque inner plate juxtaposed to
the centromeric chromatin, a translucent gap layer, and an electron-opaque, chromatin-distal outer
plate apparently embedding the plus ends of spindle microtubules (defined as end-on attachment,
Figure 1B) [7,18]. Furthermore, in the absence of microtubules, a fibrous structure named the
corona becomes apparent externally to the outer plate [19–23] (Figure 1C). The corona, which is
not morphologically discernable following microtubule binding, triggers a significant expansion of the
kinetochore in a crescent-like shape [7,8,24–26] (Figure 1D,E). Studies with improved fixation (high
pressure freezing followed by freeze substitution) failed to confirm the existence of a clearly defined
trilaminar plate structure in the kinetochore, and have rather redefined the kinetochore as a disordered
fibrous mesh in which the plus ends of microtubules are embedded [8,27,28]. Depolymerizing
protofilaments of microtubules were shown to establish connections to the kinetochore through
slender fibrils [29] (Figure 1F).
A significant limitation in our understanding of kinetochores until the early 2000s was that a
molecular description of their architecture was largely missing. The advent of mass spectrometry-based
proteomics and functional genomics has led to substantial progress in the identification of kinetochore
subunits and sub-complexes, their reconstitution and purification, and their structural characterization
at high-resolution by X-ray crystallography and EM [3]. In particular, the structure of most of
the components of the outer kinetochore is now known, or can be inferred through cross-linking
experiments, and parts of the inner kinetochore are also beginning to be characterized. Below, we
first present a brief summary of studies on the centromere and its epigenetic definition. We then
review progress toward defining the structural organization of kinetochores, with references to older
foundational work and to accompanying chapters in this issue that focus on the functional output
of kinetochores, including microtubule-dependent force generation, error correction, and the SAC
(see references [14,17,30]). In our discussion of kinetochore structural organization, we will focus on
human kinetochores and lessons from recent biochemical reconstitution efforts but will refer to work
in other models to highlight important parallels/differences, and also to present questions that emerge
from cross-model comparisons.
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2. The Centromere
As discussed in the previous section, the centromere is the specialized chromatin region on
which kinetochores assemble. The DNA sequence at the centromere, however, varies considerably
from organism to organism. The short cis-acting DNA segments of S. cerevisiae centromeres (usually
designated as CENs) have overall conserved sequence features among the 16 chromosomes and
are sufficient for kinetochore assembly [31–35]. This type of centromere, found in S. cerevisiae and
related fungi, is referred to as a point centromere [36] (Figure 2A–C). The complexity of centromeres
in most other organisms, however, vastly exceeds that of the S. cerevisiae centromere. In the majority
of model systems studied to date, centromeres consist of highly repetitive DNA elements, including
retro-transposons or tandem repeat arrays, or combinations of both [4,6,37]. These centromeres span
chromosome regions in a range from tens of thousands to millions bps, and have therefore been
defined as regional centromeres [36]. For instance, human centromeres consist of a large number of
tandem 171-bps repeats, called α-satellite repeats, which extend within domains of ~0.2–4.0 Mbps [38]
(Figure 2D–F). Tandem repetitive sequences, unrelated to those in humans, are also identified at
centromeres of mice, fission yeast, flies, and plants, among others [4,6,37]. These complex regional
centromeres have a central portion where the kinetochore is assembled, flanked by pericentromeric
regions that are often also repetitive, heterochromatic in nature and accumulate cohesin complexes.
In contrast to S. cerevisiae, it has not been possible to identify, in these larger and more complex
centromeres, a univocal relation between the underlying sequence of the centromere and the ability to
seed a kinetochore [4,6,37]. For instance, conversion of a non-functional centromere to a functional
one on mini-chromosomes can occur in the absence of apparent sequence, structural, or chemical
changes in S. pombe [39]. Stably inherited dicentric chromosomes (chromosomes with two distinct
repeat arrays normally associated with centromere function) invariably show inactivation of one
of the two predicted centromeres, indicating that the DNA sequence is insufficient to establish the
kinetochore [40,41]. On the same line, functional neo-centromeres can form at euchromatic regions of
human supernumerary marker chromosomes in the absence of alphoid DNA [42–44], showing that
repetitive DNA is not necessary for a functional centromere. Similarly, acentric (i.e., centromere lacking)
chromosome fragments produced by irradiation can be transmitted quite faithfully in D. melanogaster
cells because they acquire neo-centromere activity at non-repetitive sequences [45]. That the presence
of repetitive sequences is not an absolute requirement for centromere identity is also supported
by the observation that centromeres of several organisms are devoid of them [46–50]. Repetitive
sequences, however, are likely to contribute to the stabilization of centromere organization and function.
Evolutionarily new centromeres (ENCs), which are initially generated by centromere repositioning
in non-repetitive, “gene desert” regions of the genome without additional chromosomal changes,
re-acquire repetitive DNA sequences in short evolutionary times [51–53].
Collectively, the observations discussed in the previous paragraph provided the foundation for
the idea that centromeres in most organisms are defined epigenetically rather than through specific
DNA sequences [54–56]. Over the years, the search for crucial determinants of epigenetic specification
of centromere identity has narrowed to CENP-A (also called CenH3) [57,58]. CENP-A is a histone
H3 variant [59–61] (Figure 3A). (Specific features of CENP-A that distinguish it from canonical H3
are discussed in Section 2.) With some exceptions [62], CENP-A is present at functional centromeres,
from S. cerevisiae (where it is called Cse4) to humans [61,63,64]. CENP-A is required for kinetochore
recruitment of all other kinetochore components [65–69], and is sufficient to promote kinetochore
assembly when targeted artificially to ectopic locations [70–76].
While the association of CENP-A, a crucial epigenetic factor, with the sequence-specific yeast
centromere may seem counterintuitive, it is important to note that CENP-A not only serves as an
epigenetic mark but also functions as the foundation for kinetochore assembly (as discussed in
Section 3), and this latter function is retained by S. cerevisiae CENP-ACse4. In S. cerevisiae, the CEN
DNA-binding CBF3 complex helps target CENP-ACse4, making propagation of CENP-A nucleosomes
genetically specified and restricted to a specific location. The concept of epigenetic specification
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in other species relates to the fact that the presence of CENP-A on a defined segment of DNA is
(largely) sequence independent, yet extremely stable and self-propagating at that particular locus
(the centromere) through multiple cell generations. The molecular basis for this phenomenon is
discussed in Section 7.
 
Figure 2. Schematic summary of the structural organization of budding yeast and human kinetochores.
Related colors highlight conserved components/complexes. (A) Schematic of the S. cerevisiae kinetochore
with subunit names; (B) The S. cerevisiae centromere (CEN) DNA is stereotyped and contains CDEI,
CDEII, and CDEIII regions, which bind CBF1, Cse4CENP-A, and CBF3, respectively; (C) Folding of
CEN DNA around a Cse4 nucleosome brings CBF1 and CBF3 in close proximity; (D) Schematic of the
H. sapiens kinetochore. Orthologous complexes are shown in the same order as in (A); (E) The unit
of human centromere assembly may consist of a pair of α-satellite repeats, each precisely wrapping
around a nucleosome. One of the two α-satellite repeats carries a CENP-B box. The CENP-TW complex
may interact in the inter-nucleosomal region through its histone-fold domain (HFDs) [77,78]. Repeats
of this unit give rise to α-satellite arrays, which in turn may organize themselves in higher order repeats
(HORs); (F) The human centromere arises from folding of centromeric chromatin in three dimensions
to facilitate the participation of several CENP-A nucleosomes in kinetochore assembly.
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Figure 3. The CENP-A nucleosome and its specific recognition by CENP-C. (A) Comparison of H3
and CENP-A primary, secondary, tertiary, and quaternary structure. Sequence and structure changes
concentrate in the N-terminal region, in the L1 segment of the CATD, and in the C-terminal region;
(B) Structure of the complex of the CENP-C motif bound to a nucleosome containing a chimeric
histone H3 with grafted hydrophobic C-terminal peptide of CENP-A [79]; (C) Scheme illustrating the
organization of CENP-C as a “blueprint” for kinetochore assembly along the outer to inner kinetochore
axis [80]. The H3 nucleosome structure is from X. laevis, the CENP-A nucleosome structure is human,
and the CENP-C motif-bound structure has a Drosophila nucleosome core particle (in which the human
CENP-A tail was grafted onto H3) bound to a rat CENP-C motif.
Why do centromeres in most species rely on an epigenetic identity and vary so significantly in
sequence despite their essential role in cell division? And why do active centromeres accumulate
repetitive DNA sequences? While definitive answers to these questions remain to be obtained, some
current hypotheses are mentioned here in brief. With regards to the first question, the ‘centromere drive’
80
Biology 2017, 6, 5
hypothesis posits that asymmetry of chromosome segregation in oocytes, where only a quarter of the
genome is transmitted to the egg while the rest is discarded in polar bodies, leads to a genetic conflict
that drives rapid centromere evolution [81]. This hypothesis has received support from evidence of
adaptive evolution in centromere/kinetochore proteins [82,83] and from analysis of centromere activity
in mouse strains with variation in centromeric repeats [84]. A different but not mutually exclusive
idea is that the foundation for kinetochore assembly requires a chromatin state that is defined largely
by architectural instead of sequence constraints, thereby reducing selection pressure to maintain
specific sequences. Provided that this chromatin architecture can be inherited through division,
such a model would explain centromere variation also in species that lack asymmetric segregation
during meiosis. For the question regarding presence of repeats at centromeres, neocentromeres lacking
repeats have been shown to be more sensitive to missegregation and to localize lower amounts of the
error correction machinery [85], implicating repeats in segregation accuracy. One hypothesis, based on
studies in S. pombe [86,87] is that repetitive sequences trigger heterochromatin formation, which in
turn promotes cohesin complex enrichment that both mechanically strengthens the centromere and
promotes localization of error correction machinery. Such a model would link optimal centromere
functionality to repeat accumulation, potentially accounting for why repeats have independently
accrued at centromeres of divergent species.
3. The Inner Kinetochore
3.1. The CCAN
Despite considerable diversity of centromere organization in different organisms, kinetochores
share significant similarity in their biochemical composition in evolution [88,89]. Early inroads
into the identification of proteins present at kinetochores were made when sera from patients
diagnosed with the autoimmune syndrome CREST (Calcinosis, Reynaud’s syndrome, Esophaegal
dysmotility, Sclerodactyly, Telangiectasia) detected centromeres in cells [90]. Subsequent work with
these anti-centromere antibodies (ACA) let to the identification of three antigens, which were named
CENP-A, CENP-B, and CENP-C, where CENP stands for centromeric protein [57,58]. Subsequent
work led to the identification of the coding sequence of the polypeptides to which these antigens
belonged [61,91,92]. In the following years, additional human CENPs were identified, including
CENP-H and CENP-I, the latter related to a previously identified fission yeast protein, Mis6 [93–95].
Subsequent analyses of the CENP-A, CENP-H, and CENP-I associated proteomes in vertebrate cells led
to the identification of several new CENPs, including CENP-K, CENP-L, CENP-M, CENP-N, CENP-O,
CENP-P, CENP-Q, CENP-R, CENP-S, CENP-T, CENP-U (also known as CENP-50), CENP-W, and
CENP-X [96–101]. This set of CENPs is now collectively identified as constitutive centromere associated
network (CCAN), a name emphasizing localization of at least a subset of CCAN subunits at centromeres
throughout the cell cycle [100,102]. The CCAN proteins localize to the most chromatin-proximal region
of the kinetochore [103–106] (Figure 2D).
Biochemical reconstitution and reciprocal dependency for kinetochore recruitment indicate that
the majority of the CCAN assembly can be subdivided into 4 discrete entities (Figure 2D): the CENP-LN
complex [107–110], the CENP-HIKM complex [80,110–115], the CENP-OPQRU complex [100,115,116]
and the CENP-TWSX complex [100,101]. These CCAN sub-complexes are probably constitutive, i.e.,
the stability of their subunits depends critically on reciprocal interactions in their cognate complex.
These building blocks further interact as discussed later in this section.
Most of the CCAN subunits have orthologs in S. cerevisiae [107,114,115,117–119], which are
collectively identified as the Ctf19 complex (Figure 2A). A notable exception is the 4-subunit CBF3
complex (Figure 2B,C), a cognate binding partner of the CEN DNA of S. cerevisiae [34]. CEN DNA
contains three major regions of sequence similarity, named CDEI, CDEII, and CDEIII [35]. CDEII,
which has an AT content of ~90%, is the binding site for the CENP-ACse4 nucleosome (discussed in
more detail in Subsection 3.2) [120–122], whereas CDEI and CDEIII bind respectively to the general
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transcription factor Cbf1 and to CBF3 [34,123–125]. Furthermore, CBF3 and Cbf1 interact, establishing
a bridge between CDEI and CDEIII that contains the CENP-ACse4 nucleosome [126–129]. While the
CENP-ACse4 nucleosome may be intrinsically left-handed (see Section 3.2), it has been proposed that
CBF3 may configure a right-handed DNA loop [130–132].
Surprisingly, CCAN subunits, with the notable exception of CENP-C, have not been found to
date in certain lineages, e.g., in D. melanogaster or C. elegans and related species [133]. This apparent
loss in species that rely on CENP-A-based kinetochores for chromosome segregation, together with
variation in the phenotypic impact of removal of CCAN subunits in species where they are present,
highlights that much still remains to be understood about the structural and functional contributions
of these four CCAN complexes at the kinetochore.
3.2. Structural Organization of the CENP-A Nucleosome
CENP-A retains several properties of histone H3 (Figure 3A). It interacts tightly with histone
H4, and is incorporated in vitro and in vivo into canonical octameric nucleosomes with histones H2A
and H2B that share many structural features of the canonical H3-containing nucleosomes, including
a left-handed DNA writhe [79,134–144]. CENP-A nucleosomes have looser terminal contacts in
comparison to H3 nucleosomes and protect a shorter DNA core (~100–120 bps) in nuclease protection
assays, a property enhanced by CENP-C binding [77,120,136,141,145–147].
Alternative models for the organization of CENP-A-containing nucleosomes have been proposed in
recent years, and readers are referred to comprehensive recent discussions [148,149]. Given the importance
that direct recognition of CENP-A plays in kinetochore assembly and stability, understanding the
effective organization of the CENP-A nucleosome and its dynamic changes during the cell cycle
is of great importance. To date, successful in vitro reconstitution of physical interaction of inner
kinetochore proteins with CENP-A has been limited to octameric nucleosomes [79,110,141,150,151].
These high-affinity interactions occur at thermodynamic equilibrium and may account for the
remarkable long-term stability of CENP-A in chromatin in vivo [141,152,153]. Thus, thermodynamic
stability is a benchmark against which alternative models for the role of CENP-A in kinetochore
assembly will have to be tested. This consideration does not detract from the possibility that structural
changes in the organization of the CENP-A nucleosome occur during the cell cycle (e.g., during DNA
replication) [148].
3.3. Recognition of CENP-A by CCAN Subunits
So far, two CCAN subunits, CENP-C and CENP-N (Figure 2D), have been found to interact directly
with CENP-A and exhibits specificity for CENP-A versus H3 nucleosomes [76,79,110,140,150,151]. CENP-N
binds directly to the CENP-A centromere-targeting domain (CATD, Figure 3A) of CENP-A [150].
The CATD comprises residues in the α1–α2 (L1) loop and the α2 helix of CENP-A and harbors the
highest concentration of sequence differences between CENP-A and H3, with a preponderance of these
in the L1 loop, which is also the only solvent-exposed region of the CATD (Figure 3A). The CATD
is required for incorporation in centromeric chromatin, and is also sufficient, when grafted onto the
equivalent position of H3, for loading of the H3 chimera to centromeres [135,139]. The latter property
likely reflects a second requirement of the CATD (besides CENP-N binding), the interaction with a
specific CENP-A chaperone required for incorporation of CENP-A into chromatin (see Section 7).
CENP-C, on the other hand, interacts with the acidic patch of H2A and H2B as well as with
the divergent C-terminal tail of CENP-A [76,79,140,154] (Figure 3B). Two sequence-related regions
of CENP-C, the central region and the CENP-C motif, have been implicated, each on its own right,
in the interaction with the CENP-A nucleosome (Figure 3C) [79]. The central region and the CENP-C
motif each encompass ~25 residues, and contain several conserved positively charged residues near
their N-terminus and two aromatic residues near their C-terminus. The N-terminal positively charged
region interacts with the acidic patch of H2A and H2B on the CENP-A nucleosome, a region that has
been implicated in the interaction of canonical H3 nucleosomes with different target proteins [155–157].
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The aromatic residues, on the other hand, interact with the C-terminal tail of CENP-A, which is known
to be necessary for CENP-C binding [69,70,76,151,154,158] (Figure 3C). Despite relatively modest
evolutionary sequence conservation, a common trait of the CENP-A C-terminal tail is that its sequence
is considerably more hydrophobic than that of H3 (Leu-Glu-Glu-Gly-Leu-Gly and Glu-Arg-Ala in
human CENP-A versus H3, respectively, Figure 3A). Thus, rather than a specific amino acid sequence,
the higher hydrophobicity of the C-terminal tail of CENP-A may be key for specific recognition by
CENP-C [79].
Despite their being related in sequence, the central region and the CENP-C motif of CENP-C do
not have the same potential for kinetochore recruitment. The central region is necessary and sufficient
to promote CENP-A nucleosome binding in vitro and kinetochore targeting in vivo [79,151,159–166].
The CENP-C motif, on the other hand, is insufficient for kinetochore targeting, but can be
recruited to kinetochores as part of a larger C-terminal fragment capable of homo-dimerization
with endogenous CENP-C through a C-terminal ‘Mif2-homology’ cupin-like domain [162–164,167,168].
Furthermore, while not sufficient for centromere recruitment in the absence of endogenous CENP-C,
the CENP-C motif and the dimerization domain contribute to the robustness of CENP-C recruitment
to kinetochores [151,165].
In vitro, CENP-C and CENP-N show relatively modest selectivity for CENP-A over H3, with
differences in dissociation constant of between 5- and 10-fold [110,151]. It is unlikely that these
differences, in the absence of other factors, account for the exquisite selectivity of kinetochore targeting
of these proteins to CENP-A nucleosomes, which are greatly outnumbered by H3 nucleosomes at
centromeres and in the rest of the genome [169]. Dimerization of CENP-C through its C-terminal
cupin-like domain (Figure 3C) suggests a role for multi-valency as a source of additional selectivity for
the interaction of CENP-C with centromeric CENP-A nucleosomes [79]. A second source of selectivity
may derive from the interaction, within the CCAN of CENP-C and CENP-N, which recognize distinct
features of the CENP-A nucleosome [110,151]. Post-translational modifications of histones have also
been implicated as a potential factor in the selective recognition of CENP-A nucleosomes [170,171].
In addition to CENP-C and CENP-N, the CENP-HIKM complex (Figure 2D) also contributes to
CENP-A binding affinity, but this complex interacts equally well with CENP-A and H3 nucleosomes,
and with linear DNA [110]. Importantly, however, CENP-C, CENP-HIKM, and CENP-LN interact
in a tight 7-subunit complex, the CENP-CHIKMLN complex [110], whose stability builds on
multiple interactions of its subunits, including direct interactions of CENP-HIKM or CENP-LN with
CENP-C [2,108–110,166].
A comprehensive view of the structural organization of the CENP-CHIKMLN complex is
currently missing. Crystal structures of the CENP-LN complex of S. cerevisiae and of human CENP-M
have been obtained and negative-stain single particle EM reconstructions have been generated for
CENP-HIKM [108,111]. CENP-M is structurally and evolutionary related to Ras family small GTPases.
It has lost all signature motifs previously implicated in GTP binding and hydrolysis by small GTPases,
and is therefore considered a pseudo-GTPase [111]. Biochemical reconstitution demonstrated that
CENP-M is required to stabilize CENP-I, predicted to have a α-solenoid fold of β-karyopherins [111].
No CENP-M ortholog has been identified in S. cerevisiae whereas CENP-H, -I, and -K all have orthologs
in this organism (Figure 2A,D) [88].
3.4. The CENP-TWSX Complex
The CENP-TW and CENP-SX subcomplexes (Figure 2D) associate to form the tetrameric
CENP-TWSX complex. All four subunits in this tetrameric complex possess histone fold domains.
CENP-T contains additional N-terminal sequences, whose function in kinetochore assembly is
discussed in Section 4. While CENP-TW and CENP-SX form stable entities in isolation and can
have distinct biological functions [172–174], the tetrameric CENP-TWSX assembly was proposed to
form a nucleosome-like structure flanking the CENP-A nucleosome at centromeres [175]. However,
rigorous structural and functional evidence for this hypothesis is lacking. In vitro, the CENP-TWSX
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complex induces positive DNA supercoiling, contrarily to H3 and CENP-A nucleosomes (and to
the isolated CENP-TW and CENP-SX complexes), which induce negative supercoiling [176]. When
incubated with in vitro reconstituted H3 or CENP-A di-nucleosomes and visualized by negative-stain
EM, two tetramers of CENP-TWSX bound preferentially to the ~100 bp inter-nucleosome linker DNA
rather than nucleosome-bound DNA, but the limited resolution did not allow discriminating whether
the two CENP-TWSX tetramers formed a nucleosome-like structure on the linker DNA; in addition,
nuclease cleavage did not identify the pattern normally observed with canonical nucleosomes [176].
DNA binding by CENP-TWSX requires the histone fold domains of CENP-T and
CENP-W [100,175,176]. No evidence of DNA sequence selectivity for these domains has been
reported. In contrast to CENP-A, the pool of CENP-TW turns over relatively rapidly at centromeres,
and with a cell cycle-regulated pattern, with centromere incorporation in late S-phase and G2 [177].
Incorporation of CENP-TW at the kinetochore has not been shown to require histone chaperones.
Rather, in both humans and yeast, kinetochore recruitment of CENP-TCnn1 appears to depend,
in addition to DNA binding, on a direct interaction with other CCAN subunits, and in particular with
the CENP-HIKM complex [78,111,113,178]. CENP-T recruitment is also affected by the N-terminal
tail of CENP-A, in both fission yeast and humans [70,179], although the biochemical basis for this
effect is to date unclear. Furthermore, ablation of either CENP-TW or CENP-SX has a distinct effect
on outer kinetochore stability [100,101,178]. These observations detract from the hypothesis of a
nucleosome-like structure flanking the CENP-A nucleosome, and rather suggest that CENP-TW binds
DNA weakly and requires concomitant binding to other CCAN subunits at the inner kinetochore for
its recruitment.
3.5. The CENP-OPQRU Complex
CENP-O, -P, -Q, -R, and -U (Figure 2D) associate into a complex [109,180]. Recruitment of
CENP-OPQRU to the kinetochore requires CENP-CHIKMLN [96,97]. Loss of this complex does not
affect localization of other inner kinetochore components and the functional importance of this complex
at vertebrate kinetochores appears to vary in different systems [109,181,182]. A role in chromosome
congression, at least partly operating through microtubule-binding sites in the CENP-Q and CENP-U
subunits, as well as through recruitment of the microtubule motor CENP-E to kinetochores, has been
reported [182–184]. Furthermore, CENP-U has been implicated in kinetochore recruitment of Polo-like
kinase 1 (Plk1), an important regulator of kinetochore-microtubule attachments [185,186]. Thus, this
complex is relatively peripheral in the organization of the CCAN in vertebrates and may contribute to
chromosome segregation via recruitment of motor and kinase activities.
In budding yeast, where the CENP-O/P/Q/U/R–related complex is known as the COMA
complex (for Ctf19, Okp1, Ame1 and Mcm21), two of the subunits, Ctf19 and Mcm21 (homologous
to CENP-P and CENP-O, respectively), are non-essential for viability but are required for accurate
segregation [187]. These subunits harbor RWD domains related to those observed in the Spc24/Spc25
subunits of the Ndc80 complex and the Knl1 C-terminus [116]. Deletion of Ctf19 or Mcm21 disrupts
proper replication timing and cohesin complex accumulation in the pericentromeric region [188–190].
Interestingly, the other two subunits, Ame1 and Okp1 (homologous to CENP-U and CENP-Q, respectively)
are essential for viability and Ame1 has been shown to directly interact with the Mis12 complex of the
KMN network via a motif whose selective mutation is lethal [191]. These results suggest a potentially
more significant role for the COMA complex in inner-outer kinetochore linkage in budding yeast than
has been observed for the CENP-O/P/Q/U/R complex in vertebrates. CENP-Q is essential in mouse
embryonic stem cells but not in mouse fibroblasts [181]; whether this difference in phenotype arises
from a differential role in kinetochore assembly is not known. It will be important to elucidate the
functions of this peripheral CCAN complex and determine the reasons for distinct effects of its loss in
different systems and in different contexts within the same species.
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3.6. CENP-B
CENP-B, the only specific DNA binding protein at mammalian centromeres, binds to the
conserved 17-bp CENP-B-box, many copies of which are disseminated in centromeric α-satellite
DNA repeats [192] (Figure 2E). CENP-B shares sequence homology with transposases encoded by the
pogo family of DNA transposons [193] and appears to have arisen from them. A role of CENP-B in
centromere stability has been questioned because of its limited conservation (CENP-B like proteins
are thought to have arisen from transposases independently in fungi, insects and mammals), because
CENP-B boxes are absent from neocentromeres, and because there are chromosomes (such as the
human Y chromosome) that lack CENP-B boxes altogether. Furthermore, deletion of CENP-B in mice
does not affect viability [194–196]. Nonetheless, a role for CENP-B in centromere stability is suggested
by its requirement for the de novo establishment of centromeres on human artificial chromosomes
built using centromere-enriched satellite DNA [197,198], and from the fact that its deletion increases
chromosome instability [199,200]. Several recent and older observations support a role of CENP-B in
the stabilization of centromere structure. For instance, CENP-B appears to contribute to the phasing
of CENP-A nucleosomes on centromeric DNA and to the typical unwrapping of its nucleosomal
termini [146], and it increases the stability of reconstituted CENP-A nucleosomes [201], likely through
a direct interaction with the N-terminal region of CENP-A [199]. Furthermore, CENP-B binds directly
to CENP-C, supporting a second pathway of CENP-C recruitment in addition to that based on the
interaction of CENP-C with the CENP-A C-terminal tail [159,199]. These interactions of CENP-B may
be largely redundant with other stabilizing interactions at centromeres, but their importance is exposed
following perturbation of normal CENP-A function [199].
3.7. Summary
This section illustrates the important concept that inner kinetochores are built by evolutionary
conserved interactions of CCAN subunits with the CENP-A nucleosome. In line with the theory
that centromere identity is determined epigenetically in most organisms (the notable exception being
budding yeasts, where a specific sequence is recognized by the CBF3 complex to direct CENP-A
loading), none of these interactions, appears to require specific DNA sequences, except for those
made by CENP-B, which is not conserved even throughout vertebrates and is not essential but may
contribute to kinetochore stability when present. The evolutionary presence/absence and phenotypic
effect of CCAN subunit inhibitions, with the possible exception of CENP-C, are also surprisingly
variable, with kinetochores of well-studied models such as C. elegans and D. melanogaster lacking the
entire repertoire except for CENP-C [62,88,89,133]. These greatly simplified kinetochores appear to
entirely rely on CENP-C being a linker between the CENP-A nucleosome and the outer kinetochore,
as discussed in Section 5. This variation raises intriguing questions about the functional roles of this
large group of inner kinetochore proteins that will be important to address in future studies.
4. The Outer Kinetochore
The outer kinetochore is the (main) platform for end-on microtubule binding by the kinetochore
and responsible for transducing the force generated by depolymerizing microtubules to move
chromosomes. The core of the outer kinetochore is a 10-subunit protein assembly known as KMN
(for Knl1 complex, Mis12 complex, Ndc80 complex, described in Figure 2) [115,202–212]. The three
sub-complexes (Knl1, Mis12, and Ndc80) exercise clearly distinct functions as summarized below.
4.1. The Ndc80 Complex
The 4-subunit Ndc80 complex is the primary microtubule receptor at the kinetochore [209,213].
Its four subunits contain large segments of coiled-coil, flanked by globular domains (Figure 4A).
The complex is dumbbell-shaped and has a long axis of approximately 55 to 60 nm (Figure 4A,B).
Microtubule-binding, mediated by the N-terminal regions of the Ndc80 and Nuf2 subunits, and
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kinetochore-targeting, mediated by the C-terminal regions of the Spc24 and Spc25 subunits, occupy
opposite ends of the complex [214–218].
Crystal structures of isolated globular domains of Ndc80 complex subunits, and of engineered
Ndc80 complexes lacking most of the coiled-coil (named Ndc80Bonsai and Ndc80Dwarf), revealed
that the microtubule-binding region of the Ndc80 complex consists of a pair of tightly packed
calponin-homology (CH) domains in the Nuf2 and Ndc80 (also called Hec1) subunits [216,218,219].
The latter are structural paralogs, whose overall domain organization, an N-terminal CH domain
adjoined by a coiled-coil segment, is also found in three Intraflagellar Transport (IFT) complex B
subunits, IFT81, IFT57, and CLUAP1 [220].
Visualization by cryo-electron microscopy of Ndc80Bonsai bound to microtubules demonstrated a
direct interaction of the CH domain of the Ndc80 subunit with the microtubule lattice with a spacing
of 4 nm along each protofilament, indicative of interactions of the CH domain with both tubulin
monomers [209,221,222] (Figure 4C). The interaction engages a region of the Ndc80 CH domain,
designated toe, which gathers several positively charged residues previously shown to mediate
high-affinity microtubule binding, and which has been proposed to act as a conformational sensor for
straight protofilaments [221,223].
In addition to the CH domains, an ~80-residue, highly basic and structurally disordered
N-terminal tail of the Ndc80 subunit has been functionally implicated in the Ndc80-microtubule
interaction in vitro and in cells [213,216,218,224–226] (Figure 4A). The N-terminal tail may contain
two distinct functional segments. One segment, running from residues 47–68 (of human Ndc80), has
been implicated directly in microtubule binding through an interaction with E-hooks (the negatively
charged C-terminal tails of α- and β-tubulin) of tubulin protomers in the adjacent protofilament [222].
Another segment, preceding the E-hook binding region, has been implicated in inter-Ndc80 complex
interactions along the same protofilament [221,222]. Collectively, these interactions may be responsible
for the ability of the Ndc80 complex to form clusters on the microtubule lattice [218,221,222], and
suggest that binding of Ndc80 complexes to microtubules may be cooperative. As explained more
thoroughly below, however, a microtubule-binding site in the kinetochore engages a relatively small
number of Ndc80 complexes (probably 6 to 10) in an end-on configuration. Whether Ndc80 complexes
can interact inter-molecularly in this setting, and whether their binding to microtubules is cooperative,
remains controversial [227–229]. We additionally note that deletions of the Ndc80 tail in S. cerevisiae
and in C. elegans do not exhibit the severe phenotypic consequences expected for a major defect
in kinetochore-microtubule interactions [230–232]; in contrast, mutations in conserved CH domain
residues have severe consequences in all systems where they have been analyzed. Thus, the precise
role of the N-terminal tail of Ndc80 in kinetochore-microtubule interactions remains an important
question for future investigation.
While the mechanism of the interaction of Ndc80 with microtubules and with itself requires
further investigation, it is clear that the N-terminal tail of Ndc80 regulates microtubule binding.
Aurora B kinase, a major regulator of kinetochore-microtubule attachment [14], phosphorylates up to
nine sites in the human Ndc80 N-terminal tail [213,216,218,221,222,224–226,229,233]. Phosphorylation
neutralizes the intrinsic positive charge of the Ndc80 N-terminal domain, greatly decreasing the
binding affinity of the Ndc80 complex for microtubules in vitro [209,216,218,225,226]. The N-terminal
tail of C. elegans Ndc80 is also the target of regulation by a protein complex that recruits and activates
the dynein motor at kinetochores [232]; see Section 5.3 below.
4.2. The Mis12 and Knl1 Complexes
The Mis12 complex is an interaction hub that promotes KMN assembly through its binding sites for
both the Ndc80 complex and the Knl1 complex, and that connects the KMN with the inner kinetochore
through interactions with CENP-C and CENP-T. Previous low-resolution negative stain EM analyses
depicted the Mis12 complex (known as MIND complex in S. cerevisiae) as a ~20 nm rod [234–237].
When Mis12 and Ndc80 are combined and their structure is examined by negative stain or rotary
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shadowing EM, they appear as ~90-nm particles, indicating that they interact ‘in series’ [238,239]
(Figure 4D). Recent crystal structures of the human and yeast complexes demonstrate that the four
subunits of the Mis12 complex are structural paralogs with high helical content (Figure 4E). They
pair in Dsn1:Nsl1 and Mis12:Pmf1 sub-complexes, that meet in a central stalk domain. The N- and
C-termini of all four subunits cluster at opposite ends of the rod [240,241]. Linear motifs near the
C-termini of the Nsl1 and Dsn1 subunits of the Mis12 complex, invisible in the crystal structure,
provide binding sites for the RWD domains in the C-terminal region of the Spc24 and Spc25 subunits
of the Ndc80 complex [234,240–242].
Figure 4. The NDC80 and MIS12 complexes of the KMN network. (A) The NDC80 complex is highly
elongated and interacts with microtubules via calponin-homology (CH) domains in the N-terminal
regions of NDC80 and NUF2. A basic N-terminal tail preceding the NDC80 CH domain (depicted as
unstructured) is subject to Aurora kinase phosphorylation (Ps in black circles) and regulates microtubule
binding. A long coiled-coil, interrupted by a loop (white arrowhead) terminates in a tetramerization
domain with SPC24 and SPC25. The latter start with coiled-coils and terminate with RWD domains
(red arrowhead), which interact with the MIS12 complex; (B) Rotary shadowing electron microscopy
of the NDC80 complex, showing its characteristic dumbbell shape, and an overall length of ~65 nm.
Images in (B,D) courtesy of Dr. Pim Huis in ‘t Veld, Max Planck Institute of Molecular Physiology,
Dortmund (Germany) [239]; (C) Model from cryo-EM studies of the Ndc80Bonsai complex bound to
the microtubule lattice. Only a single α-tubulin:β-tubulin dimer is shown, with two Ndc80Bonsai
complexes bound via the toe region; (D) Complexes of the NDC80C and MIS12C are ~85 nm in length;
(E) Structural organization of the MIS12 complex bound to the N-terminal region of CENP-C [241].
All structures shown are for the human complexes.
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The stalk of the Mis12 complex, together with a ~20-residue C-terminal motif in Nsl1, also provides
a binding site for Knl1, the largest outer kinetochore subunit (2316 residues in humans) (Figure 5).
With the exception of the last ~500 residues, Knl1 is largely intrinsically disordered, and contains an
array of protein docking motifs, including a canonical binding site for the PP1 phosphatase very near
the N-terminus, and multiple Met-Glu-Leu-Thr (MELT) repeats, identified to act, after phosphorylation
by the Mps1 kinase on the conserved Thr residue, as docking sites for the SAC protein complex
Bub1:Bub3 [15,17] (Figure 5). The Knl1 C-terminal region, on the other hand, consists of a predicted
coiled-coil followed by tandem RWD domains, and is therefore structurally related to Spc24, Spc25,
CENP-O, and CENP-P, suggesting a common evolutionary origin of these proteins [116,235]. The RWD
domain mediates a direct interaction of Knl1 with the Mis12 complex, whereas Zwint binds to a more
extended domain additionally comprising the coiled-coil region [234,235,241].
With some variations, the description of the outer kinetochore in the previous paragraphs applies
to yeast and human kinetochores alike. In addition, in the case of the outer kinetochore, exceptions
have emerged in the course of evolution. In D. melanogaster, for instance, no ortholog of Dsn1 or Zwint
was identified, whereas two closely related and functionally redundant paralogs of Pmf1Nnf1 (Nnf1a
and Nnf1b) exist [243–246]. Furthermore, the unconventional SNARE family member Snap29 was
recently shown to localize to kinetochores and to be required for KMN assembly in this organism [247].
In biochemical reconstitutions, the Drosophila Mis12 complex is highly stable in the absence of Dsn1
(unlike the human and yeast complexes) [245,246]. Significant adaptation of the Nsl1 sequence at
residues implicated in Dsn1 binding by the structures of the human and yeast Mis12 complex explain
this result (not shown). In C. elegans, where the KMN components are all present and were shown
to self-associate in biochemical reconstitutions, there are some notable sequence variations, e.g.,
C. elegans Knl1 lacks the tandem RWD domains at the C-terminus and the RWD domains of Spc24
and Spc25 appear severely diminished. Knl1 family proteins also exhibit widespread and recurrent
evolution of repeats in their N-terminal region [248]. The reasons for these variations are currently
unclear. Nonetheless, relative to the CCAN, KMN is broadly conserved, likely reflecting its essential
involvement in microtubule attachment and scaffolding of the SAC.
4.3. Complexity of the Kinetochore Microtubule Interfaces
Understanding the role of Ndc80 complex in the generation of dynamic load-bearing attachments
during chromosome congression and segregation is a primary goal of current research (see review
by Asbury and colleagues, reference [30]). Classic in vitro studies demonstrated that kinetochores
can hold on to a depolymerizing microtubule end [249] and, more significantly, a depolymerizing
microtubule generates significant force that is capable of moving chromosomes bound via their
kinetochores [250,251]. These studies inspired efforts to analyze if the Ndc80 complex, the widely
conserved outer kinetochore-localized microtubule-binding complex, acts as a coupler that is able to
harness the force generated by a depolymerizing microtubule end. When immobilized on beads at
sufficiently high concentrations, the Ndc80 complex is sufficient to create load-bearing attachments
to depolymerizing microtubules [29,227,252]. Individual, soluble Ndc80 complexes, on the other
hand, are unable to track depolymerizing microtubule ends [253]. These experiments suggest that
clustering on beads enables the establishment of multiple microtubule attachments, and that the latter
are required for microtubule plus-end tracking during depolymerization. Clustering of multiple Ndc80
complexes at kinetochores is likely to achieve a similar effect.
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Figure 5. Orchestration of the spindle assembly checkpoint (SAC) by the KMN network SAC
components are recruited via the Knl1 subunit that is 2316 residues in humans and is largely disordered.
Exceptions are a predicted coiled-coil around residues 1850–2100, and the C-terminal tandem RWD
domains, whose crystal structure is shown [235]. The RWD region of Knl1 binds directly to the MIS12
complex [234,235]. The N-terminal half of Knl1 contains multiple MELT repeats (Met-Glu-Leu-Thr) that
are targeted by Mps1 kinase (which in turn requires Aurora B kinase to become activated). Each MELT
repeat has the potential to assemble active SAC complexes that signal lack of microtubule attachment
and arrest the cell cycle in mitosis.
It is important to note, however, that Ndc80 is not the sole player in linking kinetochores to
microtubules. Additional microtubule-binding proteins and motors identified there include the SKA
and Dam1 complexes, Kif18a, MCAK, SKAP:Astrin, XMAP215/CH-TOG, CENP-E, CENP-F, and
Dynein [9,254]. The functions of these proteins at kinetochores are discussed in the essays from
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Maiato, Lampson and Grishchuk, and Asbury and colleagues ([14,30,255]), and here we limit the
discussion to a brief account of the SKA and the Dam1 complexes, two sequence and structurally
unrelated microtubule binders with complementary phylogenetic distributions that have emerged
as playing a fundamental role in microtubule coupling at kinetochores [256–259]. The human SKA
complex and the budding yeast Dam1 complex can track dynamic microtubules, and interact with their
cognate Ndc80 complex specifically when bound to microtubules [253,260–265]. The Aurora B kinase
phosphorylates the SKA and Dam1 complexes to reduce their binding affinity for kinetochores [264–267],
in line with a regulatory scheme that identifies the Aurora B kinase as a negative regulator of the
strength of the attachment of kinetochores to microtubules, and as a crucial actor in the correction
of improper kinetochore-microtubule attachments (see reviews by Lampson and Grishchuk and by
Asbury and colleagues [14,30]). In a recent twist, the SKA complex was also shown to stimulate
Aurora B activity [268].
Structural and biochemical work on the SKA complex has started to elucidate its organization
and mechanism of action [253,269–271]. The SKA complex is a trimer of the Ska1, Ska2, and Ska3
subunits. It is ‘W’ shaped, and consists of dimers of triple helical bundles of the three subunits [269].
The C-terminal domain of the Ska1 subunit contains a winged-helix motif that interacts with
surface-exposed regions of tubulin that are insensitive to microtubule curvature, while the unstructured
C-terminal region of Ska3 facilitates the interaction of Ska1 with microtubules [271]. The Dam1 complex
is a heterodecamer [272,273], and individual heterodecamers assemble into rings that encircle the
microtubule surface [274–277]. Both the SKA and Dam1 complexes are dependent on the Ndc80
complex for their kinetochore localization in cells and enhance the microtubule coupling ability of the
Ndc80 complex in vitro. These findings suggest that the concerted action of Ndc80 and SKA/Dam1
complexes underlies the load-bearing attachments made at kinetochores but the detailed mechanistic
basis for their concerted action remains to be elucidated.
5. Linkages between the Inner and the Outer Kinetochore
5.1. Two Mechanisms Link Inner and Outer Kinetochores
The outer kinetochore is linked to the inner kinetochore via two different mechanisms (Figure 6).
In the first mechanism, CENP-C directly binds to the Mis12 complex [165,238,240,241,245,278,279],
which in turn binds to the Ndc80 complex and Knl1. In the second mechanism, the RWD domains
in the Spc24 and Spc25 subunits of the Ndc80 complex directly interact with the intrinsically
disordered N-terminal extension of CENP-T [75,113,239,242,279–282]. We summarize below the
detailed understanding of these two mechanisms in yeast and vertebrates and their relative importance
in outer kinetochore assembly in different systems.
CENP-C (and its yeast homolog Mif2) binds directly to the Mis12 complex through an ~45-residue
N-terminal motif, an interaction captured in the recent co-crystal structures of the yeast and
human Mis12MIND complexes discussed in the previous section [240,241] (Figure 4E). In S. cerevisiae,
the 4-subunit COMA complex (Ctf19:Okp1:Mcm21:Ame1), which is part of the yeast CCANCtf19
complex and whose subunits are related to those in the CENP-OPQRU complex, helps reinforce
the interaction of CENP-CMif2 with Mis12MIND [191]. In both yeast and humans, Aurora B kinase
regulates the Mis12MIND:CENP-CMif2 interaction by phosphorylation of two serine residues (Ser100
and Ser109 in humans) that reside in closely spaced, positively charged motifs in a disordered region of
Dsn1 [280,283–287]. Aurora B phosphorylation of Dsn1 increases the binding affinity of CENP-C for the
Mis12 complex by approximately two orders of magnitude, through relief of a competitive inhibitory
mechanism in which the unphosphorylated Dsn1 region binds and masks in an intra-Mis12-complex
manner the CENP-C binding region [240,241]. The significance of this regulation, which likely requires
the presence of Aurora B kinase activity at centromeres, may be to stabilize the CENP-C:Mis12 complex
interaction exclusively in the proximity of kinetochores.
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Figure 6. Linkages between the inner and outer kinetochore. Structures of a portion of the NDC80
complex (the N-terminal globular domains of NDC80 and NUF2 are not shown), the MIS12 complex
and the C-terminal kinetochore-targeting domain of KNL1 are used to depict a KMN particle in humans.
(A) The first linkage is formed by the interaction of a KMN particle with the N-terminal region of
CENP-C. This interaction is enhanced by Aurora B phosphorylation of residues (S100 and S109) in the
N-terminal region of the DSN1 subunit of the MIS12 complex; (B) The second linkage involves the
interaction of up to two NDC80 complexes with two CDK1-phosphorylated residues (T11 & T85) in
the N-terminal region of CENP-T, as well as of a second entire KMN recruited via a CDK1-dependent
interaction of the MIS12 complex with S201 of CENP-T [239]. In vitro, CENP-C and CENP-T bind to
the MIS12 complex within the KMN network competitively, implying that they cannot be bound to the
same KMN [239]. All structures shown are for the human complexes.
The RWD domains in the Spc24 and Spc25 subunits of the Ndc80 complex interact directly with two
related, short sequence motifs in the first 100 residues of the intrinsically disordered N-terminal extension
of CENP-T (consisting of approximately 450 residues in humans) [75,113,239,242,279–282]. In humans,
this interaction requires CDK phosphorylation of the CENP-T motifs, but the equivalent interaction of
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Spc24:Spc25 with CENP-TCnn1 in S. cerevisiae may not require phosphorylation [242,279,281]. At least
in vitro, the two Ndc80 complex-binding motifs of CENP-T can be occupied concomitantly, suggesting
that this mechanism can recruit up to two Ndc80 complexes per CENP-T molecule [113,239]. The motifs
on CENP-T are closely related to the Spc24:Spc25-binding motif in Dsn1 (discussed in the previous
section) [242]. Not surprisingly, therefore, recent crystal structures demonstrated that the Dsn1 and
CENP-T motifs bind Spc24:Spc25 through a largely similar mechanism [240].
In an interesting recent twist, it was realized that CENP-T also contributes to kinetochore
recruitment of the Mis12 complex [239,280,288]. This is promoted by a direct interaction of the Mis12
complex with a distinct, non-canonical CDK phosphorylation site on human CENP-T, Ser201 [239].
Whether this interaction is conserved in S. cerevisiae is currently unknown. Thus, at human kinetochores,
a single N-terminal tail of CENP-T can, after appropriate phosphorylation, promote the localization of
up to three Ndc80 complexes, two through a direct interaction, and one indirectly through the Mis12
complex (Figure 6). These biochemical data are consistent with analysis in human cells, where CENP-T
depletion reduces Ndc80 complex localization at kinetochores to a third of that in controls, without
affecting CENP-C localization (See Section 5.2 below).
The presence of two mechanisms for linking the outer and inner kinetochore raises the question
why these two linkages are needed and whether they are widely employed. In all systems tested,
CENP-C inhibition leads to severe defects and lethality (with the exception of S. pombe, where a
suppressor mutation can improve growth of a CENP-C null mutant that is extremely sick and
missegregates chromosomes at high frequency [166]. Depletion or deletion of CENP-T results in
extensive outer kinetochore assembly and chromosome alignment defects in chicken and human
cells [100,176,279,280,287,288]. In addition, chicken CENP-T can generate ectopic microtubule
attachment sites that support chromosome segregation in the absence of CENP-C [75], and a chimeric
construct in which the N-terminal region of CENP-T replaced the entire N-terminal domain of
CENP-C appeared to support chromosome segregation [288]. Surprisingly, however, a deletion
mutant of the CENP-T ortholog Cnn1 in S. cerevisiae is viable and the absence of CENP-T does
not significantly reduce the amount of Ndc80 recruited to kinetochores in this system [242,282,289].
In addition, in D. melanogaster and C. elegans, which lack all CCAN subunits with the exception of
CENP-C (see Section 3), the interaction of CENP-C with the Mis12 complex is likely the only linkage
between the inner and outer kinetochore. Consistent with this notion, a tight CENP-C interaction
with the Mis12 complex has been observed in biochemical reconstitutions of the D. melanogaster
outer kinetochore [245,246]. Thus, from the analysis in different models to date, it appears that the
CENP-C–outer kinetochore linkage is more commonly employed, although in the vertebrate species
analyzed to date the CENP-T linkage makes the more dominant contribution to Ndc80 complex
recruitment. Interestingly, the CENP-T ortholog in S. pombe (Cnp20) unlike Cnn1 in S. cerevisiae,
is essential for viability [166]. Additional work on S. pombe CENP-T is needed to address whether
its essential function relates to outer kinetochore assembly. More broadly, asking precisely why two
types of linkages have evolved to link the inner and outer kinetochore and asking whether there is a
functional specialization of these linkages are important questions for future studies.
In summary, the plan of kinetochore assembly from the chromatin layer to the outer kinetochore
has been now delineated in significant detail. Crucial features of this assembly plan include:
(1) Recruitment of all kinetochore proteins ultimately depends on specific interactions with CENP-A.
CENP-C, CENP-N, and CENP-T, which have been implicated as the proteins at the base of the
kinetochore, require CENP-A for their localization; (2) Both CENP-C and CENP-N bind directly to
the CENP-A nucleosome; (3) CENP-T does not bind directly to the CENP-A nucleosome, but appears
to recognize a combination of the CENP-HIKM complex (which interacts directly with CENP-C
and CENP-NL) and naked DNA, possibly in a linker region neighboring the CENP-A nucleosome;
(4) CENP-C creates a direct linkage between CENP-A (and its associated CCAN subunits) and the KMN
network, binding concomitantly to both, and acting in analogy to a ‘blueprint’ to order kinetochore
assembly; (5) CENP-T plays an analogous bridging function, and its N-terminal region can even replace
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the N-terminal region of CENP-C involved in Mis12 binding in an engineered context. The latter
observation suggests that CENP-C and CENP-T might be distantly related in evolution.
These principles, which summarize a vast body of literature, were recently implemented in the
biochemical reconstitution of a 21-subunit kinetochore particle containing the CENP-A nucleosome,
the CENP-CHIKMLN complex, and the KMN network [110]. The reconstituted complex was shown
to be sufficient to associate the CENP-A nucleosome with microtubules in vitro, demonstrating
that its components can create a linkage between DNA associated with CENP-A and microtubules.
Lacking from the reconstitution were the CENP-TW (and CENP-SX) complex and the CENP-OPQRU
complex. The latter binds directly and with high affinity to the CENP-CHIKMLN complex, whereas
incorporation of the former might require, as suggested above, a more complex chromatin template
than a single CENP-A nucleosome.
A reconstitution approach also has the potential to fully define the CEN DNA-based kinetochore
in S. cerevisiae that is built on a single well-positioned CENP-A nucleosome and binds to a single
microtubule. Work on isolated kinetochore particles purified from S. cerevisiae has begun to illustrate
the overall structural organization of this unit kinetochore and its microtubule binding modes [290,291]
(Figure 7). When imaged by negative stain EM, the kinetochore particles had a central core of ~37 nm
diameter, and were radially surrounded by 5 to 7 globular domains with ~21 nm diameter. When
bound to microtubules, the particles appeared to contain a 50-nm ring structure surrounding the
microtubule (likely the Dam1 complex), linked through a fibrous network (likely the Ndc80 complex)
to the globular region. Two sites of microtubule attachment were visible, one coinciding with the ring
structure and one at the junction of the fibrous structure with the globular region [291]. Continued
analysis of yeast kinetochore particles and of human kinetochore reconstitutions of the type described
recently should yield detailed insight into the structure and microtubule interaction properties of a
unit kinetochore module in the foreseeable future.
5.2. Stoichiometry of Kinetochore Subunits
Estimates of the stoichiometry of human kinetochore composition were recently obtained
through distinct experimental efforts, including biochemical reconstitution combined with analytical
ultracentrifugation, and measurements of fluorescence intensity ratios in cells [110,288]. Biochemical
reconstitution suggests that there are two CCAN complexes per CENP-A nucleosome [110].
As explained above, both CENP-C and CENP-T interact directly with the Mis12 complex, but their
binding is mutually exclusive, implying that each of the two CCAN subunits has the potential
to recruit the Mis12 complex independently [239]. Thus, if two copies of CENP-C and CENP-T
associate with a CENP-A nucleosome, and each of them recruits Mis12, four Mis12 complexes will
associated with the CENP-A nucleosome. Because each Mis12 complex also carries tightly bound
Ndc80 and Knl1 complexes, as predicted by biochemical reconstitution experiments, at least four of
each should be present. Furthermore, each CENP-T can also directly recruit up to two additional Ndc80
complexes, depending on the degree of saturation of phosphorylation and binding [113,239]. These
numbers, summarized in Figure 8, are in excellent agreement with those obtained by quantification of
fluorescence intensity at kinetochores [288]. In S. cerevisiae, early fluorescence measurements suggested
~8 KMN per centromeric CENP-ACse4 nucleosome (or, more precisely, 8-fold higher fluorescence
intensity for KMN subunits relative to CENP-ACse4 in the cluster of 16 centromeres). As deletion of
the CENP-T ortholog Cnn1 does not reduce kinetochore-localized Ndc80, which is in contrast to what
is observed in human cells, how this stoichiometry is achieved remains at present unclear.
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Figure 7. Images and structural model of budding yeast kinetochore particles. (A) Negative stain
electron micrographs showing a kinetochore particle isolated from S. cerevisiae [291]. Images in this
panel and in C courtesy of Sue Biggins and Tamir Gonen; (B) A rendered image with possible molecular
interpretation of the negatively stained particles showing MINDMIS12:CENP-C complexes departing
from a central “hub” and connecting with Ndc80 complexes. Image reproduced with permission
from reference [240]; (C) Negative stain electron micrographs showing a S. cerevisiae kinetochore
particle bound to the end of a taxol-stabilized microtubule [291]. Image courtesy of Sue Biggins and
Tamir Gonen; (D) The structure in (B) is shown to surround the microtubule in end-on configuration.
The Dam1 complex stabilizes the arrangement by surrounding the microtubule. Image reproduced
with permission from reference [240].
5.3. Temporal Framework of Kinetochore Assembly and Disassembly
The majority of CCAN subunits display continued centromere localization (defined as
co-localization with CENP-A foci) during the cell cycle and, in most cases, negligible turnover
rates [292–295]. Nonetheless, studies on the reciprocal dependencies of CCAN subunits during
the cell cycle indicate clear differences between interphase and mitosis. For instance, CENP-C
localization to centromeres appears to depend on CENP-HIKM subunits during interphase but not
in mitosis (for instance see references [80,110,111,296]). New kinetochore incorporation of CENP-TW,
CENP-N, and CENP-U may occur during DNA replication [177,297–299]. The kinetochore levels
of CENP-OPQRU subunits, on the other hand, appear to decrease as cells enter mitosis [294,300].
The molecular basis for cell cycle-dependent regulation of CCAN subunit loading and stability is
largely unknown. Phosphorylation likely plays a role in these processes [301].
Mitotic maturation of kinetochores focuses mainly on the creation of the outer kinetochore.
In vertebrate cells, the KMN subunits are not localized with CENP-A foci in G1, but begin to be
recruited in S-phase and G2, with the Ndc80 complex being the last to be recruited, due to its
exclusion from the nuclear compartment and to its dependence on CDK activity for kinetochore
localization [239,242,279,281,292,302]. In D. melanogaster, KMN assembly may only occur later,
in prophase, but follows a similar assembly order, with the Mis12 complex and Knl1Spc105 assembly
leading to Ndc80 complex recruitment after nuclear envelope breakdown [303]. As already clarified
above, stabilization of the interaction of Mis12 with CENP-C might be an initiating trigger in KMN
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assembly on kinetochores. The components of the KMN network, on the other hand, disassemble from
kinetochores at anaphase [292].
Probably the most dramatic physical transformation of regional kinetochores in metazoans is
the formation of crescent-like shapes on their surface [7,8,24–26]. This phenomenon precedes end-on
microtubule binding by the Ndc80 complex, and is believed to increase the likelihood of microtubule
capture as well as to promote SAC signaling [8,27]. Proteins involved in this expansion had been
previously localized to the kinetochore corona and include the microtubule motor CENP-E [26],
the large (~400 kD) microtubule-binding protein CENP-F [8,304], and the dynein/dynactin motor
complex along with its kinetochore targeting adaptors, the Rod-Zwilch-ZW10 (RZZ) complex [305].
RZZ’s largest subunit, Rod, is structurally related to clathrin [306], pointing to its oligomerization as a
possible driver of corona expansion.
As clarified in more detail in the chapter by Maiato and colleagues [255], the RZZ complex is
required for kinetochore recruitment of the minus-end directed motor cytoplasmic Dynein. This
function of RZZ requires an additional protein named Spindly, which additionally acts as an adaptor
capable of stimulating Dynein motility [232,307–313]. Kinetochore localization of Spindly requires the
RZZ complex and farnesylation on a Cys residue near the C-terminus of Spindly [314,315]. Interestingly,
the motor protein CENP-E and the microtubule-binding component CENP-F that also localize to the
corona region of the kinetochore are both farnesylated [316,317].
Upon conversion of kinetochore attachments from lateral to end-on, i.e., when Ndc80 gains the
upper hand in the attachment mechanism, the shape of kinetochores converts from an extended
crescent to a smaller, plate-like appearance [8,27]. This shape change is associated with the
motor-dependent release of the Dynein:Dynactin:Spindly:RZZ complex from kinetochores towards
spindle poles [318–325]. The central spindle assembly checkpoint component, the Mad1:Mad2 complex,
is also removed from kinetochores through this mechanism, effectively terminating SAC signaling by
the kinetochore [325–331].
This brief section highlights that kinetochore assembly is regulated in response to cell cycle cues
and kinetochore composition changes in response to microtubule attachment. Defining precisely how
regulation operates in these two contexts is an important challenge for the future.
6. Organization of the Chromatin Foundation of the Kinetochore in Regional Centromeres
The above sections have focused on discrete, high-affinity stoichiometric physical interactions of
kinetochore subunits that build the kinetochore on its chromatin foundation. This type of approach is
helping define the assembly unit of the human kinetochore, which we propose has a CENP-A and
H3.3 dinucleosome as its foundation (Figure 8). The remarkable progress made on understanding
high-affinity stoichiometric interactions masks a relative paucity of information on how the regional or
holocentric centromeres of most metazoan species, where a small number of CENP-A nucleosomes
are interspersed with a large excess of H3 nucleosomes, are organized to form a multi-microtubule
binding kinetochore. While it is generally assumed that individual CENP-A nucleosomes will recruit
machinery resembling the unit kinetochore module described above [332,333], how these modules
are clustered and organized to build a ‘surface’ with a high density of kinetochore components on a
CENP-A nucleosomal platform is not known. In S. pombe, ~10–15 CENP-ACnp1 nucleosomes in the
10 kb centromeric central core region drive the assembly of kinetochores capable of binding three
microtubules [334,335]. At human centromeres, which bind ~20 microtubules, current estimates
indicate that ~100 CENP-A nucleosomes are present but are dispersed in a large centromeric DNA
region in which CENP-A is largely substoichiometric relative to H3 (roughly 1 to 25) [169]. Within
such large repetitive centromere regions, CENP-A may be enriched in arrays forming discrete
sub-domains [336–338]. How centromeric chromatin folds to expose the CENP-A domains for
kinetochore assembly is currently unclear, and several models have been discussed [6]. Of note, studies
in S. cerevisiae have suggested that the high density of cohesin flanking centromeres may aid extrusion
of loops on the termini of which CENP-ACse4 nucleosomes are present. This line of thinking, stimulated
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by models of chromatin polymer properties, suggests that the 16 kinetochores of budding yeast may be
organized in a manner that resembles multi-microtubule binding kinetochores of metazoans [339–341]
(Figure 7). In the holocentric nematode Caenorhabditis elegans, CENP-A occupies non-repetitive regions
of 10–12 kb dispersed across about half of the genome and is excluded from loci that are transcribed
in the germline and early embryo [342]; for a different view that suggests the presence of focused
spots of functional CENP-A in C. elegans, in addition to the pattern summarize above, see [343]).
Notably, in this holocentric species, CENP-A removal, but not CENP-C removal, causes chromosome
structure/condensation defects [344], suggesting that CENP-A chromatin, independently of its role in
kinetochore assembly, has a propensity to coordinate structural organization of chromatin, potentially
via its intrinsic properties or via effectors other than those required to build a kinetochore.
Figure 8. A model for the assembly unit of the human kinetochore. The kinetochore assembly unit
is depicted as being organized on a CENP-A-H3.3 dinucleosome. (A) A primary determinant of
the stoichiometry of kinetochore subunits is the valency of the CENP-A nucleosome, which confers
the potential to interact with two CCAN complexes, as shown in work of in vitro reconstitution of
kinetochore assembly [110]. Because CENP-C and CENP-T each carries a full KMN network, and
CENP-T additionally carries two NDC80 complexes, there are four MIS12 and KNL1 complexes per
CENP-A nucleosome, and up to 8 NDC80 complexes. CENP-C has the potential to interact with
two nucleosomes (see Figure 3), with one of them (the one bound to the CENP-C central region)
is a CENP-A nucleosome permanently marked by interactions with stably bound CCAN subunits.
As clarified in Figure 9, we speculate that the identity of the second nucleosome, which binds to the
CENP-C motif, varies during the cell cycle, alternating between CENP-A and H3.3. The C-terminal
dimerization domain of CENP-C might “seal” this design. During mitosis, the second nucleosome is an
H3.3 nucleosome; (B) This speculative design is compatible with the existence of the tandem α-satellite
structures already discussed in Figure 2. CENP-TW is proposed to bind in the inter-nucleosomal linker
region, near the CENP-B box.
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As discussed in Section 5, the assembly unit of a kinetochore likely contains multiple Ndc80
complexes. Modulation by Aurora B phosphorylation of the binding affinity of each of these complexes
for microtubules (see Section 4) likely gives rise to a considerable dynamic range of microtubule
binding affinities. While kinetochores built on point centromeres bind a single microtubule, those built
on regional centromeres bind multiple microtubules, but it is currently unclear whether a kinetochore
module within regional kinetochores is associated with a single or multiple microtubules. In modeling
studies, a random distribution of Ndc80 complexes on the kinetochore surface proves more versatile
in comparison to the clustering into discrete regions binding a single microtubule [229,233]. Whether
the scattering model is compatible with the kinetochore construction principles we have illustrated,
however, remains to be clarified.
This section illustrates a major gap in our understanding of kinetochore structure in a majority
of species—how the dispersed and rare CENP-A nucleosomes at repetitive centromeres are collected
and organized to form a base for kinetochore assembly. The properties of this complex chromatin
domain are also relatively poorly understood. This gap in turn leaves open the important question
how microtubule-binding sites are organized to efficiently capture and couple dynamic microtubules
and how multiple microtubule-binding sites are coordinated. Recent work is beginning to reveal the
importance of transcriptional activity at centromeres that may contribute to centromere structural
organization. Repeats at centromeres are transcribed and active RNA polymerase II is detected at
centromeres [345–348]. In addition, complexes implicated in transcription, most notably the FACT
complex that remodels chromatin during transcription, has been co-purified with CENP-A chromatin
in multiple independent studies, has been implicated in CENP-A loading, and was recently reported
to interact with CENP-T [97,99,112,349]. Numerous concepts are currently being explored on the role
of transcriptional activity, including creation of paused transcription sites, generation of centromeric
RNAs that somehow act in centromere assembly, and generation of a chromatin state that is conducive
to CENP-A loading [350–352].
7. The Propagation of Centromeric Chromatin
A fundamental requirement for the epigenetic specification of centromeres is that the pool of
CENP-A be maintained through cell division. In the absence of specific recognition of the underlying
DNA sequence, this process is likely to be directed by the existing pool of CENP-A [72]. In vertebrates,
incorporation of new CENP-A at centromeres occurs after mitotic exit, from mitotic telophase till early
G1 phase [135,153,177,299,353]. The CENP-A pool is then distributed, without new incorporation,
to the sister chromatids during DNA replication, with the resulting gaps being probably filled with
histone H3.3 [354]. Thus, sister chromatids enter mitosis with half as much CENP-A as that present
on the parental chromosome before replication. In the absence of sequence-specific interactions with
DNA, a crucial unresolved question is if CENP-A positional information is retained during DNA
replication, when the nucleosome structure of the centromere is likely to become temporarily perturbed,
and if so, how. Once incorporated into chromatin, CENP-A is not further evicted, showing negligible
dissociation kinetics [141,152,153,295,355].
Several factors involved in the deposition of new CENP-A have emerged [4,6] (Figure 9).
The Mis18 complex, first identified based on a mutant in S. pombe, includes Mis18 (orthologous
to human paralogs Mis18α and Mis18β) and Mis16 (orthologous to human proteins RbAp46/48, and
acting as histone chaperones in several histone modification complexes) [339,356–359]. Mis18 forms
oligomers in S. pombe and humans [360,361]. The Mis18 complex further interacts with M18BP1 (Mis18
binding protein 1, also known as Knl2) [356–358,362,363]. No Mis18BP1 has been identified in S. pombe,
but two recently identified proteins, Mis19/Eic1 and Mis20/Eic2 may act as functional orthologs of
M18BP1 in this organism [364,365].
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Figure 9. Cell cycle-regulated replenishment of CENP-A nucleosomes New. CENP-A incorporation
takes place after mitotic exit, early in G1 phase (bottom). It is driven by an existing, active CENP-A
nucleosome (e.g., because bound to CCAN subunits), and directed on a neighboring nucleosome.
Here, we hypothesize that the neighboring nucleosome in humans is already bound to the CENP-C
motif of CENP-C. An active MIS18 complex, including M18BP1, recruits HJURP, which binds to
pre-nucleosomal CENP-A. The C-terminal region of CENP-C has been implicated in this reaction,
which also requires PLK1 activity. A chromatin-remodeling factor and other chromatin-associated
factors promote extraction of H3.3 and its replacement with CENP-A through an ATP-dependent
reaction. The resulting configuration (top) persists until DNA replication (S-phase), when CENP-A
“vacancies” caused by distribution of CENP-A to the sister chromatids during DNA replication, are
filled with H3.3. This configuration then persists through the rest of the cell cycle until mitotic exit,
because the CENP-A loading machinery is inhibited by CDK activity (middle).
The Mis18 complex, in conjunction with M18BP1, mediates a cell-cycle-regulated interaction with
kinetochores that ultimately promotes the localization of a CENP-A selective histone chaperone known
in vertebrates as HJURP (Holliday Junction-Recognizing Protein) [366–368]. Functional orthologs
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with limited sequence similarity to HJURP exist in S. cerevisiae, S. pombe, and D. melanogaster (named
Scm3 and Cal1) [369–379]. HJURP, which may form functional dimers [380], contains an N-terminal
Scm3-homology domain that binds pre-nucleosomal CENP-A [73,75,158,381–384]. Its central region,
on the other hand, mediates binding to M18BP1 and is required for kinetochore recruitment [73,385,386].
The precise mechanism of kinetochore recruitment of the Mis18 complex and HJURP remains
unclear, but interactions with CCAN subunits, including CENP-IMis6 and CENP-C, have been
identified [75,158,374,378,385,387–391]. In S. cerevisiae, on the other hand, Scm3 is recruited through an
interaction with the CBF3 complex [371].
CENP-A deposition is tightly coordinated with cell cycle progression in a manner distinct
from canonical histone H3, which is deposited concomitantly with DNA replication in S-phase.
In vertebrates, incorporation of new CENP-A is limited to telophase and early G1, when CDK activity
is suppressed [392–395]. The increase in CDK activity that precedes the initiation of DNA replication
may be sufficient for inhibition of CENP-A deposition, implicating pre-mitotic Cdk2 kinase activity in
complex with Cyclin E and Cyclin A as potential negative regulators of this process. A major target
of this regulation is M18BP1, which CDKs phosphorylate at multiple sites, preventing its interaction
with Mis18 subunits and its kinetochore recruitment [392,395,396]. Inhibition of CENP-A deposition
through phosphorylation of HJURP and CENP-A has also been described [393,394,396,397].
The activity of another kinase, Polo-like Kinase 1 (Plk1), on the other hand, is required for the
incorporation of new CENP-A [395]. Suppression of CDK activity in the G2 phase of the cell cycle
results in ectopic and Plk1-dependent incorporation of CENP-A, suggesting that Plk1 is required for
CENP-A deposition but does not contribute to cell cycle phase coordination. Like CDKs, Plk1 also
targets the Mis18:M18BP1 complex, but the precise interactions controlled by this kinase remain to
be discovered.
The molecular mechanism of new CENP-A deposition remains unclear [5]. Factors implicated in
CENP-A deposition, or in its stable maintenance at centromeres, include the chromatin remodeling
FACT complex, the histone chaperone NPM1/nucleophosmin, the GTPase-activating protein
MgcRacGAP, And-1, and Condensin II [99,112,349,368,398–405]. The RSF and MgcRacGAP, the latter
identified as a binding partner of [363] P1/Knl2, have been implicated specifically in the maintenance
of newly incorporated CENP-A [400]. Several DNA and histone post-translational modifications have
been implicated in CENP-A loading, including DNA methylation by DNMT3B, possibly through
interactions with the C-terminal region of CENP-C and with Mis18α [406,407], acetylation [402,408,409],
and histone H3K4 dimethylation [410,411].
As clarified above, during DNA replication the chromosome levels of CENP-A are reduced by
50%. It has been proposed that the CENP-A ‘vacancies’ generated at this stage are filled by placeholder
histone H3.3 [354]. New CENP-A deposition in telophase and early G1 may therefore require the
eviction of the H3.3 previously used to fill the CENP-A vacancy, and its replacement with CENP-A.
Existing kinetochores provide a recruitment platform for the CENP-A deposition machinery, limiting
its function to existing centromeres. The amount of CENP-A on each chromosome appears to be
constant through generations, implying that each CENP-A may only trigger a single cycle of CENP-A
incorporation [412,413]. Like other histone replacement reactions [414], rapid replacement of H3 with
CENP-A is likely to require a source of energy. The ATPase carrying out the replacement has not
yet been identified with certainty. Two chromatin-remodeling enzymes, Chd1 and RSF, have been
implicated in CENP-A deposition in human cells [99,112,401], while Chd1 appears to be dispensable
for CENP-A deposition in D. melanogaster [415].
If the CENP-A deposition reaction implies the substitution of H3.3 with CENP-A, a crucial
question is how the CENP-A deposition machinery targets a specific H3.3 nucleosome neighboring
CENP-A. Likely, there are specific molecular features that designate it as the nucleosome to be replaced.
We suggest that the C-terminal region of CENP-C is responsible for this labeling function (Figure 9).
As explained in Section 3, the N-terminal region of CENP-C, comprising a succession of binding sites
for Mis12, the CENP-CHIKMLN complex, and CENP-A, is required for kinetochore assembly [110,165].
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However, CENP-C contains a second nucleosome-binding motif, the CENP-C motif, and we surmise
that it mediates the association with a second nucleosome. Our speculative working model is that
the structure recognized by the CENP-A deposition machinery is a CENP-A:H3 dinucleosome in
which CENP-C acts as a bridge between the two nucleosomes. After eviction of H3 and deposition of
CENP-A, the deposition reaction is complete and the deposition machinery dissociates.
This model predicts that the core kinetochore module in regional kinetochores is a dinucleosome
structure. One of the nucleosomes has permanent identity as CENP-A, being bound to the N-terminal
region of CENP-C where all CCAN subunits stably assemble. The second one, bound to the C-terminal
region of CENP-C (implicated in recruitment of the CENP-A deposition machinery, as observed
above), toggles between two identities (H3 and CENP-A) during the cell cycle (Figure 9). While
this hypothesis requires considerable further scrutiny, it is consistent with studies showing that
human CENP-A nucleosomes are enriched on units of ~340 bps consisting of two α-satellite repeats
separated by a CENP-B box, and on which CENP-B, CENP-C, and CENP-T also appear to co-exist
with two CENP-A molecules in a single complex [77,78,416]. Dimeric repeat units are observed in
other mammals [417]. In S. cerevisiae, where a specific DNA motif defines the centromere, only the
organization of the “permanent” CENP-A nucleosome is preserved, while CBF3 functionally replaces
the second nucleosome by providing direct DNA recognition and by recruiting the Scm3 chaperone.
In this organism, deposition of new Cse4 occurs concomitantly with DNA replication [355,418].
8. Unconventional Kinetochores
Our discussion above has focused on kinetochore assembly that occurs on CENP-A nucleosomal
chromatin. The picture we present, in which CENP-A nucleosomal chromatin recruits CCAN
components that recruit KMN complexes that in turn recruit other microtubule-interacting proteins
and SAC machinery, is true in budding and fission yeast, D. melanogaster, C. elegans, and vertebrates.
However, notable exceptions to this picture have been found and have the potential to reveal core
principles on how kinetochores are built to couple to microtubules and ensure chromosome segregation.
The most striking exception found to date is in kinetoplastids, where proteins that are homologous
to the majority of the kinetochore proteins we discussed here (CENP-A, CCAN, KMN) have not
been found. Based on tagging and proteomic analysis, 20 kinetochore proteins have been identified
in the kinetoplastid Trypanosoma brucei [419] and their detailed characterization should reveal how
this divergent kinetochore is built and operates. Based on weak homology to the Ndc80 and Nuf2
coiled-coils, a very recent study identified a new kinetochore-localized protein in T. brucei that is
important for chromosome segregation [420]. Although this protein lacks the calponin homology
(CH) domains of Ndc80 and Nuf2 that mediate microtubule binding, the sequence homology in
the coiled coil suggests divergence from an ancestral Ndc80/Nuf2-like protein. Kinetoplastids are
classified as belonging to a diverse group of eukaryotes (known as the Excavata) that are distinct
from the group that contains the commonly studied model organisms (known as the Opisthokonta).
Giardia intestinalis, a diplomonad that is also classified as belonging to the Excavata group, does
have a CENP-A-like histone and KMN proteins. Thus, kinetoplastids exhibit extreme divergence
of ancestral components together with emergence of new kinetochore machinery, the reasons for
which are currently mysterious. A second exception to the canonical kinetochore assembly pathway is
observed in holocentric insect species, which have independently arisen multiple times. In at least four
independent lineages of insects where holocentricity evolved, CENP-A and CENP-C appear to have
been lost but KMN components are still present [62]. Thus, these holocentric insect lineages appear
to build their kinetochores on a different foundation than CENP-A. This finding echoes earlier work
in C. elegans, where the mitotic kinetochore requires CENP-A for assembly and follows the canonical
pathway but the meiotic kinetochore in oocytes is built independently of CENP-A and CENP-C [421].
Defining how the holocentric insect kinetochore is built independently of CENP-A and assessing
whether an epigenetic inheritance mechanism, similar to what is observed with a CENP-A based
kinetochore foundation, is also operating in these species will be very revealing.
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9. Conclusions
In this review, we have focused on the structural organization of the kinetochore. It is with this
largely evolutionarily conserved scaffold that the kinetochore performs its complex functions, including
error correction, spindle assembly checkpoint control, and chromosome alignment and segregation.
While a detailed mechanistic understanding of kinetochore dynamics is still lacking, our grasp of
kinetochore architecture inspires molecular hypotheses on the molecular changes to kinetochore
architecture that distinguish microtubule-bound and -unbound states and their signaling properties.
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Abstract: Chromosome congression during prometaphase culminates with the establishment of
a metaphase plate, a hallmark of mitosis in metazoans. Classical views resulting from more than
100 years of research on this topic have attempted to explain chromosome congression based on the
balance between opposing pulling and/or pushing forces that reach an equilibrium near the spindle
equator. However, in mammalian cells, chromosome bi-orientation and force balance at kinetochores
are not required for chromosome congression, whereas the mechanisms of chromosome congression
are not necessarily involved in the maintenance of chromosome alignment after congression.
Thus, chromosome congression and maintenance of alignment are determined by different principles.
Moreover, it is now clear that not all chromosomes use the same mechanism for congressing
to the spindle equator. Those chromosomes that are favorably positioned between both poles
when the nuclear envelope breaks down use the so-called “direct congression” pathway in which
chromosomes align after bi-orientation and the establishment of end-on kinetochore-microtubule
attachments. This favors the balanced action of kinetochore pulling forces and polar ejection forces
along chromosome arms that drive chromosome oscillatory movements during and after congression.
The other pathway, which we call “peripheral congression”, is independent of end-on kinetochore
microtubule-attachments and relies on the dominant and coordinated action of the kinetochore
motors Dynein and Centromere Protein E (CENP-E) that mediate the lateral transport of peripheral
chromosomes along microtubules, first towards the poles and subsequently towards the equator.
How the opposite polarities of kinetochore motors are regulated in space and time to drive congression
of peripheral chromosomes only now starts to be understood. This appears to be regulated by
position-dependent phosphorylation of both Dynein and CENP-E and by spindle microtubule
diversity by means of tubulin post-translational modifications. This so-called “tubulin code” might
work as a navigation system that selectively guides kinetochore motors with opposite polarities
along specific spindle microtubule populations, ultimately leading to the congression of peripheral
chromosomes. We propose an integrated model of chromosome congression in mammalian cells that
depends essentially on the following parameters: (1) chromosome position relative to the spindle
poles after nuclear envelope breakdown; (2) establishment of stable end-on kinetochore-microtubule
attachments and bi-orientation; (3) coordination between kinetochore- and arm-associated motors;
and (4) spatial signatures associated with post-translational modifications of specific spindle
microtubule populations. The physiological consequences of abnormal chromosome congression,
as well as the therapeutic potential of inhibiting chromosome congression are also discussed.
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1. Introduction
1.1. What is Chromosome Congression?
In preparation for cell division, two poles and an equator start to be defined by the mitotic
spindle axis. Precisely at the onset of mitosis, when chromosomes start condensing and the nuclear
envelope breaks down, dispersed chromosomes initiate directed movements that culminate with
their position at the spindle equator before migrating to the poles after sister chromatid separation.
This stochastic motion towards the equator coincides with the beginning of prometaphase and is known
as “chromosome congression” (from the English “to come together”; terminology first introduced
by Darlington [1]). Chromosome congression truly represents the first challenge of mitosis and
culminates with the formation of a metaphase plate, a hallmark of mitosis in metazoans, and occurs
in tight spatiotemporal coordination with the assembly of the mitotic spindle that mediates the
microtubule-chromosome interactions required for chromosome movement.
1.2. Why do Chromosomes Congress?
At first glance, it may seem counterintuitive that before chromosomes segregate to the poles
(during anaphase), they first meet at the equator. This likely reflects millions of years of evolution
aiming to improve chromosome segregation fidelity. For instance, if one imagines a mitotic cell in
which chromosomes do not congress, the risk of chromosome missegregation after sister chromatid
separation at anaphase would be too high, unless all chromatids are extensively moved apart, like in
the budding yeast S. cerevisiae, in which the anaphase spindle elongates about 5-fold relative to
the metaphase spindle length [2]. In contrast, metazoan spindles only elongate less than 2-fold the
metaphase spindle length [3] and thus must rely on different strategies to ensure faithful chromosome
segregation during anaphase. One of these strategies is precisely the formation of a metaphase plate,
forcing all chromosomes to start subsequent poleward motion from the same position relative to
the spindle axis, i.e., from the equator. The other is to trigger an abrupt cleavage of cohesin by
separase-mediated degradation of securin, leading to the synchronous separation and movement
of sister chromatids towards the pole. This anaphase synchrony has been shown to depend on the
uniform distribution of spindle forces acting on all chromosomes prior to anaphase [4]. Aligning
chromosomes at the equator also maximizes the chances of kinetochore capture by microtubules
emanating from both spindle poles leading to chromosome bi-orientation, which is required to satisfy
the spindle assembly checkpoint (SAC; see [5]). Finally, chromosome congression is important to
prevent unstable/erroneous kinetochore-microtubule attachments because the proximity to the poles
promotes microtubule destabilization at kinetochores due to high Aurora A kinase activity that leads
to phosphorylation of Ndc80 (among others), thereby reducing its affinity for microtubules [6–8].
In addition, tension generated by opposing pulling forces on aligned bi-oriented chromosomes is
required and sufficient to stabilize correct attachments [9].
2. Mechanisms of Chromosome Congression
2.1. Historical Perspective
In contrast to many other fundamental concepts behind cell division, if one looks for
references to the problem of chromosome congression in the early compilations about “The Cell”
by E. B. Wilson at the turn of the 20th century, one finds a huge gap in knowledge between the
so-called “prophases”, which dealt essentially with the condensation and resolution of visible
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threads/chromatids, and metaphase, by which chromosomes already lie at the equator. The very
few references to what happens between these two stages can be resumed in a single sentence:
“After definite formation of the chromosomes the nuclear membrane usually disappears and the
chromosomes ( . . . ) are set free in the protoplasm (and) take up their position in the equatorial plane
of the spindle” [10]. Most of the attention at that time was focused on the mechanisms of anaphase
and, due to the lack of live-cell studies, the longest stage of mitosis in vertebrates that comprises the
entire prometaphase (a term that was only later introduced by Lawrence [11]) was completely left out
of the equation.
The first ideas that attempted to explain the process of chromosome congression date back to 1895
from the works of Drüner [12], and later further developed in the works of Belar, Darlington, Rashevsky,
Wada and Östergren [1,13–17] (reviewed in [18]). These models conceived that chromosomes
are either repelled from the pole by a pushing force that decreases with distance, or attracted to
the pole by a pulling force that increases with distance, until all chromosomes eventually reach
an equilibrium condition at the equator (Figure 1). One key conceptual difference between these
models was the assumption (by some authors) of the existence of kinetochore-to-pole connections
from the very beginning of prometaphase. For instance, Belar conceived unaligned chromosomes
attached to a “traction fiber” sliding along continuous fibers (most likely interpolar microtubules,
as we know them today) until chromosomes eventually reach the equator. However, it was unclear
whether bi-orientation and the formation of effective kinetochore-microtubule attachments that
connect unaligned chromosomes with the poles was required for initial chromosome congression
towards the equator. Moreover, it had been naively assumed that the mechanisms required for initial
chromosome congression also play a role in maintaining the equatorial position of chromosomes
(see Section 2.10). This is particularly evident in the model proposed by Östergren, who explained
chromosome congression by a model in which pulling forces on a given kinetochore act as a linear
function of kinetochore-fiber (k-fiber) length. Östergren based his arguments on work with naturally
occurring trivalents during meiosis I that were often found positioned off the equator, with their
two-kinetochore side closer to the pole, based on the assumption that the pulling force on two
kinetochores is higher than on single kinetochores [17,19].
Figure 1. First models of chromosome congression involving either pushing or pulling forces on
chromosomes. (a) Model of chromosome congression proposed by Darlington [1] involving a balance of
pushing forces on chromosomes. These forces are higher when chromosomes are closer to spindle poles;
(b) Model of chromosome congression proposed by Östergren involving pulling forces on chromosomes
that are proportional to k-fiber length. Adapted from Östergren, 1950 [13] and displayed under
a Creative Commons Attribution-Noncommercial-Share Alike 4.0 International license, as described at
https://creativecommons.org/licenses/by-nc-sa/4.0/legalcode.
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Direct evidence that the equatorial position of (already aligned) chromosomes is determined
by antagonistic pulling forces on opposing kinetochores was provided by the works of Izutsu
and colleagues. They irradiated one kinetochore region of a grasshopper bivalent chromosome
in metaphase I using a focused UV microbeam, resulting in the gradual motion of the irradiated
bivalent towards the spindle pole facing the non-irradiated kinetochore [20–22] (Figure 2a). Similar
findings were subsequently reported by McNeal and Berns for mitotic chromosomes in cultured
PtK2 cells [23] (see Figure 2b for a representative example using Drosophila S2 cells). Hays and
colleagues also estimated the force-length relationship on experimentally generated trivalents in living
grasshopper spermatocytes and found it to be consistent with Östergren’s hypothesis [24]. However,
ideas that the pulling force on kinetochores is not a function of k-fiber length, but rather of their
diameter (as function of the number of microtubules attached) started to emerge [25], but even
this view has been controversial. For instance, a balance of microtubule numbers on opposite
kinetochores has been suggested by elegant experiments using laser microsurgery combined with
correlative light and electron microscopy of meiosis I spermatocytes [26], but recent work that
measured birefringence retardation of k-fibers of maloriented bivalents challenged this model [27].
In addition, no positive correlation between the number of kinetochore microtubules and the direction
of chromosome movement could be observed in vertebrate cells [28]. Overall, these pioneering studies
provided definitive demonstration that chromosome position at the equator is maintained (but not
necessarily achieved) through a balance of pulling forces acting on opposite kinetochores from the
same chromosome that do not strictly depend on k-fiber length or kinetochore microtubule number.
2.2. Polar Ejection Forces
Several subsequent works have challenged aspects of Östergren’s hypothesis based on the
prediction that kinetochore-pulling forces depend on k-fiber length. If that were the case, one would
expect that severing a k-fiber on a metaphase chromosome should lead to a significant displacement of
the aligned chromosome towards the pole facing the undamaged k-fiber. However, several experiments
that aimed to cut through k-fibers in different systems (from plant to human cells in culture) have
revealed that chromosomes either do not shift at all or shift only slightly towards the pole of the
unperturbed k-fiber [21,22,29–38].
Important observations that shed light on the mechanism of chromosome congression came
from studies of chromosome behavior during transient monopolar spindle formation in newt cells
by Bajer and Mole-Bajer. They astutely noticed that “ . . . the chromosomes approached the pole
only up to a certain distance and it was evident that they could not come closer to the pole.” [39].
These observations further challenged Östergren’s hypothesis based exclusively on pulling forces acting
on kinetochores from the same chromosome, as it would have been predicted that a mono-oriented
chromosome would travel all the way to the pole, which was not the case. Overall, these data
indicate that although kinetochore pulling forces are important to position chromosomes at the equator,
as proposed by Östergren, their magnitude is independent of k-fiber length, implying the existence of
additional mechanisms.
Based on their observations on transient monopolar spindles, Bajer and Mole-Bajer proposed
that “The only logical explanation for the behavior of chromosomes in monopolar division is that
the chromosomes approach the center of the aster only to the point at which there is equilibrium
between the aster elimination property and the pulling of kinetochore fibers.” [39]. Although this
“aster elimination property” or “polar ejection force (PEF)” has been noted more than a century
ago by Drüner, who refers to a pressure by “growing beams” [i.e., microtubules] from the poles
when they encounter an obstacle such as chromosomes [12] (Figure 3a), and was quite evident in the
invaginations of the nuclear envelope as the aster develops in prophase (see [10]; Figure 3b) and found
to exclude large organelles (e.g., mitochondria) from the centriolar region (reviewed in [40]; Figure 3c),
it was Darlington that firmly proposed its involvement in chromosome congression (although he
assumed this was essentially due to electrostatic repulsions). This view was based on the analysis
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of pollen-grain mitosis, in which the distance of peripheral centromeres relative to the spindle pole
was highly variable [1] (Figure 3d). This irregular pattern likely reflected the dynamic behavior of
chromosomes on monopolar spindles, which was subsequently extensively characterized by Bajer
and colleagues [39,41,42] (Figure 3e,f). Together, these studies supported a new view of chromosome
congression involving a balance of PEFs and kinetochore-pulling forces.
 
Figure 2. Evidence that forces on kinetochores are required to position chromosomes at the equator.
(a) Original drawings from Izutzu depicting the loss of equatorial position when one of the kinetochore
regions from a bivalent chromosome was irradiated with an UV microbeam. Note the displacement
of the bivalent from the metaphase plate towards the pole facing the non-irradiated kinetochore after
irradiation. Scale bar is 10 μm. Reprinted from Izutsu et al., 1959 [20]; (b) Laser microsurgery of one
of the kinetochores from an equatorially-aligned chromosome in a Drosophila S2 cell. Kinetochores
were directly labelled with the Centromere Protein A (CENP-A) homologue Cid fused with Green
Fluorescent Protein (GFP). Likewise, the chromosome was displaced from the equator after surgery
and underwent poleward migration towards the pole facing the undisturbed kinetochore from the
pair. Red arrows track the undisturbed kinetochore from the irradiated pair. Green arrows track the
congression of an undisturbed chromosome. Laser microsurgery was performed as described in [29].
Scale bar is 2 μm.
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Figure 3. Evidence that centrosome-derived microtubules can exert pushing forces. (a) Original
Drawings by Drüner depicting the invasion of the chromosomal region by microtubules, which exert
a pushing force that assists chromosome alignment at the spindle equator. Reprinted from Drüner,
1895 [12]. Image courtesy of Biodiversity Heritage Library. http://www.biodiversitylibrary.org;
(b) Schematic drawing by E. B. Wilson illustrating the pushing action of centrosomal microtubules on
the nuclear envelope and subsequent rupture. Reprinted from Wilson, 1925 [10]. Image displayed under
a Creative Commons Attribution-Noncommercial-Share Alike 4.0 International license, as described
at https://creativecommons.org/licenses/by-nc-sa/4.0/legalcode. Image courtesy of the Wellcome
Library. http://wellcomelibrary.org; (c) Schematic drawing by Luykx illustrating the repulsive action
of centrosomal microtubules over large organelles (mitochondria). Reprinted from Luykx, 1970 [40].
Courtesy of Elsevier; (d) Original drawings by Darlington illustrating the variability in chromosome
positioning in pollen grain cells. Reprinted from Darlington, 1937 [1]. Image courtesy of Biodiversity
Heritage Library. http://www.biodiversitylibrary.org; (e,f) Phase contrast image of a newt lung cell
undergoing transient monopolar configuration. Kinetochore position was tracked over time, clearly
demonstrating the oscillatory behavior of mono-oriented chromosomes in this system. Note that
chromosomes do not travel all the way towards the pole. Reprinted from Bajer et al., 1982 [41] and
displayed under a Creative Commons Attribution-Noncommercial-Share Alike 4.0 International license,
as described at https://creativecommons.org/licenses/by-nc-sa/4.0/legalcode.
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The exact nature and mode of action of PEFs was only elucidated by Rieder and colleagues
using an elegant combination of laser microsurgery and correlative light-electron microscopy
experiments [43]. First, they demonstrated that the distal kinetochore from an oscillating
mono-oriented chromosome was indeed devoid of microtubules and consequently was not
under opposing kinetochore pulling forces. Second, by cutting near the kinetochore regions of
mono-oriented chromosomes to generate acentric fragments (i.e., without kinetochore), they found
that kinetochore-free chromosome arms were immediately ejected away from the spindle pole
with velocities similar to the outward movement of an oscillating chromosome [44], whereas the
remaining kinetochore-containing fragment moved closer to the pole [43] (see also [44,45]; Figure 4a,b).
Subsequent studies by Salmon, Rieder and colleagues have further demonstrated that when astral
microtubules were reversibly depolymerized/polymerized, mono-oriented chromosomes moved
closer to or were pushed away from the pole, respectively [44,46,47]. These studies revealed no
difference in the mechanism of chromosome positioning between monopolar and bipolar spindles,
including average distances from the pole. Finally, it was shown that kinetochores moving away from
their associated pole do not exert a significant pushing force on the chromosome [48,49] and PEFs
determine the amplitude of chromosome oscillations near the pole [50]. Thus, PEFs derived from astral
microtubules acting along chromosome arms oppose kinetochore-pulling forces. This “push-pull”
mechanism was proposed to account for chromosome oscillations, while determining chromosome
position relative to the spindle pole. In the context of a bipolar spindle, chromosome congression
could now be explained in light of the balance of four forces on a chromosome: two antagonistic
poleward forces acting at the kinetochores and two opposing PEFs acting along chromosome arms.
As so, formation of a metaphase plate equidistant to the spindle poles would result from the net
forces applied to the chromosomes being zero [44,47]. An integrated view of these studies can be
found in a landmark essay that firmly established the contribution of PEFs and kinetochore directional
instability (i.e., kinetochores can switch from poleward to anti-poleward motion) for chromosome
congression in vertebrates [51].
 
Figure 4. Demonstration that polar ejection forces act along the entire chromosome. (a) Phase contrast
image of a newt lung cell in which the chromosome arms on one chromosome (arrowheads) were
physically separated from the kinetochore region using laser microsurgery. Note the ejection of the
acentric chromosome arms away from the polar region. In contrast, the kinetochore-containing region
(arrow) moves closer to the polar region. Reprinted from Rieder et al., 1986 [43] and displayed under
a Creative Commons Attribution-Noncommercial-Share Alike 4.0 International license, as described at
https://creativecommons.org/licenses/by-nc-sa/4.0/legalcode; (b) Schematic representation of the
experiment illustrated in (a). Reprinted from Salmon, 1989 [44]. Courtesy of Elsevier.
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PEFs are likely associated with the pushing action of elongating astral microtubules undergoing
dynamic instability along the length of the chromosome. Consistent with this idea, taxol-induced
polymerization of polar microtubules can push chromosome arms away from the pole [45,52], whereas
nocodazole or colcemid treatment completely abolished PEFs on chromosomes [45]. Importantly,
dynamic microtubules were shown to be required for continuous ejection of chromosome arms away
from the poles [45]. Theoretical predictions and calculation of PEFs distribution further indicate that
PEFs are stronger closer to the center of the aster, where microtubule density is higher, and depend on
chromosome size [47,50]. In vitro measurements of the force produced by a polymerizing microtubule
against a rigid surface or inside lipid vesicles have determined maximal forces between 2–4 pN [53,54].
Interestingly, it was found that forces on short buckling microtubules tend to be higher than those
on long buckling microtubules, likely reflecting the length-dependent stiffness of microtubules [53].
Attempts to measure the scale of PEFs by individual microtubules on chromosomes using either in vitro
reconstitution or in vivo systems have estimated a force between 0.5–1 pN per microtubule [55,56] and
~100 pN near the pole where microtubule density is higher [56]. While the PEF produced by individual
microtubules is compatible with that generated by polymerizing microtubules in vitro [53,54], it was
also consistent with the force generated by single Kinesin motors [57–59], suggesting their involvement
in PEFs [44,60].
2.3. The Role of Chromosome Arm-Associated Motors in the Generation of Polar Ejection Forces
Chromokinesins are Kinesin-like motor proteins that have DNA-binding properties and associate
with chromosomes during mitosis [61,62]. The best characterized mammalian Chromokinesins are
Kif4A and Kid, which belong to two distinct families: Kinesin-4 and Kinesin-10, respectively (reviewed
in [63]). Functional analysis revealed a combined role for Kinesin-4 and Kinesin-10 in chromosome
congression, arm-orientation and normal chromosome oscillations, consistent with an active role
of Kinesin-4 and Kinesin-10 in the generation of PEFs [6,62,64–72]. Both Kinesin-4 and Kinesin-10
were shown to have microtubule plus-end directed motility [73–75], but they appeared to be non- or
weakly-processive motors under load [74,75]. Nevertheless, antibody-blocking experiments in vitro
suggested that Kinesin-10 is a major contributor for PEFs [56]. In vitro reconstitution experiments
have indicated that, despite of its slower motility compared to Kinesin-4 [74,75], Kinesin-10 binds
more strongly to microtubules and dominates over Kinesin-4 during cooperative microtubule motility
associated with chromatin [76]. Similar findings have been reported upon functional perturbation of
these two Chromokinesin families in Drosophila and human cells, which suggested a combined role
during chromosome congression, with Kinesin-10 providing the major PEF required for arm orientation
and Kinesin-4 mainly regulating microtubule dynamics [68,71]. Altogether, these data can be reconciled
in light of the “soft” nature of the chromosomes. If strong and highly processive motors worked as
PEF generators, this would likely lead to chromatin deformations/damage and loss of chromosome
structure. Indeed, overexpression of Kinesin-10 in Drosophila S2 cells was shown to stretch and deform
chromatin when microtubules impact or pass by the chromosomes [77]. As discussed by Brouhard
and Hunt for Kinesin-10 [56], the combined action of Kinesin-10 and Kinesin-4 on chromosome arms
is ideal for exerting PEFs against microtubules through slow, weak, and discontinuous action, which
would be sufficient to bias chromosome ejection away from the poles without inducing damage.
Finally, direct demonstration that Kinesin-4 and Kinesin-10 collectively mediate PEFs on chromosome
arms in human cells was only recently obtained. By combining RNAi-mediated depletion of Kid and
Kif4A with laser microsurgery to generate acentric chromosome fragments in human culture cells,
it was shown that arm ejection forces operating in the absence of kinetochore-pulling forces relied
on the cooperative action between Kinesin-4 and Kinesin-10, with only a minor fraction that could
be attributed to the pushing force of polymerizing microtubules impacting on chromosome arms [6].
Most importantly, this work revealed that PEFs operating on acentric fragments caused the ejection of
chromosome arms in random directions, including towards the cortex. This indicated that although
PEFs mediated by Kinesin-4 and Kinesin-10 are sufficient to exert a pushing force on chromosome
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arms that leads to chromosome ejection away from the pole, they are not the critical players that
conduct chromosome movement exclusively towards the equator.
A critical aspect of the model proposed by Rieder and Salmon was that congressing mono-oriented
chromosomes experience tension at kinetochores as result from the push-pull between PEFs along
chromosome arms and kinetochore-pulling forces [51,78]. This was a reasonable assumption based on
findings that mono-oriented chromosomes during transient monopolar formation in newt cells showed
robust k-fibers on the attached kinetochore [43,46]. However, kinetochore-microtubule attachments
on mono-oriented chromosomes are highly unstable, unless constant tension away from the pole
is applied [9,79,80] (see also [47]). This apparent paradox could only be solved if PEFs produce
sufficient kinetochore tension independently of opposing kinetochore-pulling forces that result from
chromosome bi-orientation. This hypothesis has been recently tested in Drosophila culture cells. Elegant
experiments involving overexpression of Kinesin-10 have first indicated that elevated PEFs could
indeed stabilize kinetochore-microtubule attachments [77]. These proof-of-concept experiments were
followed by studies of Drosophila cultured cells undergoing mitosis with unreplicated genomes (MUGs),
where the function of individual kinetochores could be investigated in the context of single chromatids
that are unable to bi-orient [81]. In this work it was shown that PEFs mediated by Kinesin-4 and
Kinesin-10 stabilize kinetochore-microtubule attachments on mono-oriented chromosomes. Over time,
mono-oriented chromosomes were also shown to experience significant intra-kinetochore stretch or
structural deformation (see discussion in [82–84]) comparable with those typically experienced by
bi-oriented chromosomes [81]. Taken together, these data indicate that Chromokinesin-mediated PEFs
oppose kinetochore-pulling forces and contribute to tension-dependent stabilization of microtubule
attachments on mono-oriented chromosomes.
2.4. Coordination between PEFs and Kinetochore-Pulling Forces Drives Chromosome Congression
after Bi-Orientation
A related problem that derives from the existence of kinetochore-pulling forces on attached
chromosomes concerns their nature. One model is based on the action of pulling forces resulting from
depolymerization of attached kinetochore microtubules. This model stems from original work by
Shinya Inoue on the effect of colchicine on spindle microtubules and chromosome movement using
oocytes from the marine annelid worm Chaetopterus pergamentaceous. In this system, the metaphase
arrested spindle is anchored by one of its poles to the cell cortex and, upon addition of colchicine or
cold treatment (now well established treatments that induce spindle microtubule depolymerization),
the aligned chromosomes at the spindle equator were observed to move towards the anchored
pole [31,85]. Based on these observations, Inoue concluded that the spindle affected by colchicine or
cold is able to perform mechanical work and exert a pulling force on chromosomes (reviewed in [86]).
In vitro reconstitution works have provided additional evidence that microtubule depolymerization
at their plus-ends can exert a pulling force on the kinetochore that is independent of ATP hydrolysis
and is sufficient to move chromosomes [87–89]. In agreement, nocodazole-induced microtubule
depolymerization has been shown to occur near the kinetochore during poleward chromosome
movement in prometaphase [90]. Moreover, oscillating mono-oriented chromosomes have been
proposed to switch from microtubule depolymerization and polymerization states, as inferred by
accumulation of EB proteins at growing microtubule plus-ends at kinetochores [91]. However,
based on the analysis of the profile of individual microtubule plus-ends within a k-fiber, it has
been proposed that two-thirds adopt a conformation compatible with a microtubule depolymerizing
state, regardless of the directional instability associated with poleward and anti-poleward chromosome
oscillations [92]. These apparently contradicting findings have recently been reconciled by the
observation that EB protein bursts near kinetochores are rather infrequent and only represent
a small bias for microtubule polymerization within an incoherent k-fiber that contains a mixture
of polymerizing and depolymerizing microtubules [93]. Overall, these data support a model in
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which regulation of microtubule dynamics favoring depolymerization can generate pulling forces on
attached kinetochores.
Any model of chromosome congression involving kinetochore-pulling forces implies
that any perturbation of end-on kinetochore-microtubule attachments or defects in spindle
assembly/organization would lead to chromosome alignment problems. Indeed, an extensive
survey of the literature revealed more than 100 proteins that have been implicated in chromosome
alignment (Table 1), yet it is only for a select handful that we know the mechanism and thus will
represent our focus in this review. Probably the best studied case is the one involving the KMN
network, which forms the core microtubule interface at kinetochores and all respective regulatory
proteins, such as Aurora B and Plk1 kinases (reviewed in [94]). Additionally, proteins that modulate
kinetochore-microtubule attachments and their dynamic state are also likely to play an important
role. Among these, microtubule plus-end-tracking proteins (+TIPs) are of special interest due to
their specific accumulation at the plus-ends of microtubules [95–97] where they promote microtubule
growth by catalyzing the addition of tubulin subunits to microtubule plus-ends [98], by inducing
rescue [99], or by stabilizing microtubules [100,101]. CLIP-170 was the first +TIP reported [102] and
was initially associated with microtubule rescue [99]. Functional inhibition of CLIP-170 during mitosis
results in chromosome alignment defects, possibly associated with defective kinetochore-microtubule
attachments [103,104]. However, CLIP-170 inhibition does not seem to affect kinetochore microtubule
dynamics or stability, possibly because it is stripped from the kinetochore by Dynein upon the
establishment of end-on kinetochore-microtubule attachments [103,104]. Moreover, phosphorylation
of CLIP-170 at S312 by Plk1 regulates its binding to microtubules and is crucial for chromosome
alignment [105]. CLIP-170 appears to promote kinetochore-microtubule attachments and chromosome
congression by counteracting Dynein/Dynactin [106]. The XMAP215/Ch-TOG and CLASP families of
+TIPs have also been implicated in chromosome congression. The XMAP215/Ch-TOG proteins act as
microtubule polymerases at microtubule plus-ends and promote microtubule assembly [98,107,108],
whereas CLASPs promote microtubule rescue and suppress catastrophe [109,110]. Depletion of
proteins from the XMAP215/Ch-TOG family results in the presence of unattached kinetochores and
chromosome alignment defects [111–114]. Moreover, XMAP215/Ch-TOG contributes to chromosome
oscillations [115]. Recruitment of CLASPs to microtubule plus-ends requires interactions with CLIP-170
and EB1 [100,101]. Importantly, CLASPs also localize to kinetochores in a microtubule-independent
manner and remain at kinetochores upon microtubule attachment [116,117]. This localization at the
kinetochore-microtubule interface favors a role of CLASPs in the regulation of microtubule dynamics
at the kinetochore [118,119], thereby contributing for chromosome congression [116]. Surprisingly,
perturbation of either CLASPs or XMAP215/Ch-TOG increases the stability of kinetochore-microtubule
attachments [115,119]. One possibility might be that during mitosis the activity of these proteins
is regulated by phosphorylation and/or binding to other proteins that promote microtubule
depolymerization [120,121].
The members of the Kinesin-13 family Kif2a, Kif2b and Kif2c/MCAK are also important regulators
of microtubule dynamics, including at kinetochores [122]. Kinesin-13 proteins are non-motile but
use the energy from ATP hydrolysis to promote microtubule depolymerization by binding both
the plus- and the minus-ends of microtubules and inducing a conformational change that leads to
a catastrophe event [123–125]. In the context of the mitotic spindle, Kinesin-13 proteins associate with
both spindle poles and kinetochores where they play distinct roles [124,126]. Kif2b and MCAK regulate
microtubule plus-end dynamics at the kinetochore where they play an important role in the correction
of erroneous microtubule attachments [124,127–130], while Kif2a appears to have a preference for
microtubule minus-ends where it plays an important role in the regulation of spindle microtubule
flux [131,132]. Interestingly, Kif2a and MCAK are dispensable for chromosome congression [132],
whereas Kif2b appears to be required for proper chromosome oscillation on a monopolar spindle
configuration [124]. However, because Kif2b only transiently associates with kinetochores before
microtubule attachments [124] it is unlikely to play an important role assisting chromosome congression
after bi-orientation, suggesting the involvement of other players.
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The widely conserved Kinesin-8 family has been proposed to function both as plus-end-directed
motors and as microtubule depolymerases [133–136]. However, the depolymerase activity of
human Kif18A remains controversial. Although Kif18A was initially proposed as a microtubule
depolymerase [134], further studies suggested that Kif18A suppresses microtubule growth by capping
the microtubule plus-ends [137,138]. This would be consistent with the emerging role of Kinesin-8
motors as negative regulators of microtubule length, since loss of Kinesin-8 activity generally
leads to longer cellular microtubules [134,139–142]. Importantly, genetic and siRNA-based studies
demonstrate that Kinesin-8 motors are necessary for proper chromosome alignment by suppressing
chromosome oscillations on bi-oriented chromosomes [68,70,134,139,143,144]. Accordingly, in the
absence of functional Kif18A, kinetochores exhibit an increase in the oscillation amplitude leading to
a deregulation of metaphase plate organization [144]. Furthermore, loss of Kif18A leads to a modest
increase in spindle size and longer microtubules [134,144]. In agreement, overexpression of Kif18A
decreases chromosome oscillations, favoring chromosome alignment at the metaphase plate [144,145].
Overall, these data are consistent with a model of chromosome congression after bi-orientation,
in which Kif18A forms a gradient along attached kinetochore microtubules, directly regulating their
length and dynamics to facilitate chromosome alignment at the spindle equator [144].
The co-existence of PEFs acting along the entire chromosome arms and kinetochore-pulling
forces driven by microtubule depolymerization suggests that they might work in parallel to regulate
chromosome oscillations during congression after bi-orientation. Disruption of PEFs by inhibition
of Chromokinesin function in cultured cells altered chromosome oscillations on both monopolar
and bipolar spindles [65–67,71]. Although perturbation of Chromokinesin functions did not fully
compromise chromosome congression, few monooriented chromosomes remained close to the poles,
suggesting that PEFs might increase the efficiency of chromosome congression by facilitating the
stabilization of end-on kinetochore microtubule attachments and biorientation [77,81]. Furthermore,
despite having opposite effects on chromosome movement, PEFs and Kif18A synergistically promote
the position of bi-oriented chromosomes near the spindle equator [146]. Overall, these findings suggest
that the coordinated activities of Kif18A and PEFs regulate chromosome oscillations and are important
for chromosome congression after bi-orientation.
Table 1. Proteins that have been implicated in chromosome alignment.






(by Live Cell Imaging)
References
Astrin Spindle pole; kinetochores Yes Yes [147–150]
HICE1/HAUS8 Centrosome; mitotic spindle;spindle midzone; midbody Yes ND [151]
Aurora A Centrosome; central spindle Yes Yes [152–154]
CENP-E Kinetochore Yes Yes [6,155–157]
CEP57 Centrosome Yes ND [158]
Cep72 Centrosome Yes ND [159]
Cep90 Centrosome;Pericentriolar satellites Yes ND [160]






Aurora-B Centromere; spindle; spindlemidzone Yes Yes [163,164]
Haspin Chromosome; centrosome Yes Yes [165–167]
ILK Plasma membrane;focal adhesion; cytosol Yes ND [168]
Kinastrin/SKAP Spindle pole; kinetochore;microtubule plus ends Yes yes [148,149,169]
HEC1 Kinetochore Yes Yes [170–173]
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(by Live Cell Imaging)
References
Spc24 Kinetochore Yes ND [174]
Spc25 Kinetochore Yes ND [174]
Nuf2 Kinetochore Yes Yes [174,175]
NuMA Nucleus; spindle pole Yes ND [176]
Sgo1/Shugoshin Centromere; kinetochore;centrosome; spindle pole Yes Yes [177]
Spindly Kinetochore; spindle pole Yes Yes [178,179]
TACC3 Centrosome Yes Yes [161,180–182]
CHC (Clathrin heavy
chain) Mitotic spindle Yes Yes [181,183]
4.1r Mature centriole Yes ND [184]
Ska1 Kinetochore; mitotic spindle Yes Yes [185–188]
Ska2 Kinetochore; mitotic spindle Yes Yes [185–188]
Ska3/RAMA1 Kinetochore; mitotic spindle Yes Yes [186–190]
Kid Chromosome arms;spindle poles Yes Yes [70,71,191]
Kif4A Chromosome arms;spindle midzone Yes Yes [69–71]
Kif18A Plus-ends of kMTs Yes Yes [134,144,146,192,193]
Kif18B Astral microtubuleplus ends Yes Yes [194–196]
MCAK Spindle poles; spindlemidzone; kinetochore Yes Yes [70,124,197]
HURP Kinetochore Yes Yes [198–200]
CENP-L Kinetochore Yes Yes [201]
NuSAP1 Central spindle Yes Yes [202,203]
SAF-A/hnRNP-U Spindle microtubules;spindle midzone Yes Yes [204]
Bub1 Kinetochore Yes Yes [164,205]
BubR1 Kinetochore Yes Yes [164,206–208]
NUP188 Centrosomes Yes Yes [209]
CENP-F/mitosin Kinetochore Yes Yes [210–212]
Plk1 Centrosome Yes Yes [213–215]
NudC Kinetochore Yes Yes [216,217]
RRS1 Chromosome periphery Yes Yes [218]
Nucleolin Nucleoli;chromosome periphery Yes Yes [219]
KIBRA ND Yes ND [220]
DDA3 Spindle microtubules;kinetochores; midbody Yes Yes [221,222]
HIP1r Mitotic spindle Yes Yes [223]
Nucleophosmin Perichromosomal region Yes Yes [224]
Kif2a Spindle poles Yes Yes [124,221]
Beclin-1 Kinetochore Yes Yes [225]
CLIP-170 Kinetochore; mitotic spindle Yes Yes [104,106]
ATRX Pericentromericheterochromatin Yes Yes [226]
CHICA Mitotic spindle Yes Yes [227,228]
p38γ Kinetochore; spindle poles Yes Yes [229]
SPICE Mitotic spindle; centrioles Yes Yes [230]
Zw10 Kinetochore Yes Yes [231,232]
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(by Live Cell Imaging)
References
DHC/DYNC1H1 Kinetochore; mitotic spindle Yes Yes [6,178]
DIC2/DYNC1I2 Kinetochore; mitotic spindle Yes Yes [178]
Roadblock-1/DYNLRB1 Kinetochore; mitotic spindle Yes Yes [178]
Lis1/PAFAH1B1 Kinetochore; mitotic spindle Yes Yes [178]
Nde1 Kinetochore; mitotic spindle Yes Yes [178]
Ndel1 Kinetochore; mitotic spindle Yes Yes [178]
ARP1 Kinetochore; mitotic spindle Yes Yes [178]
TAO1/MARKK Microtubules Yes Yes [233]
Kif14 Spindle poles; mitoticspindle; midbody Yes Yes [70,234]
CENP-W Kinetochore yes yes [235–237]
CENP-T Kinetochore Yes ND [235,238]
CENP-H Kinetochore Yes Yes [239]
Chl4r Kinetochore Yes Yes [239]
Nnf1R Kinetochore Yes Yes [239,240]
CENP-Q Kinetochore Yes Yes [241]
CENP-U Kinetochore Yes Yes [238,242]
CENP-N Kinetochore Yes ND [238]
CENP-M Kinetochore Yes ND [238,243]
Septin 7 Spindle poles; mitoticspindle; midbody Yes ND [244]
TRAMM Perinuclear region Yes Yes [245]
Shp2 Kinetochore; centrosome;spindle midzone; midbody Yes Yes [246,247]
Bod1 Centrosomes; kinetochores Yes Yes [248,249]






Nup62 Nuclear envelope;cytoplasm; centrosomes Yes ND [254,255]
Mdp3 Mitotic spindle Yes Yes [256]







Hsp72 Mitotic spindle; midbody Yes Yes [259]
RGS2 Centrosome; mitotic spindle;astral microtubules Yes ND [260]




Cytoplasm Yes ND [263]
ASURA (PHB2) Cytoplasm Yes ND [264]
Rab5 Early endosomes Yes Yes [211]
MST1 ND Yes Yes [265]
GAK Trans-Golgi network Yes ND [266]
Usp16 Cytoplasmic ininterphase; kinetochore Yes Yes [267]
TTL Mitotic spindle Yes Yes [345]
TCP ND Yes Yes [345]
ND (not determined).
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2.5. The Role of Kinetochore Motors in Chromosome Congression
A concurrent model for the explanation of kinetochore-pulling forces is based on the presence
of ATP-dependent motor proteins at kinetochores. The best candidate for such force generator is the
cytoplasmic form of the microtubule minus-end-directed motor Dynein, which has been shown to
localize to kinetochores [268,269] and was proposed to counteract the action of PEFs on chromosome
arms by generating kinetochore poleward motion [51]. However, despite some evidence (mostly from
studies in anaphase) supporting a requirement for kinetochore Dynein in chromosome poleward
motion, this remains a highly controversial issue (reviewed in [270]). The strongest arguments against
such a role are based on the fact that chromosome-to-pole velocities in anaphase are about one order
of magnitude slower than those typically observed by Dynein-dependent transport and Dynein
accumulation at kinetochores is negatively regulated by microtubule attachments [271,272]. Moreover,
inhibition of Dynein motor activity did not affect minus-end-directed chromosome motion driven by
microtubule depolymerization in vitro [88,273,274]. Although it remains possible that few molecules
of Dynein are able to generate kinetochore-pulling forces after the establishment of end-on microtubule
attachments during chromosome congression, the rate of motion is likely governed by other processes,
such as microtubule depolymerization.
Although a major role played by kinetochore Dynein in the generation of kinetochore-pulling
forces after the establishment of end-on microtubule attachments is disputable, its role in the stages that
precede chromosome congression is well supported. It has long been noticed by Schneider that some
chromosomes tend to move toward the poles before congressing to the spindle equator [275]. Bajer and
Mole-Bajer, in their classic cinematographic studies of mitosis also clearly demonstrate and recognize
that some chromosomes undergo poleward motion before migrating to the equator [276,277]. Similar
findings have been reported in cultured newt cells by Zirkle and colleagues, who first recognized
the frequent appearance of “centrophilic” chromosomes (i.e., that lie near the centrosomes) that
do not migrate straightaway to the equator [278–280], as well as in insect spermatocytes [281]
and PtK1 cells [282]. These sharp observations have indicated that the process of chromosome
congression is complex and that not all chromosomes follow the same path, suggesting the existence
of concurrent mechanisms.
The implication of Dynein in the poleward movement of chromosomes that precede congression
of some chromosomes was proposed even a few months before the report of its localization to
kinetochores [268,269], based on the characterization of initial kinetochore-microtubule interactions
during early prometaphase [283]. This study showed that a single astral microtubule extending
well beyond the kinetochore region was sufficient to mediate the initial attachment and subsequent
poleward movement of some chromosomes. Importantly, this association involved the tangential
interaction between the microtubule and the kinetochore fibrous corona (the outermost domain of the
kinetochore that expands into crescents in the absence of attached microtubules) and was independent
of microtubule depolymerization. Based on the recorded velocities of chromosomes during this fast
poleward movement after initial lateral interaction between kinetochores and microtubules (typically
ranging between 25–55 μm/min in newt lung cells in culture), Rieder and Alexander proposed that
Dynein at kinetochores could account for this behavior. This proposal was seconded by Merdes and
De Mey (after the discovery of Dynein at kinetochores) who reported similar findings [284]. Shortly
thereafter, it was shown that kinetochore Dynein is indeed a component of the fibrous corona [285],
but direct demonstration of this hypothesis came only several years later. By studying the specific
role of kinetochore Dynein by RNAi-mediated depletion of its kinetochore-targeting factor ZW10,
as well as injection of function-blocking antibodies against Dynein Intermediate Chain, or injection
of Dynamitin protein that disrupts the Dynein/Dynactin complex, several laboratories reported
a role for Dynein in the fast poleward movement of chromosomes during the initial encounters
between microtubules and kinetochores, but not in k-fiber formation [231,232,286]. Consequently,
in some of these perturbations, particularly evident after ZW10 RNAi, some chromosomes failed
to complete congression and remained outside the spindle pole with mono-oriented or unattached
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kinetochores [231,232]. Similar findings were also reported after RNAi of Spindly, a protein that is
required to recruit Dynein to kinetochores without affecting the SAC [179]. Overall, these data indicated
a role for kinetochore Dynein in the poleward movement of chromosomes during early prometaphase,
with possible implications for the mechanism of congression in a subset of chromosomes.
In addition to a microtubule minus-end-directed motor activity, in vitro studies have also
revealed the existence of a microtubule plus-end-directed activity at kinetochores from purified
chromosomes [287,288]. Independent work by Yen and colleagues led to the discovery of CENP-E,
which is enriched at prometaphase kinetochores [289] and was subsequently shown to be a Kinesin-like
(Kinesin-7) motor protein [290] associated with the kinetochore fibrous corona [291,292]. Direct
demonstration of microtubule plus-end-directed activity was obtained after characterization of
CENP-E in Xenopus, where immunodepletion/immunoblocking experiments in oocyte extracts
revealed a role in chromosome alignment [293]. Similar findings were reported after microinjection
of function-blocking antibodies, expression of a dominant-negative motor-less CENP-E construct
and antisense oligonucleotide blocking in human cells in culture [294,295] or analysis of CENP-E
mutants in Drosophila [296]. However, these experiments were unable to make a clear distinction
whether CENP-E motor activity was required for chromosome congression or maintenance of
chromosome alignment after reaching the equator. This was only firmly established by live-cell
recordings from nuclear envelope breakdown (NEB) after perturbation of CENP-E function by antibody
microinjection in human cells in culture, where some chromosomes that were found to undergo
initial poleward movement were unable to complete congression within the next 2h after NEB [297].
Overall, these studies demonstrated the existence of a Kinesin-like motor protein with microtubule
plus-end-directed activity that is associated with the kinetochore fibrous corona and plays a role in
chromosome congression. Importantly, because most chromosomes are able to align at the equator after
perturbation of CENP-E function, it was concluded that the dependence on CENP-E for chromosome
congression must be critically linked to chromosome position within the spindle (see Section 2.6),
further demonstrating the existence of concurrent mechanisms.
For years, it was believed that CENP-E function at kinetochores required for chromosome
congression and bi-orientation was related to the regulation of end-on kinetochore microtubule
attachments [297–299], in part through a contribution of CENP-E in maintaining attachment of
kinetochores to the end of a depolymerizing microtubule [273]. However, this capacity to couple
kinetochores to depolymerizing microtubule plus-ends does not require ATP, suggesting that the role of
CENP-E in chromosome congression relies on a different mechanism. The paradigm shift occurred after
the demonstration that chromosomes can congress to the spindle equator before bi-orientation [300].
In this work, Khodjakov and colleagues demonstrated that mono-oriented chromosomes located near
the poles could glide towards the equator along pre-existing spindle microtubules, including k-fibers,
in a CENP-E-dependent manner. These observations provided an explanation for the involvement of
CENP-E microtubule plus-end-directed motility at the kinetochore fibrous corona for chromosome
congression (Figure 5).
One controversial issue has been related with CENP-E processivity. In vitro microtubule gliding
assays with recombinant CENP-E motor domain revealed a velocity around 5 μm/min [293,301].
Similar microtubule gliding assays with the full-length protein reported velocities around
1 μm/min [301,302]. More recently, single CENP-E molecule measurements (either the full length
or motor domain only) have indicated a much faster velocity in the order of 20 μm/min [303,304],
suggesting that CENP-E binding to the coverslip in traditional gliding assays is partially inhibitory of its
function. Interestingly, the measured chromosome velocity during CENP-E-dependent congression of
polar chromosomes in human cells was around 1.5 μm/min [6,305] indicating that, in vivo, cumulative
CENP-E processivity is significantly attenuated by a yet unknown mechanism. One possibility could
be related with the presence of non-motile microtubule-associated proteins (MAPs) or residual Dynein
activity on microtubules that could slow down CENP-E-dependent transport of chromosomes during
congression in vivo.
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Figure 5. Demonstration that chromosome congression is independent of bi-orientation. From A-F,
the movement of a polar chromosome along a pre-existing k-fiber is illustrated in a PtK1 cell.
The leading kinetochore is indicated (yellow arrows). The kinetochore of a neighbor k-fiber on
a bi-oriented chromosome is also indicated (yellow arrowheads). Time is in sec. In G, serial sections of
a sliding mono-oriented chromosome with the leading kinetochore laterally attached to a neighbor
k-fiber. Kinetochores of the congressing chromosome are indicated (white arrows), as well as the
kinetochore of a neighbor k-fiber (black arrowheads). Images adapted from Kapoor et al., 2006 [300].
Reprinted with permission from The American Association for the Advancement of Science (AAAS).
2.6. Chromosome Positioning Relative to Spindle Poles at NEB Defines the Mechanism of Congression
Another critical question has been what determines that some chromosomes use (or not) the
motor-dependent pathway for congression. Classical correlative light and electron microscopy studies
in PtK1 cells at the onset of prometaphase have suggested that chromosomes that were equidistant from
the two spindle poles immediately bi-orient (the so-called “direct congression”), whereas chromosomes
that were closer to only one of the spindle poles become mono-oriented before congressing to the
equator [282,306]. Interestingly, inhibition of CENP-E function in human cultured cells only prevents
congression of about 20% of the chromosomes [6,241], suggesting that most chromosomes utilize
a motor-independent pathway to align at the equator. By back-tracking those chromosomes that
were found locked at the spindle poles after CENP-E inhibition, it was found that they were mostly
located outside the interpolar region at NEB [6], suggesting that chromosomes that are favorably
positioned between the two spindle poles at NEB undergo direct motor-independent congression
involving PEFs and kinetochore-pulling forces after bi-orientation. This might be facilitated by
the organization of chromosomes in a ring-like configuration and by the expansion of the outer
kinetochore, thereby facilitating microtubule capture and immediate bi-orientation during early
prometaphase [72,307]. Interestingly, early embryonic divisions in the nematode C. elegans, which
lacks a CENP-E orthologue but has holocentric centromeres extending along the entire chromosome
length, occur in a stereotypical manner, always with two fully separated centrosomes at NEB [308].
The combination of large kinetochores with fully separated centrosomes at NEB might favor the direct
congression of chromosomes in this system, where PEFs mediated by Chromokinesins also appear
to play a critical role [309]. Thus, the action of Dynein and CENP-E motors at kinetochores appears
to be only critical to align peripheral chromosomes that lie much closer to one of the spindle poles,
where bi-orientation at NEB is unlikely to occur. A corollary of this hypothesis is that the action of
kinetochore Dynein in bringing peripheral chromosomes to the vicinity of the spindle poles after initial
lateral attachments, followed by CENP-E-mediated congression, increases the chances of bi-orientation
as chromosomes approach the equator.
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2.7. Coordination between Kinetochore- and Arm-Associated Motors
As all great solutions to a problem, they usually open up more questions. The existence of
two distinct motor activities operated by Dynein and CENP-E, both localized at the kinetochore
fibrous corona, but with opposite directional preferences along microtubules, posed obvious questions
regarding their coordination to mediate chromosome congression (see Sections 2.8 and 2.9). In addition,
the identification of microtubule plus-end-directed activities at kinetochores and chromosome arms
demanded clarification of their relative contribution in moving chromosomes away from the pole.
The critical role of kinetochores for chromosome movement towards the equator is known since the
works of Zirkle and colleagues using focused UV or proton microbeams on parts of chromosomes in
cultured newt cells [278–280]. They found that “centrophilic” chromosomes in which the kinetochore
region was irradiated lost their ability to move in a directed fashion, drifted about until anaphase and
never joined the metaphase plate. Similar findings were later reported in PtK1 and PtK2 cells [23,310,311].
These observations indicate that despite the action of PEFs on chromosome arms [43], they are not
sufficient to drive the congression of “centrophilic” chromosomes. Moreover, these observations
demonstrate that kinetochores are essential for this process, suggesting a dominant role over PEFs.
Work by Brinkley and colleagues using CHO cells undergoing MUGs, in which kinetochores completely
detach from chromatin, has further demonstrated that kinetochores are not only required, but they
are also sufficient to ensure chromosome migration to the equator [312,313] (see also [314] for
similar findings in HeLa cells undergoing MUGs). However, it should be noted that, under these
circumstances, chromatin-detached kinetochores frequently establish unorthodox attachments with
spindle microtubules, mostly resulting in merotelic attachments in which the same kinetochore binds
microtubules from opposite poles [313,314]. In agreement, merotelic attachments on chromosome
fragments with only one kinetochore have been shown to support chromosome congression [315].
A systematic dissection of the respective roles of kinetochore- and arm-associated motors for
chromosome congression in human cells has been recently performed [6]. Accordingly, by combining
molecular perturbations of the different motor functions with laser microsurgery of chromosome
arms, it was shown that “centrophilic” chromosomes rely on CENP-E motor activity at kinetochores to
counteract Dynein-mediated poleward force and move towards the equator. When chromosome arms
were released from the kinetochore region by laser microsurgery, about 20% of them did not move
towards the equator. Instead, they moved away towards the cortex in a Chromokinesin-dependent
manner. Thus, although Chromokinesin-mediated PEFs can mediate chromosome ejection away
from the poles, CENP-E-mediated forces at kinetochores are dominant and required to bias
chromosome motion exclusively towards the equator. This work further demonstrated that kinetochore
Dynein activity is dominant over PEFs along chromosome arms and this is required for poleward
motion after initial lateral kinetochore-microtubule attachments. This role of Dynein prevents
random chromosome ejection and stabilization of end-on kinetochore-microtubule attachments on
chromosomes positioned near the poles due to the action of PEFs along chromosome arms, while
bringing chromosomes close to the highest Aurora A activity near the poles [6,7,77,316]. This explains
why “centrophilic” chromosomes after perturbation of CENP-E function move abnormally close to
the pole and are mostly devoid of end-on attached microtubules [297,298] and lack any detectable
oscillatory motion [295,297]. Overall, Dynein activity was proposed to prevent the formation of
premature/erroneous kinetochore-microtubule attachments, thereby allowing CENP-E to undergo
processive motion necessary to transport polar chromosomes along pre-existing spindle microtubules
towards the equator [6,316].
Interestingly, CENP-E activity at kinetochores was shown to be required for chromosome
ejection from the poles, including in monopolar spindles in which chromosome bi-orientation does
not take place [6], probably by mediating the motion of leading kinetochores [300], since trailing
kinetochores do not seem to exert a significant pushing force [48]. Intriguingly, CENP-E activity
required for chromosome congression is independent of the establishment of stable end-on
kinetochore-microtubule attachments and the formation of k-fibers, but appears to require spindle
microtubule stabilization [305,317]. In contrast, Dynein was found to counteract PEFs also in
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monopolar spindles [6,179,231]. Thus, both CENP-E and Dynein are dominant over PEFs and
play antagonistic roles at the kinetochore, independently of the establishment of stable end-on
kinetochore-microtubule attachments and chromosome bi-orientation. Finally, simultaneous inhibition
of all kinetochore and arm-associated motors did not prevent congression of all chromosomes [6],
further demonstrating the existence of motor-dependent and -independent pathways that ultimately
mediate the alignment of all chromosomes at the spindle equator.
2.8. Motor Regulators
The mechanism of chromosome congression independent of chromosome bi-orientation requires
the spatial and temporal coordination of different motor activities. For instance, the direction of motor
movement at kinetochores in vitro has long been known to be regulated by phosphorylation, namely by
the activation of the plus-end-directed and/or inactivation of the minus-end-directed motor activities at
kinetochores [288]. The kinetochore motor CENP-E is extensively phosphorylated during mitosis [318],
although the functional significance of many of these phosphorylation events is not completely
understood. CENP-E phosphorylation at its C-terminal tail by Cdk1 and MAPK regulates CENP-E
interaction with microtubules [319,320]. This C-terminal tail is able to completely block CENP-E
motility in vitro due to a direct interaction with the motor domain [301]. This auto-inhibition of CENP-E
can be reversed by Mps1- or Cdk1-mediated phosphorylation of its C-terminal tail, thereby restoring
normal CENP-E motility in vitro [301]. Additionally, CENP-E is phosphorylated in a conserved residue
(T422) close to the motor domain by Aurora A and B [321]. This phosphorylation reduces the affinity of
CENP-E for microtubules and is required for congression of polar chromosomes. However, it remains
unclear how a reduction in microtubule affinity would promote CENP-E processivity necessary to
overcome Dynein-mediated poleward motion. Importantly, dephosphorylation of CENP-E at T422 by
PP1 phosphatase is required for stable chromosome bi-orientation after congression [321]. The recent
demonstration of the existence of an Aurora A activity gradient from the spindle poles [7] has provided
the necessary positional cues to control the extent of CENP-E phosphorylation at T422 as polar
chromosomes approach the equator. Interestingly, Dynein intermediate chain is phosphorylated by
Plk1 on T89 also in a chromosome position-dependent manner and this appears to be counteracted
by PP1 phosphatase [322,323]. This phosphorylation is required for normal Dynein recruitment to
kinetochores and inhibits its association with Dynactin, as well as Dynein poleward streaming along
attached microtubules. Since Dynactin is required for cytoplasmic Dynein processivity [324,325],
these results suggest that Dynein phosphorylation at T89 is inhibitory of its motor-mediated transport
functions, as originally predicted by in vitro studies [288].
The role of CENP-E in polar chromosome congression is also regulated by sumoylation
and farnesylation. When sumoylation is inhibited by overexpressing the SUMO isopeptidase
SENP2, CENP-E no longer localizes to kinetochores and chromosome congression is impaired [326].
Interestingly, cells treated with farnesyltransferase inhibitors (FTIs) exhibit a prometaphase delay,
suggesting the involvement of farnesylated proteins in chromosome alignment [327–330] (see also
Section 4.2). These mitotic defects observed after treatment with FTIs were initially attributed to
the inhibition of CENP-E and CENP-F farnesylation [327,328,331]. While inhibition of farnesylation
appears to interfere with CENP-E association with microtubules [327], the role of farnesylation in
regulating CENP-E localization and function at kinetochores remains controversial. Treatment of cells
with FTIs was reported to deplete CENP-E and CENP-F from metaphase, but not from prometaphase
kinetochores [328]. CENP-E is also degraded shortly after mitotic exit [332], and its degradation
requires farnesylation [333]. Interestingly, it was suggested that farnesylation of Spindly is also
involved in the regulation of kinetochore Dynein, since mutation of a potential farnesylation site in
Spindly prevented its localization at the kinetochore [179]. More recently, two independent studies
confirmed Spindly as a farnesylation substrate [334,335]. In one study, FTI treatment resulted in loss
of Spindly at kinetochores without affecting the RZZ complex or CENP-E and CENP-F kinetochore
localization [335]. In contrast, in another study, CENP-E and CENP-F kinetochore levels were also
affected by FTI treatment, but to a less extent compared to Spindly [334]. Both studies have shown that
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preventing farnesylation of Spindly delays chromosome congression, producing a similar phenotype
observed in cells treated with FTIs. Taking these findings together, it seems that the role of farnesylation
in regulating CENP-E function during chromosome congression rather represents a minor effect,
while loss of Spindly kinetochore localization (and consequently Dynein) after farnesylation inhibition
appears to be the major contributing factor to the congression defects observed in cells treated with FTIs.
Different studies have implicated Mps1 in chromosome alignment, but the underlying molecular
mechanism remains unclear [336–339]. Initially it was proposed that regulation of chromosome
alignment by Mps1 acts through modulation of Aurora B kinase activity [337]. However, recent
studies have provided evidence that regulation of chromosome alignment by Mps1 is independent of
Aurora B [336,340,341]. The regulation of chromosome alignment by Mps1 may be through CENP-E
phosphorylation [301], as this is necessary to recruit CENP-E to kinetochores [336,342]. These results
suggest that the role of CENP-E in polar chromosome congression might be regulated by Mps1.
Finally, motor proteins involved in chromosome congression are also regulated by proteolysis.
For instance, the Kinesin-10 Kid and the kinetochore motor CENP-E are degraded at the end of mitosis,
consistent with down-regulation of PEFs at the metaphase-anaphase transition to allow chromosome
poleward movement [44,65,332].
2.9. The Role of Tubulin PTMs as a Navigation System for Kinetochore-Based Motility of Chromosomes
In addition to the regulation of kinetochore motor activities, the possibility that tubulin
post-translational modifications (PTMs), as part of the so-called “tubulin code” [343,344], additionally
contribute with spatial cues required for chromosome congression has recently been proposed [345,346].
Tubulin, the building unit of microtubules, can be enzymatically processed to undergo different PTMs,
including detyrosination, (poly)glutamylation, glycylation, phosphorylation, acetylation and the
recently-discovered methylation [344,347]. Some of these modifications have been already shown
to regulate the motor activity of Kinesin-1, affecting its binding and transport in neurons [348–351].
In vitro reconstitution assays have further dissected the impact of tubulin PTMs on the performance
of motor proteins such as Kinesin-1, Kinesin-2, Kinesin-13, and Dynein [352,353]. Therefore, it is
plausible that the activities of the motor proteins involved in the directed transport of chromosomes
along distinct microtubule populations, before and during chromosome congression, are also regulated
by PTMs that differentiate the microtubule tracks on which they move [346]. Indeed, it has been
known for decades that different PTMs label distinct microtubule populations within the mitotic
spindle [354–357]. For instance, the dynamic, short-lived astral microtubules that extend from the
spindle poles towards the cell cortex are highly tyrosinated (i.e. they contain a tyrosine as the last
amino acid on the α-tubulin C-terminal tail), while more stable spindle microtubules, such as k-fibers
and possibly interpolar microtubules, are detyrosinated, acetylated and polyglutamylated [354–357].
Therefore, this patterned distribution of different tubulin PTMs within the mitotic spindle could
work as a navigation system for kinetochore-based motor proteins involved in the critical steps that
anticipate and mediate chromosome congression [345,346].
Such a navigation system would have particular implications for the congression of
peripheral chromosomes that are unable to bi-orient soon after NEB. According to this model,
the Dynein-mediated poleward movement of peripheral chromosomes upon the initial interaction
with astral microtubules would be regulated by their high tyrosinated state [355,356]. In support of
this concept, recent in vitro reconstitution studies of Dynein/Dynactin activity have indicated that
tubulin C-terminal tail tyrosination is of great importance for Dynactin-mediated initiation of Dynein
motion on microtubules [358]. Similar findings have been reported in vivo, where the Dynactin subunit
p150 and tubulin tyrosination were shown to mediate the initiation of retrograde vesicle transport in
neurons [359]. Finally, these data are in line with previous studies reporting that p150/Dynactin has
higher affinity for tyrosinated microtubules [325,360] and that the motility of both cytoplasmic and
axonemal Dyneins highly depends on tubulin C-terminal tails [325,361–363].
After the initial Dynein dominance during the poleward transport of peripheral chromosomes
along tyrosinated astral microtubules, Dynein is overtaken by CENP-E to drive the congression of
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polar chromosomes to the equator [6]. In concert with Aurora A kinase-mediated activation of CENP-E
by phosphorylation near the poles [321], and in agreement with the slow association of CENP-E with
microtubules observed in vitro [364], recent work revealed that CENP-E has a preference for the more
stable detyrosinated spindle microtubules, and this is important to guide polar chromosomes towards
the equator [345]. Accordingly, this study showed that, similar to CENP-E depletion/inhibition,
attenuation of tubulin detyrosination either by inhibition of the tubulin carboxypeptidase (TCP)
(the enzyme that removes the last tyrosine from the α-tubulin C-terminal tail on polymerized
microtubules), or by overexpression of the tubulin tyrosine ligase (TTL) (the enzyme that adds back
tyrosine to soluble α-tubulin), prevented polar chromosomes from congressing. In vitro reconstitution
experiments confirmed that CENP-E motility is enhanced on detyrosinated microtubules [345].
Moreover, RNAi-mediated depletion of TTL, which increases overall detyrosination of the mitotic
spindle, including astral microtubules, prevented peripheral chromosomes from reaching the spindle
pole [345]. Since this could only be partially rescued by co-depletion of CENP-E [345], it suggests
that increased detyrosination of astral microtubules further prevents kinetochore Dynein-mediated
poleward transport. Altogether, these data support that the state of α-tubulin detyrosination provides
important spatial cues for the regulation of chromosome movements during mitosis [346]. As so,
the difference in detyrosination levels between highly dynamic astral and more stable spindle
microtubules mediates an activity switch that enables the fine spatiotemporal regulation of the opposite
motility of Dynein and CENP-E at kinetochores. This ensures that peripheral chromosomes are first
transported poleward by Dynein along tyrosinated astral microtubules, followed by CENP-E-mediated
congression along more detyrosinated microtubules pointing to the equator.
This activity switch seems to be very finely regulated, since in vitro studies showed that tubulin
(de)tyrosination induced less than 2- and up to 4-fold changes in the processivity of CENP-E and
Dynein motors, respectively [345,358]. Importantly, a recent in vitro reconstitution study demonstrated
that single Kinesin and Dynein motors produce approximately similar forces [365], which helps to
explain how slight differences in tubulin (de)tyrosination can influence motor kinetics and determine
the directionality of chromosome movements. This is further supported by recent theoretical work,
which demonstrated that tubulin PTMs are sufficient to generate a 2-fold difference on motor kinetics
and target cargoes to specific locations along microtubules [366].
A critical emerging question is how a single amino acid change at the α-tubulin C-terminal tail
selectively affects motor recognition and function at the structural level. It is well established that
tubulin C-terminal tails regulate the binding and processivity of Kinesin-1 and Dynein in vitro [362,367].
CryoEM, backed-up by crystallographic studies, have allowed the visualization of the CENP-E motor
domain in complex with microtubules [368,369]. Although the exact interaction between CENP-E and
tubulin C-terminal tails has not been determined due to their flexible nature, these works indicate that
the CENP-E motor domain might interact with helix 12 from α-tubulin, close to the C-terminal tail.
Because the association of the CENP-E C-terminal kinetochore-binding domain with microtubules
depends little (20% reduction) on tubulin C-terminal tails [370], these results suggest that microtubule
detyrosination directly regulates recognition by the CENP-E motor domain. In contrast, the recognition
of tyrosinated microtubules by Dynein has been shown to involve p150/Dynactin [358,360] and
structural reconstructions have indicated that this interaction is mediated by the GKNDG motif on the
CAP-Gly domain of p150/Dynactin [371,372].
2.10. Chromosome Congression vs. Maintenance of Alignment
One poorly understood aspect of mitosis is whether the mechanisms that mediate chromosome
congression consist of the same principles that ensure the maintenance of a bi-oriented chromosome
at the equator after completing congression. Clearly, motor-dependent chromosome congression
does not rely on a force balance on a given kinetochore pair, as chromosome bi-orientation is not
required to complete congression [300]. Moreover, end-on kinetochore-microtubule attachments are
not even required for motor-driven congression to the equator, but are essential to maintain aligned
141
Biology 2017, 6, 13
chromosomes at the metaphase plate [305]. This is corroborated by microsurgery experiments in
which the kinetochore region of a once aligned chromosome is irradiated with a focused UV or laser
microbeam, causing the chromosome to immediately move towards the direction of the undisturbed
kinetochore [20–23]. In contrast, when k-fibers are cut on a bi-oriented chromosome positioned at the
equator, chromosomes either do not shift at all or shift only slightly towards the pole of the unperturbed
k-fiber [21,22,29–38]. Interestingly, inter-kinetochore tension in vertebrate and insect cells is proportional
to k-fiber length [37,38] (Figure 6). Overall, these data indicate that while force at kinetochores is
proportional to k-fiber length, maintenance of chromosome position near the equator is not.
Figure 6. Forces at kinetochores are proportional with k-fiber length, but chromosome position at the
equator is independent of k-fiber length. (a,b) Laser microsurgery of k-fibers in Drosophila S2 cells
stably expressing GFP-α-tubulin to label microtubules (green) and Cid-mCherry to label kinetochores
(red). K-fibers were cut (yellow arrowhead) and grew back as described previously [29]. Inverted
contrast of GFP-α-tubulin is also shown, as well as the variation of inter-kinetochore distance over
time (kymograph; first frame corresponds to pre-surgery distance; second frame onwards are after
surgery). Measurement of the inter-kinetochore distance before and after laser surgery ablation
of k-fibers (yellow bars) indicates that kinetochores relax after surgery, and this relaxation is more
evident the closer the cut is to the kinetochore. Time is in min:sec. White scale bars are 2 μm;
(c) Quantification of the percentage of kinetochore relaxation after surgery (determined by the difference
between initial inter-kinetochore distance and the minimum observed distance after surgery) indicates
a negative correlation (R2 = −0.361; p < 0.001) with the cut distance from the kinetochore (n = 125 cells);
(d) Corresponding quantification of the inter-kinetochore distance over time as a function of the cut
distance from the kinetochore. Each group was normalized against its initial distance such that one
hundred percent corresponds to the average initial distance. The closer the cut is to the kinetochore,
the longer the recovery of inter-kinetochore distance and the higher is the relaxation. The inclusion of
a kinetochore marker in this study and the observed variability of inter-kinetochore distance after k-fiber
cut explains previous observations in which no detectable kinetochore relaxation was observed without
the use of a kinetochore marker [29]. Laser microsurgery was performed essentially as described in [373].
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Several theoretical and experimental studies have predicted or provided evidence for mechanical
coupling between kinetochore and non-kinetochore (interpolar) microtubules [4,37,38,374–381],
which might account for the maintenance of chromosome positioning at the equator independently
of k-fiber length. While the molecular nature of this spindle microtubule coupling system remains
unknown, it is likely to involve multiple players that possess the necessary molecular properties to
serve this purpose. These include several MAPs and motors with microtubule cross-linking properties,
such as PRC1, Kinesin-5, Kinesin-15, CLASPs, Clathrin/Ch-TOG/TACC3, Asp, NuMa, Kinesin-14 and
Dynein [382–384]. In addition, Chromokinesins, Kif4A in particular, might also work as a coupling
element between k-fibers and interpolar microtubules interacting with chromosome arms [71].
Interestingly, many loss-of-function studies of Chromokinesins revealed only a very minor
role during chromosome congression, while being critical to maintain chromosomes aligned at
the equator [6,71]. These results suggest that Chromokinesins might additionally contribute to the
stabilization of kinetochore-microtubule attachments of aligned chromosomes, possibly in coordination
with the activity of Kinesin-8 [146]. Indeed, recent works in Drosophila S2 cells have shown that
Chromokinesins promote kinetochore-microtubule stabilization and the conversion from lateral to
end-on attachments, independently of chromosome bi-orientation [77,81], which might be important to
maintain chromosomes aligned at the equator after congression. This implies that CENP-E is no longer
dominant over Chromokinesins once chromosome bi-orientation and equatorial alignment is achieved.
This would be consistent with the finding that CENP-E levels at the kinetochore decrease significantly
due to Dynein-mediated stripping upon microtubule attachment and chromosome bi-orientation [385].
However, whether CENP-E plays a role in maintaining chromosome positioning at the equator
after alignment has been controversial. For instance, CENP-E has been proposed to play a role in
stabilizing end-on kinetochore-microtubule attachments [297–299]. This model is supported by electron
microscopy studies after inactivation of CENP-E function, which showed a reduced microtubule
number at kinetochores of aligned bi-oriented chromosomes, supporting a role for CENP-E after
chromosome congression [297,298]. Importantly, the observed differences relative to controls appear
to be attenuated during a prolonged mitosis where the range of microtubule binding was similar to
controls, indicating that CENP-E is not essential for binding of a full complement of microtubules
at kinetochores of bi-oriented chromosomes [297]. Interestingly, original antibody micro-injection
experiments in metaphase cells have indicated that CENP-E is not required for maintenance of
chromosome alignment [289]. In contrast, treatment of metaphase cells with a CENP-E inhibitor
that forces CENP-E to bind tightly to microtubules (a “rigor” state) caused the displacement of
chromosomes from the equator, supporting a role of CENP-E in maintaining chromosome alignment
after bi-orientation, in addition to mediating chromosome congression [303]. The availability of
a second generation of CENP-E inhibitors that compromise ATPase activity without interfering with
microtubule binding [386] will be important to clarify the role of CENP-E after chromosome alignment.
Finally, many studies have reported chromosome misalignment problems after functional
perturbation of several proteins (see Table 1). However, since live-cell imaging was not used in
many of these studies, it remains unclear whether it truly reflects a direct role of these proteins in
chromosome congression or in the maintenance of chromosome alignment. The recent discovery
that apparently unrelated experimental perturbations associated with a metaphase delay often lead
to “cohesion fatigue” (i.e., the uncoordinated loss of sister chromatid cohesion after chromosome
congression but prior to anaphase onset, due to the action of mitotic spindle forces) [155,387,388]
incites for a systematic re-evalution of proteins formerly associated with chromosome alignment using
state-of-the-art live-cell imaging techniques.
2.11. An Integrated Model of Chromosome Congression
Based on the arguments expressed in the previous sections, we propose that chromosome
congression in humans can essentially be explained by two main mechanisms that operate in
parallel (Figure 7), meaning that not all chromosomes rely on the same mechanism to complete
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congression. A key aspect that determines which mechanism is used depends essentially on whether
chromosomes establish lateral or end-on attachments at their kinetochores on their way towards the
equator. This is influenced by the position of chromosomes relative to the spindle poles at NEB.
Those chromosomes that are able to bi-orient soon after NEB would use a “direct congression”
mechanism in which opposite kinetochore-pulling forces, resulting from the tight regulation of
microtubule dynamics and length at the kinetochores, in coordination with PEFs along chromosome
arms, drive chromosome oscillations until net force is zero near the equator. A corollary from
this model is that the establishment of stable end-on attachments inhibits the other congression
mechanism relying on lateral interactions between microtubules and kinetochores. This second
mechanism would take advantage of the high processivity of the Dynein/Dynactin motor localized on
unattached kinetochores to capture peripheral chromosomes, which are unable to bi-orient at NEB
and establish stable end-on kinetochore microtubule attachments. The minus-end directed motion of
Dynein/Dynactin along tyrosinated astral microtubules transports peripheral chromosomes close to
one of the spindle poles, where Aurora A activity is highest and prevents the stabilization of end-on
kinetochore-microtubule attachments. This configuration also imposes a dominance of kinetochore
Dynein/Dynactin over the action of Chromokinesin-mediated PEFs along chromosome arms that
would otherwise promote the premature stabilization of end-on kinetochore-microtubule attachments
and lead to errors resulting in chromosome missegregation. In addition, while travelling along
tyrosinated astral microtubules, Dynein/Dynactin will be dominant over the other kinetochore motor,
CENP-E, with plus-end-directed motility and a preference for more stable detyrosinated microtubules.
Once at the poles, phosphorylation by Aurora A will activate CENP-E, (while other centrosome kinases,
such as Plk1, inactivate Dynein/Dynactin), favoring the lateral transport of chromosomes by CENP-E
along detyrosinated microtubules (either k-fibers or interpolar microtubule bundles) towards the
equator, where the chances for bi-orientation are maximal. At the equator, Chromokinesins promote
the conversion from lateral to end-on attachments, which further downregulates CENP-E and Dynein,
thereby ensuring the maintenance of chromosome position at the metaphase plate. Once aligned and
bi-oriented at the metaphase plate, the coordination between kinetochore-pulling forces and PEFs
continue to determine the amplitude of chromosome oscillations, but maintenance of chromosome
position near the equator will depend on additional factors that mediate the cross-linking between
kinetochore and non-kinetochore microtubules.
Figure 7. Integrated model of chromosome congression in human cells. In this representation, Kif18A is
shown to restrict k-fiber length, thereby contributing to a directional switch and regulating chromosome
oscillations after bi-orientation. See text for a detailed description.
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2.12. A Note about Chromosome Congression in Acentrosomal Systems
The problem of chromosome congression in acentrosomal systems such as animal oocytes and
land plants is not less complex than in mammalian somatic cells. While the lack of centrosomes
could in principle simplify the process and decrease microtubule heterogeneity within the context
of the spindle, these systems have developed alternative microtubule organizing structures or
mechanisms that, in a way, functionally resemble the centrosomes. For instance, land plants
assemble a “prophase spindle” on opposite sides of the nucleus before NEB. These prophase spindle
microtubules undergo “search-and-capture” and eventually interact with chromosomes and assist
their motion (reviewed in [39,389,390]). There is, however, good evidence that canonical PEFs are
rather weak or absent in plants [39,391]. Mammalian oocytes form acentriolar microtubule-organizing
centers (aMTOCs) that assemble transient “multipolar” spindles that ultimately cluster into a bipolar
structure (and show astral-like microtubules) and mediate interactions with chromosomes towards
bi-orientation [392,393]. Therefore, “direct congression” of at least some chromosomes after NEB is
likely to take place in mammalian oocytes and land plants. In contrast, in Xenopus oocyte extracts,
microtubules organize “inside-out” in the vicinity of chromatin and in a Ran-GTP-dependent manner
(reviewed in [394]). As so, chromosomes already start “congressed” during spindle assembly and
do not need to be transported from the poles. Nevertheless, CENP-E and Kid/Chromokinesin
motors appear to be necessary to maintain chromosomes equidistant from the poles in this system,
either by promoting chromosome bi-orientation or simply by mediating persistent microtubule
plus-end-directed chromosome motion, such as in PEFs [65,66,293].
Recent insight from live-cell imaging of mammalian oocytes has revealed unprecedented
details about the process of chromosome congression in this system [395]. It was found that
chromosome congression is completed before bi-orientation due to the establishment of an intermediate
configuration, the “prometaphase belt”, in which chromosomes are organized around the spindle.
During congression, chromosomes that were located far from the equator moved towards it by
sliding along spindle microtubules, whereas chromosomes that were already located near the equator
remained stationary. Subsequently, chromosomes invaded the spindle area establishing the final
metaphase plate organization and bi-orientation. Interestingly, very similar findings have been
reported for human somatic cells in culture [72], suggesting conservation of the mechanisms of
chromosome congression between mammalian centrosomal and acentrosomal systems. In support
of this idea, chromosome congression in mammalian oocytes also does not seem to depend on the
Chromokinesin Kid [395,396], but CENP-E activity appears to be required, possibly by facilitating
bi-orientation [397]. Similar findings were also recently reported in Drosophila and C. elegans oocytes,
in which prometaphase chromosome motion and bi-orientation was shown to depend essentially
on lateral attachments [398,399]. However, while in Drosophila oocytes chromosome bi-orientation
and lateral attachments were shown to rely on CENP-E [398], in the case of C. elegans oocytes the
process might involve the Chromokinesin KLP-19 [399]. It should be noted that chromosomes in
Drosophila oocytes are compacted into a karyosome and, similar to Xenopus oocyte extracts, congression
is unnecessary, whereas in C. elegans KLP-19 is only required for chromosome alignment in metaphase
I-arrested, but not normally progressing oocytes [399,400]. Therefore, CENP-E and Chromokinesin
activities in these systems might only be required to maintain chromosomes at the equator. In the
case of land plants, they appear to lack cytoplasmic Dynein motors [390,401], but CENP-E-like
Kinesin-7 motors and Chromokinesins are conserved [390,402] and the former has been implicated
in chromosome congression in moss, even though it does not seem to localize at kinetochores [403].
Finally, it is worth remarking that even in animal somatic cells in which centrosome function was
genetically perturbed, chromosome congression was delayed but not prevented, further supporting
a marginal role for centrosome-mediated PEFs in chromosome alignment in metazoans [404].
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3. Consequences of Abnormal Congression
3.1. Aneuploidy, Tumor Suppression and Oncogenic Potential
Aneuploidy is defined as a karyotype state with a chromosome number that deviates from
a multiple of the haploid, and is a hallmark of human cancers. Aneuploidy is often accompanied
by high rates of chromosome missegregation, a phenomenon called chromosomal instability (CIN),
in which chromosomes are permanently gained and lost during multiple divisions [405]. Therefore,
CIN might contribute to tumorigenesis by changing the dosage of oncogenes and tumor suppressors
required for tissue homeostasis. CIN has also been associated with both poor patient prognosis
and resistance to some chemotherapeutic agents [406–410]. Paradoxically, there is also evidence that
excessive CIN is a disadvantage for tumor progression and is associated with better prognosis [411].
Whatever the case may be, and despite all controversy, direct targeting of CIN as a potential anti-cancer
therapy is now the subject of active research [412,413].
Chromosome congression defects are amongst the multiple pathways that could lead to
CIN [405,414,415]. Different studies reported that cell and animal models with reduced levels of
CENP-E generate high levels of aneuploidy. CENP-E deletion in mouse embryonic fibroblasts (MEFs)
and in liver tissues resulted in cells with several mitotic defects, including chromosome misalignment
and increased levels of lagging chromosomes, an indication of chromosome missegregation [298,416].
Homozygous disruption of the CENP-E gene causes early embryonic lethality [298], while
heterozygous loss of CENP-E causes aneuploidy and CIN that can both promote or suppress tumor
formation, depending on the context [417,418]. Mice heterozygous for CENP-E show a mild increase in
the rate of spontaneous lung and spleen tumors, but exhibit a decreased incidence of liver tumors [418].
CENP-E heterozygosity did not accelerate tumor initiation or progression after treatment with the
chemical carcinogen DMBA [417,418]. Moreover, when CENP-E heterozygosity was combined with
the loss of the tumor suppressor p19ARF (CENP-E+/− p19ARF−/−), most of the animals showed
a strong delay in tumorigenesis [417,418]. Furthermore, exacerbating the level of CIN in CENP-E+/−
mice by crossing them with Mad2+/− or APCMin/+ resulted in increased cell death and reduced tumor
progression [417,419]. These findings suggest that low levels of CIN caused by minor chromosome
congression and segregation defects could potentially lead to transformation, whereas an elevated rate
of CIN inhibits tumor formation.
Drosophila models have also been generated to investigate whether induction of aneuploidy by
knocking down CENP-E is tumorigenic . In one study, CENP-E depletion alone was not sufficient
to drive tumorigenesis [420]. However, another study found that knockdown of CENP-E and Nsl1
(which targets Bub3 to the kinetochore, compromising the SAC) induced a tumorigenic response [421].
These results suggest that, per se, minor chromosome congression defects are insufficient to drive
tumor formation in flies and that a significant level of aneuploidy is required.
Altered expression or mutations in CENP-E have been reported in some human diseases.
CENP-E is upregulated in individuals with rheumatoid arthritis [422] and with breast cancer [423].
Moreover, CENP-E expression negatively correlated with disease-specific survival in patients with
breast cancer [423]. In contrast, human hepatocellular carcinoma exhibits abnormally low levels of
CENP-E [424]. Several non-synonymous single nucleotide polymorphisms were also reported in
CENP-E and the Y63H point mutation, which disrupts the native conformation of the ATP-binding
region in the CENP-E motor domain, was found to be associated with cancer [425]. Finally, mutations
in CENP-E leading to chromosome congression problems were also associated with microcephalic
primordial dwarfism (MPD) [426].
Kif18A is overexpressed in human colorectal [427] and human breast cancers [428]. Kif18A
expression in breast cancers correlates with tumor grade, metastasis and survival, whilst suppression
of Kif18A expression in breast cancer cells inhibits tumor growth in vivo [428]. In addition, proteomic
analysis identified Kif18A as a potential biomarker of cholangiocarcinoma and lung cancer [429,430].
Genetic studies in mice demonstrated that disrupting Kif18A function affects male, but not female,
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fertility [193]. Kif18A−/− male mice develop relatively normally and exhibit defects in the testis,
but not in other organs. Testis atrophy in these mice is caused by impaired microtubule dynamics
and loss of spindle pole integrity associated with chromosome congression defects during mitosis
and meiosis. Another study showed that depletion of Kif18A protects animals from colitis-associated
colorectal (CAC) cancers [431]. Although suggestive, the involvement of Kif18A in cancer requires
further investigation.
Besides its function during chromosome congression, the Chromokinesin Kif4A plays several
other roles throughout mitosis, and loss of this protein leads to various mitotic defects including
chromosome hypercondensation, aberrant spindle formation, anaphase bridges, defective cytokinesis
and aneuploidy [69,432]. Kif4A is absent or expressed at low levels in 35% of human cancers [433].
Kif4A is also downregulated in gastric carcinoma tissues and Kif4A expression levels correlate with
tumor differentiation [434]. Interestingly, overexpression of Kif4A in gastric cancer cells inhibits
proliferation in vitro, as well as the ability to form tumors in vivo [434]. Kif4A is also overexpressed
in cervical cancer [435] and non-small cell lung cancer associated with poor patient outcome [436].
Furthermore, loss of Kif4A in murine embryonic stem cell results in several mitotic defects, including
chromosome misalignment, spindle defects and aberrant cytokinesis [433]. Additionally, a high
percentage of cells lacking Kif4A are aneuploid and injection of these cells into nude mice has the
ability to form tumors. Based on these findings, the aneuploidy associated with aberrant mitosis
after Kif4A depletion can promote tumor formation, but it remains unclear whether this is a direct
consequence of its role in chromosome congression. Altogether, these findings demonstrate that loss
of different Kinesin-like proteins involved in different aspects of chromosome congression might lead
to aneuploidy.
4. Targeting Chromosome Congression for Cancer Therapy
4.1. CENP-E Inhibitors
Microtubule poisons that disrupt spindle assembly and function have demonstrated to be
powerful tools in the treatment of many human cancers [437], but their efficacy is limited by side
effects such as neurotoxicity, neutropenia and acquisition of resistance [438–440]. Taxanes and
vinca alkaloids are amongst the most successful microtubule drugs and are known to compromise
chromosome congression by preventing the formation of proper kinetochore-microtubule attachments
that nevertheless satisfy the SAC, leading to an abnormal mitotic exit and apoptosis [441–445].
The discovery of new mitotic targets for cancer therapy has raised interest in developing antimitotic
agents that do not target microtubules [446,447]. The most notable targets are the Aurora kinases A
and B, as well as Plk1 [448]. Although there are obvious drawbacks (and the main reason for failure
in clinical trials) related with cytotoxicity of normal fast dividing cells, such as those in the bone
marrow, gut, and hair follicles, protein targets that are only expressed in dividing cells are attractive
for cancer therapy, since non-dividing differentiated cells should not be affected. CENP-E is expressed
predominantly in mitosis (and G2) [290] and plays an important role in peripheral chromosome
congression [293,295,300], thereby representing an attractive target for cancer therapeutics. GSK923295
is an allosteric inhibitor of CENP-E that blocks its microtubule stimulated ATPase activity and stabilizes
the interaction between the motor domain and microtubules [449,450]. GSK923295 has demonstrated
both in vitro and in vivo antitumor activity against various malignancies [449,451–455]. Cells treated
with GSK923925 assemble bipolar spindles and the majority of chromosomes align at the spindle
equator. However, some chromosomes remain clustered near the spindle poles, leading to mitotic
arrest and apoptosis [449,456]. The antitumor activity of GSK923925 has been evaluated in combination
with standard chemotherapies, as well as with other emerging targeted drugs [454]. Inhibition of ERK1
revealed a significant synergistic proliferation inhibition activity when combined with GSK923225
in neuroblastoma, lung, pancreatic and colon carcinoma cell lines [454]. Combination of GSK923225
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with Pgp-pump modulators also appeared to improve the antitumor effects against cells with Pgp
overexpression, thereby overcoming the resistance to Pgp inhibitors [457].
Another CENP-E inhibitor, PF-2771, selectively inhibits proliferation of basal breast cancer cell
lines compared with normal and premalignant cells. Moreover, the sensitivity to this inhibitor correlates
with the degree of CIN, suggesting that cancers with elevated CIN may benefit from CENP-E-targeted
therapy [423]. Finally, inhibition of CENP-E motor function by PF-2771 resulted in tumor regression
in a patient-derived basal-like breast cancer xenograft tumor model [423]. More recently, a new
inhibitor of CENP-E directly targeting its ATPase activity, known as compound A, was found to have
anti-proliferative activity in multiple cancer cell lines and in a xenograft nude mouse model [386,458].
CENP-E inhibition using compound A resulted in p53-dependent post-mitotic apoptosis triggered
by elevated chromosome missegregation [458]. Interestingly, both CENP-E inhibitors PF-2771 and
GSK923295 were found to increase CIN levels in a recent large-scale screen [459]. Taken together,
these data suggest that CENP-E may be an effective therapeutic target for cancer cells with high
levels of CIN.
Other compounds have been claimed to specifically inhibit CENP-E, but turned out to target
other proteins. For instance, the compound UA62784 was initially described to be a specific inhibitor
of the ATPase activity of CENP-E and highly cytotoxic against human pancreatic cancer cell lines with
a deletion of the DPC4 gene [460]. However, a subsequent study demonstrated that this compound
does not exert its cellular activity by inhibiting CENP-E and rather binds microtubules tightly [461,462].
Another study that tested the antitumor activity of UA62784 and 80 analogs against pancreatic cancer
cell lines revealed that these compounds potently inhibit several protein kinases that are overexpressed
in these cancer cells, but not mitotic Kinesins (Kinesin-5, CENP-E, MKLP-1, and MCAK) [463]. Another
compound, Syntelin, was also reported to be a highly selective CENP-E inhibitor [464]. Inhibition
of CENP-E by Syntelin caused misaligned chromosomes with syntelic attachments, in which sister
kinetochores stably attached to microtubules near the same spindle pole [464]. This was surprising,
since perturbation of CENP-E produces polar chromosomes that are mostly devoid of microtubules at
kinetochores [6,297,298], suggesting that Syntelin also targets other proteins (e.g., Aurora B).
To date, only one of the CENP-E inhibitors, GSK923295, has been evaluated in a Phase I clinical
trial [465]. In this trial, peripheral neuropathy, a well-known taxane adverse effect, was not evident.
As such, the use of CENP-E inhibitors as anticancer drugs could be better tolerated than taxanes and
possibly easier to use in combination with other cancer therapies. Thus, better understanding of the
molecular mechanisms behind CENP-E inhibition might help to find optimal clinical strategies for
certain human cancers.
4.2. Farnesyltransferase Inhibitors (FTIs)
FTIs are promising agents for therapeutic intervention in several diseases, including cancer,
malaria and progeria [466–473]. Due to the clinical relevance of these drugs it became important the
identification of the cellular substrates of the farnesyltransferase. There are several proteins that are
prone to be farnesylated [474] and several studies have shown that FTIs prevent the farnesylation
of Ras family and some mitotic proteins involved in chromosome congression (such as CENP-E,
CENP-F and Spindly) [327,334,335,475,476]. Since farnesylation is required for the recruitment of
Ras proteins to the plasma membrane and many tumors exhibit mutations in Ras, FTIs were initially
developed as therapeutic agents that target Ras activity in cancer cells [477]. Indeed, FTIs exhibited
a potent inhibitory effect on the proliferation and invasive capabilities of breast cancer cells with
active H-Ras in culture [478]. However, it became evident that the target of FTIs might not be only
Ras proteins [479], and there was some evidence that FTIs demonstrated activity in cancer cells
irrespective of Ras mutations [330,480–482]. Moreover, some studies have shown that treatment of
different cancer cells with FTIs enhanced the anti-proliferative and apoptotic effects of cisplatin [483],
5-fluorouracil [484], MEK inhibitors [485], Cdk inhibitors [486], mTOR inhibitor (rapamycin) [487] and
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taxol [488]. Finally, and most relevant for our purposes, FTIs were shown to affect bipolar spindle
assembly and chromosome congression [328,329,335].
Some FTIs, such as Tipifarnib (or R115777), Lonafarnib (or SCH66336), BMS-214662, L-778123 and
SCH44342 are currently in clinical trials for the treatment of various solid tumors and hematological
malignancies [471,489–493]. Although FTIs have been extensively tested in the clinics, their mechanism
of cytotoxicity is not fully understood. In some clinical trials, treatment with FTIs alone or in
combination with chemotherapeutic agents failed to improve the overall outcome of patients with
solid tumors and leukemia [494–501]. However, other clinical trials demonstrated that the combination
of FTIs with conventional chemotherapeutic agents might be useful in hematologic and some solid
tumors [502–508]. Moreover, patients with poor-risk acute myeloid leukemia may benefit from FTIs
maintenance therapy following cytotoxic induction and consolidation therapies [509]. Understanding
the mechanisms by which these drugs inhibit cell proliferation and induce cell death might facilitate
the development of new therapeutic strategies.
4.3. Inhibitors of Tubulin PTMs
The levels of various tubulin PTMs, including acetylation, detyrosination, Δ2 deglutamylation,
polyglutamylation and glycylation, are altered in different cancer cell lines and tissues, contributing
to tumor growth and enhancing their metastatic potential [510–521]. α-tubulin acetylation and
detyrosination are increased in breast cancer cells and correlate with tumor aggressiveness and
poor prognosis in patients [511,517]. A balance of tubulin acetylation and deacetylation by α-TAT1
and HDAC6 enzymes with opposite activities was proposed to regulate the migratory and invasive
capacities of breast tumor cells [510]. Low expression of TTL, the enzyme responsible for tubulin
retyrosination, leads to increased microtubule detyrosination and is correlated with inhibition of
neuronal differentiation and increased cell growth in neuroblastoma with poor prognosis [518].
TTL expression was found to be suppressed during tumor growth in mice [516], as well as during
epithelial-to-mesenchymal transition in human mammary epithelial cells in vitro [521], implicating
the tubulin tyrosination cycle in both tumor propagation and metastasis. Such highly acetylated and
detyrosinated microtubules can indeed form microtentacle protrusions that enhance cellular invasive
migration and re-attachment [511,517]. Experimental microtubule deacetylation, achieved by mutating
the α-tubulin acetylation site at Lysine 40, decreased the incidence of microtentacles and inhibited
cellular migration and invasiveness, confirming the interdependence between cancer progression and
tubulin PTMs [511].
Because of their correlation with cancer, tubulin PTMs present a very promising target for novel
therapeutic approaches in human cancers. One of the most obvious strategies would rely on the
pharmacological inhibition of the enzymes responsible for tubulin PTMs. A promising group of
potential anti-cancer drugs that target tubulin detyrosination are sesquiterpene lactones, a series of
bioactive compounds isolated from the Asteraceae family of plants [522]. The most studied compound
is parthenolide, which has already been used in cancer clinical trials [523,524] and suppresses several
different steps within the nuclear factor kappa B (NF-κB) signaling pathway [525–528]. In addition,
parthenolide prevents microtubule detyrosination by inhibiting TCP, independently from its effect
on NF-κB [529]. Therefore, parthenolide-mediated targeting of TCP and microtubule detyrosination
might have a preventive effect on tumor growth, aneuploidy and metastasis, independently from its
interference with the NF-κB pathway. Indeed, parthenolide-mediated suppression of cell invasiveness
and re-attachment of breast cancer metastatic cells was shown to be independent of NF-κB [530].
Interestingly, several studies reported that various sesquiterpene lactones induced a G2 or M
arrest [531–533], which might account for their anti-cancer activity. More recently, the effect of
parthenolide over TCP inhibition was found to cause chromosome congression defects during
mitosis [345,346], reinforcing the potential of targeting chromosome congression for cancer therapy.
The great advantage of parthenolide as an anti-cancer drug is that it appears to selectively target
cancer cells, as documented by several different in vitro studies [524]. Moreover, parthenolide was
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the first small molecule shown to selectively kill cancer stem cells, while leaving normal stem cells
intact [524,534]. This is of enormous therapeutic importance, since the presence of cancer stem cells is
considered as one of the main reasons underlying chemotherapy resistance and tumor relapse due to
their capacity of self-renewal and differentiation into multiple cell types [535,536]. The mechanism
behind parthenolide selectivity towards cancer stem cells is not completely understood, but it is
believed that the reason lies in its ability to target multiple major pathways required for cancer stem
cell survival and self-renewal, such as MAPK, JAK/STAT, PI3K and NF-κB signaling [524,537]. Whether
TCP inhibition by parthenolide contributes to cancer stem cell eradication remains to be elucidated.
The biggest disadvantage of parthenolide as a therapeutic drug is its high hydrophobicity, which
limits its bioavailability for oral usage and solubility in plasma [523]. This is partially circumvented by
the synthesis of a more water-soluble analog dimethylamino-parthenolide (DMAPT), which possesses
an increased oral bioavailability [524]. DMAPT has already proved effective in selective eradication of
human acute myeloid leukemia primary cultured stem cells [538] and breast cancer stem-like cultured
cells [539], and has been shown to inhibit tumor growth and metastasis of prostate, lung and bladder
cancer xenografts in mice [531,540]. However, although parthenolide and DMAPT demonstrated
high potential in prevention of metastasis and treatment of cancer stem cells, they were not able to
reduce tumor volumes. In contrast, radiotherapy and more conventional chemotherapeutic drugs,
including the microtubule poisons taxanes, are able to reduce tumor volume, but usually fail to target
cancer stem cells. Therefore, a therapy that includes radiotherapy or conventional chemotherapeutics,
in combination with parthenolide/DMAPT could simultaneously target all types of cancer cells.
Indeed, a synergistic effect of parthenolide in combination with either taxanes [541,542] or vinca
alkaloids [543] was observed in breast cancer xenograft models in mice, affecting both tumor cells and
cancer stem cells, while preventing metastasis. The development of new drugs that more specifically
target enzymes that account for tubulin PTMs might reveal useful in evaluating potential clinical
applications in the future.
5. Conclusions and Future Perspectives
Overall, we conclude that chromosome congression in mammalian cells relies on the concerted
action of motor-dependent and -independent mechanisms, which are determined by the establishment
of end-on or lateral kinetochore-microtubule interactions. Therefore, any perturbation that introduces
alterations of microtubule dynamics or kinetochore function will likely compromise the congression
of at least some chromosomes during mitosis. In addition, the recent discovery that tubulin PTMs
have an impact on kinetochore motors and might work as a navigation system during chromosome
congression brings together two old research fields, while opening up new and exciting avenues for
investigation in the future. To date, more than 100 proteins have been implicated in chromosome
alignment (Table 1), but their exact role in the activities necessary for either congression or maintenance
of alignment remains unknown for >90% of them. A systematic analysis of the respective role of
these proteins in chromosome congression will be an important challenge for future studies of mitosis.
Moreover, the functional relationship between forces involved in chromosome congression and mitotic
spindle architecture remains poorly understood and deserves further attention [415]. Finally, it will be
important to firmly establish whether problems in chromosome congression are directly responsible
for human diseases, such as cancer, and whether targeting chromosome congression represents a valid
therapeutic approach.
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Abstract: The spindle assembly checkpoint (SAC) is a quality control mechanism that ensures accurate
chromosome segregation during cell division. It consists of a mechanochemical signal transduction
mechanism that senses the attachment of chromosomes to the spindle, and a signaling cascade that
inhibits cell division if one or more chromosomes are not attached. Extensive investigations of
both these component systems of the SAC have synthesized a comprehensive understanding of the
underlying molecular mechanisms. This review recounts the milestone results that elucidated
the SAC, compiles a simple model of the complex molecular machinery underlying the SAC,
and highlights poorly understood facets of the biochemical design and cell biological operation
of the SAC that will drive research forward in the near future.
Keywords: mitosis; spindle assembly checkpoint; signal transduction; aneuploidy
1. Introduction
The primary objective of mitosis is to create two cells with identical genomes. To achieve this,
the dividing cell must commence the process of cell division only after every chromosome is stably
attached to spindle microtubules emanating from opposite spindle poles. If cell division occurs in
the presence of unattached kinetochores, then the result is either chromosome missegregation or loss,
and the creation of genetically abnormal, aneuploid cells. To avoid this fate, the dividing cell enforces
the requirement for stable kinetochore-microtubule attachment using a cell cycle control known as the
spindle assembly checkpoint (SAC). The SAC is a mechanosensitive signaling cascade that ties the
progress of the cell cycle machinery with the mechanics of kinetochore biorientation. It is activated
by unattached kinetochores, which recruit many different SAC proteins and generate the inhibitory
“wait-anaphase” signal. Once the last unattached kinetochore attaches to spindle microtubules,
the “wait-anaphase” signal rapidly dissipates, and anaphase ensues. This simple “on-off” operation
of the SAC belies an intricate interplay between complex signal transduction machinery embedded
in the kinetochore and an equally complex signaling cascade that involves kinases, phosphatases,
and numerous SAC signaling proteins. A tight coupling between the signal transduction machinery
and signaling cascade of the SAC is essential to minimize chromosome loss and maintain genome
stability during cell division.
Understanding the elegant design of the SAC requires an in-depth understanding of both of its
component systems: the kinetochore-based mechanochemical signal transduction mechanism that
senses the absence of microtubule attachment and the signaling cascade that amplifies and spreads
the anaphase-inhibitory signal through the entire cell. This understanding is necessary, because the
misregulation of either system can have dire consequences on the genetic stability and health of both
daughter cells. Aberrant expression of kinetochore and signaling proteins involved in the SAC are
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strongly correlated with tumorigenesis and cancer. However, whether and how the aberrant expression
directly leads to tumorigenesis is not known. A mechanistic understanding of the kinetochore-based
machinery and a quantitative understanding of the SAC signaling cascade can elucidate the causal
links that likely connect aberrant SAC function, chromosome missegregation, and tumorigenesis.
This review considers the molecular mechanisms underlying the SAC and their operation from
the perspective of cell biology. Extensive molecular, structural, and biochemical investigations of the
SAC over the last two decades have achieved a nearly complete description of its signaling cascade,
and they elucidate how the kinetochore controls this cascade. Therefore, the following goals were set
for this review. The first goal is to briefly summarize the conceptual leaps achieved in understanding
the SAC. This summary will highlight studies that deeply influenced the mitosis field, and which
continue to guide investigations of the SAC today. The summary uses logical rather than chronological
linkage. The second goal is to synthesize a succinct working model for the operation of the SAC. Many
expert reviews that delve into the structural details of the SAC signaling proteins and the biochemistry
of the SAC were recently published [1,2]. Therefore, this knowledge will be organized in the context
of cell biology, so that it is easy to grasp even for readers outside the field of cell division. The final
goal for this review is to discuss the major gaps in our understanding of the SAC, and pose four broad
questions that are likely to drive future investigations into the SAC.
2. Early Hints of a Pathway that Monitors Chromosome Alignment and Controls Anaphase Onset
The foundation for our current understanding of the SAC was established by cell biological
investigations conducted almost sixty years ago. For this, the adoption of cine-microscopy proved
to be the enabling development. With cine-microscopy, the complete sequence of mitotic events
could be documented in real-time for the first time. These observations revealed that the alignment
of chromosomes at the metaphase plate is important for the timely onset of anaphase. In one
study in particular, Bajer and Mole-Bajer describe the importance of chromosome alignment quite
succinctly [3]: “In some cases anaphase does not begin, but ‘waits’ for the chromosome to move to
the plate, beginning a few minutes after this has reached it.” An even stronger correlation between
chromosome misalignment and delayed anaphase emerged from observations of the first meiotic
division in mantid spermatocytes [4]. Mantid spermatocytes contain three sex chromosomes: X1,
X2, and Y. Normally, the two X chromosomes pair with the Y to form the sex trivalent. However,
if this pairing of sex chromosomes is not successful, the sex chromosomes are unable to align at the
metaphase plate. The presence of such misaligned sex chromosomes block cell division for long periods
of time. The causative link between chromosome alignment and anaphase onset was made apparent by
Zirkle’s experiments [5]. Zirkle used a UV laser micro-beam to irradiate the cytoplasm in the vicinity
of metaphase spindles. Laser irradiation damaged the spindle, and dislodged chromosomes from
the metaphase plate. Strikingly, the dividing cell containing the misaligned chromosomes remained
in mitosis, and initiated anaphase only after these chromosomes realigned at the metaphase plate.
Although these results did not implicate unattached kinetochores as the reason for the cell cycle block,
they established that the metazoan cell waits until all chromosomes are aligned at the spindle equator
before initiating anaphase.
In this context, it is necessary to discuss the truly innovative experiments conducted by Nicklas [6].
Although Nicklas’ experiments were designed to investigate chromosome movement and alignment,
their findings deeply influenced our conceptualization of the mechanism of SAC signaling. Using
a glass microneedle, Nicklas directly pushed, pulled, and prodded aligned chromosomes during
the first meiosis in grasshopper spermatocytes to observe the establishment of bipolar attachments
(he referred to this process as “chromosome reorientation”). He noted that the spermatocytes never
entered anaphase in the presence of unattached chromosomes. More importantly, he demonstrated
that kinetochore-microtubule attachments are stabilized by the application of an opposing mechanical
force. The finding that mechanical forces arising from kinetochore interactions with the spindle alter
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the biochemistry within the kinetochore would provide the basis for the hypothesis that the mechanical
force generated by kinetochore-microtubule attachment silences the SAC [7].
Such careful observations of dividing cells derived from diverse organisms provided ample and
strong evidence of a system that monitors the alignment of chromosomes at the metaphase plate,
and that delays anaphase onset if this alignment is not achieved. However, the significance of these
observations remained unclear for nearly three decades, because the biochemical basis of the cell cycle
and the concept of cell cycle control were not yet fully understood.
3. Discovery of the Spindle Assembly Checkpoint
Until the early 1970s, the cell cycle was viewed as a prescribed sequence of activities and events
that proliferating eukaryotic cells progress through [8,9]. According to this view, the completion of each
step in the cell cycle sequence was required for and followed by the next step; feedback mechanisms
that enforce quality control were not envisioned. Several studies in the 1970s and 1980s challenged this
view. Genetic studies discovered many genes, which when mutated, arrested cells in specific stages
of the cell cycle [10,11]. Clearly, specific functions encoded by specific genes were essential for the
completion of each cell cycle stage. At the same time, biochemical investigations of the synchronous
cell divisions that occur during early embryonic development revealed that specific biochemical
activities had to be stimulated and then silenced to drive the cell cycle [12]. These findings forced a
reconsideration of the nature of the cell cycle. Whether the cell cycle is a set of sequential processes, or
if control mechanisms monitor the completion of each process and prevent further progress in case the
previous process is not satisfactorily accomplished, became a fundamental question that needed to
be addressed.
The existence of feedback mechanisms controlling the progression of the cell cycle was first
confirmed by the ground-breaking study by Weinert and Hartwell [13]. The authors screened for
genes that are necessary for the cell cycle arrest induced by damaged DNA. They discovered RAD9
(wild-type gene names appear in upper case italics, mutant genes appear in lower case italics, protein
names appear in Roman letters), a gene that is dispensable for the normal cell cycle progression but
essential for the cell cycle arrest induced by DNA damage. The discovery of RAD9 revealed that not
only does the eukaryotic cell encode genes that drive cell cycle progression, but also genes that actively
monitor the cell cycle, and prevent progress if a crucial step is not satisfactorily completed. This
seminal discovery demonstrated that the cell employs feedback controls or checkpoints that monitor
the progress of at least one cell cycle phase in order to maintain the quality of the genome [13,14].
The discovery of the DNA damage checkpoint prompted a reconsideration of the early cell
biological observations of cell division arrest induced by unaligned and/or unattached chromosomes.
Biophysical and biochemical studies of tubulin and microtubules had discovered a number of small
molecules that depolymerize microtubules, and thus act as spindle poisons. It was also known that
treatment of eukaryotic cells with spindle poisons not only destroys the spindle structure, but also
arrests the cells in mitosis [15–17]. Furthermore, experimental disruption of kinetochore assembly
created chromosomes that could not stably attach to the spindle, and cells containing such unattached
or weakly attached chromosomes delayed anaphase for several hours [18]. Could this cell cycle
arrest seen in cells with spindle damage also be instituted by another checkpoint? In 1991, two
seminal studies discovered two sets of genes that are necessary for arresting cells in mitosis in the
presence of microtubule poisons [19,20]. Following the conceptual framework established by the
DNA damage checkpoint, these studies hypothesized that specific genes are necessary to institute the
metaphase arrest triggered by spindle damage, and therefore, the mutation of these genes will allow
cells to enter anaphase even though the spindle is damaged and chromosome segregation is impaired.
By screening mutant budding yeast cells that cannot arrest in the presence of spindle damage, they
discovered two classes of aptly named genes: mitotic arrest deficient (MAD), and budding uninhibited
by benzimidazole (BUB) genes [19,20]. Because this checkpoint appeared to respond to damage to the
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mitotic spindle, it was termed the spindle assembly checkpoint. This discovery confirmed that the
eukaryotic cell uses a surveillance mechanism to regulate the metaphase to anaphase transition.
4. Elucidation of the Design and Operation of the SAC
The discovery of the SAC unleashed a decade-long search for genes and proteins involved in the
implementing it. In retrospect, these efforts resemble an exciting game of solving a complex jigsaw
puzzle. Important pieces of this puzzle, in the form of major SAC activities, were already in hand.
It was known that the SAC detects spindle damage and then blocks the onset of anaphase in response
(Figure 1). To be able to accomplish these functions, the SAC must perform at least three activities:
(1) detect damage to the spindle and/or unaligned chromosomes in the spindle, (2) inhibit anaphase
onset, and (3) prevent sister chromatid separation. With this knowledge, the race to solve the SAC
jigsaw puzzle was underway.
 
Figure 1. Schematic of the overall design of the spindle assembly checkpoint (SAC).
As discussed earlier, the significance of chromosome attachment to the spindle for timely anaphase
onset was clear from early cytological studies. Therefore, cell biologists suspected that the mitotic arrest
observed upon spindle damage was a response to the creation of unattached chromosomes rather
than damage to the spindle. To explain why cells with damaged spindles arrest in mitosis, McIntosh
presented a clear, mechanistic hypothesis [7]. He proposed that the centromeric region of unattached
chromosomes generates a “wait-anaphase” signal in order to prevent anaphase onset. Influenced
by Nicklas’ vivid demonstration of the ability of mechanical forces to influence the biochemistry of
kinetochore-microtubule attachment, McIntosh also proposed that the tension in the centromeric region
of each chromosome, which is generated by the opposing forces generated by sister kinetochores, plays
a critical role: it stops the production of the “wait-anaphase” signal, and thus silences the SAC. Evidence
in support of McIntosh’s hypotheses accumulated quickly through cell biological experimentation.
For example, mutations in the DNA sequence of the genetically defined point centromere found in
budding yeast significantly delayed mitosis [21]. This result independently confirmed the correlation
between centromere function and cell cycle progression that had been established by the Earnshaw
group [22]. Rieder’s classic experiment involving laser ablation provided unequivocal evidence for the
activating role of unattached kinetochores in SAC [23,24]. Rieder showed that cells containing even
one unattached kinetochore were blocked in metaphase. Importantly, he showed that the ablation of
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this single unattached kinetochore by a focused laser beam was sufficient to remove the metaphase
block, and allow the cell to enter anaphase within minutes. This result confirmed that the kinetochore
detects a lack of microtubule attachment, and transduces this information into a biochemical signal to
prevent anaphase onset.
How does the unattached kinetochore transduce information regarding the lack of microtubule
attachment and convey it to the biochemical machinery that drives the cell cycle? Elucidation
of the biochemical activities involved in this signal transduction process took place at a rapid
pace, because the genes involved in SAC signaling were already known. The discovery of MAD2
led to the characterization of the function of its product, Mad2, in human cells and in Xenopus
extracts [25,26]. This work confirmed that Mad2 is necessary for activating the SAC, and more
importantly, demonstrated that Mad2 localizes exclusively at unattached kinetochores. These findings
revealed that unattached kinetochores are also the site of the biochemical activity that generates
the “wait-anaphase” signal. Characterization of the Mad2 protein also led to the discovery of its
binding partner, the protein Mad1 [27]. Subsequent studies localized other SAC proteins to unattached
kinetochores as well, and found that this localization is highly dynamic [28,29]. The dynamic nature of
SAC protein localization lent credence to the notion that kinetochores assemble the “wait-anaphase”
signal, which then spreads throughout the cell volume to inhibit anaphase onset.
After unattached kinetochores were established as the site of SAC signal generation, the focus of
research turned to the mechanism by which the SAC signal prevents anaphase onset. Vital clues to this
puzzle were already in hand: that cyclin-dependent kinase 1 regulates mitosis, that its activator, cyclin
B, is degraded in anaphase, and that this degradation occurs via a ubiquitin-mediated pathway [30–32].
Clever genetic screens and biochemical experiments based on these clues led researchers to subunits
of the anaphase promoting complex/cyclosome (APC/C) [33,34]. With the discovery of the APC/C,
researchers focused their attention on how the cell inhibits APC/C prior to anaphase. Using genetic
screens of mutant alleles of genes implicated in the cell division cycle (CDC genes), two studies
discovered the activating subunits of the APC/C: Cdc20 and Cdh1 [35,36]. The discovery of Cdc20
shifted research focus to the biochemical nature of the kinetochore generated “wait-anaphase” signal.
These investigations found that the SAC proteins Bub3, Mad2, Mad3/BubR1, and Cdc20 interact
with one another, and that this interaction is necessary to sequester Cdc20 [37,38]. The complex of
these four proteins came to be known as the Mitotic Checkpoint Complex (MCC). Careful biochemical
characterization revealed that formation of the MCC depletes Cdc20 from the cytosol, and thus deprives
APC/C of its activating subunit. Thus it was finally clear that unattached kinetochores activate the
SAC by recruiting SAC proteins, and enabling them to bind to and sequester Cdc20. Sequestration
of Cdc20 keeps APC/C inactive and inhibits anaphase onset. As discussed later, a very recent study
demonstrates that the MCC uses yet another mechanism in order to act as a potent inhibitor of the
APC/C [39].
In addition to preventing anaphase onset, the SAC must also protect the cohesion between sister
chromatids during the cell cycle arrest. This notion was supported by the observation that cells
carrying mutations in the APC/C genes not only arrested in mitosis, but also failed to separate sister
chromatids [40,41]. A genetic screen based on this observation yielded the precocious dissociation of
sister chromatids gene (PDS1), and revealed that mutations in PDS1 led to the premature separation
of sister chromatids prior to anaphase. Furthermore, this observation suggested that the APC/C
might target a protein involved in sister chromatid cohesion for degradation. In fact, earlier studies
had shown that complete degradation of cyclin B, the main APC/C target known at the time, is not
necessary for anaphase onset [42]. Using the discovery of PDS1 as a toe-hold, researchers designed yet
another genetic screen that yielded subunits of the Cohesin complex, a remarkable protein clamp that
hold sister chromatids together, and which must be broken apart by APC/C-directed proteolysis to
allow sister chromatid separation [43,44]. Discoveries of PDS1 and the Cohesin complex clarified the
role of Pds1 as the inhibitor of Cohesin destruction [45,46]. With this information, the protease that
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cleaves Cohesin, known as separase, was also discovered [47,48]. These discoveries outlined the third
process that is necessary for the effective operation of the SAC.
In this manner, the major pieces of the jigsaw puzzle of the SAC were set in place in less than
10 years after its discovery. This knowledge led to the discovery of new proteins and activities
critical to SAC function. Of note, the kinetochore proteins Ndc80 and the Spc105 were identified [49].
These proteins were later revealed to be critical components of the SAC activation machinery. The
involvement of Mps1 kinase in SAC signaling was also revealed [50]. Thus, a firm foundation for
defining the molecular components and biochemical activities of the SAC was established.
5. Molecular Mechanisms Underlying SAC Activation and Inactivation
The operation of the SAC during cell division is deceptively simple. Each unattached kinetochore
generates a biochemical signal to inhibit APC/C activity, and thereby preventing the degradation of
mitotic proteins and sister chromatid cohesion. Once the last unattached kinetochore forms a stable
attachment to the mitotic spindle, the APC/C is unleashed and anaphase ensues. This seemingly simple
sequence of events requires the interlocked operation of three distinct processes, each of which employs
the coordinated activity of many different proteins. These processes are: (1) detection of the lack of
attachment by the kinetochores, (2) recruitment of SAC proteins to the unattached kinetochore and
production of the wait-anaphase signal, and (3) rapid inactivation of the “wait-anaphase” signal after
the last kinetochore forms stable attachment to the spindle. The following discussion presents a concise
description of the current understanding of the mechanisms underlying these individual processes.
5.1. Detection of the Lack of “End-On” Microtubule Attachment to the Kinetochore
During cell division, the eukaryotic kinetochore grabs onto an approximately 40 nm section
of the plus-ends of one or more microtubules even as these plus-ends grow and shrink [51,52].
The kinetochore is exquisitely sensitive to such “end-on” attachment: it is able to distinguish this
type of attachment from the absence of microtubule attachment as well as from the so-called “lateral”
attachment to the microtubule lattice. Moreover, the kinetochore responds to a change in its end-on
attachment state almost instantaneously as inferred from the loss or recruitment of SAC proteins by
the kinetochore upon the gain or loss of end-on attachment [53,54]. How does the kinetochore detect
changes in its attachment state and then transduce this information into a biochemical signal?
The kinetochore relies on two properties to control the SAC: the biochemical activities of a trio of
protein components and their nanoscale organization in the kinetochore (Figure 2a). The three protein
components are the kinetochore protein complexes Ndc80 and Spc105/KNL1-ZWINT1 and the Mps1
kinase. The function of each protein is clear. The Ndc80 complex is the essential recruitment site for
Mps1 in the kinetochore, while Spc105/KNL1 is the primary target of Mps1 kinase activity [55–58].
Mps1 phosphorylates Spc105/KNL1 at several phosphorylation sites to start a biochemical cascade that
recruits all the SAC proteins, including Mad2, to the kinetochore. Importantly, the phosphorylation of
Spc105/KNL1 by Mps1 is exquisitely sensitive to end-on microtubule attachment. The sensitivity stems
from the ingenious design of the end-on kinetochore-microtubule attachment. End-on attachment
is established by the Calponin Homology domains of the Ndc80 complex, the same domains that
recruit Mps1 [59,60]. Moreover, the microtubule-binding and Mps1-binding surfaces in the Calponin
Homology domains partially overlap. Consequently, Mps1 directly competes with the microtubule
tip for binding the Calponin Homology domains. It robustly binds unattached kinetochores, but gets
dislodged during the formation of end-on microtubule attachment (Figure 2b top). This prevents the
phosphorylation of Spc105/KNL1, and thus disrupts SAC signaling.
The competition between Mps1 and the microtubule tip for binding to the Calponin Homology
domain removes a large fraction of Mps1, but not all of it. Moreover, under certain conditions,
kinetochores with end-on attachments retain Mps1 and recruit SAC proteins, but they do not delay
anaphase onset [61,62]. Finally, Mps1 kinase activity is present within the metaphase kinetochore
possessing end-on microtubule attachment, because it activates the SAC if Mad1 is artificially
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tethered to the kinetochore [63–65]. Why does the residual Mps1 in the metaphase kinetochore
not phosphorylate Spc105/KNL1 nor activate the SAC?
Figure 2. (a) Cartoon depicting the three-component microtubule-sensing mechanism in a kinetochore
that lacks end-on microtubule attachment. (b) Microtubule attachment disrupts SAC signaling via
two distinct mechanisms. The cartoons depict 1D visualization of the budding yeast kinetochore [66].
The green shape represents the Dam1 ring found in budding yeast; the blue rod like molecule is
the Mtw1/Mis12 complex. Top: end-on attachment dislodges a large fraction of the Mps1 from
the kinetochore. Bottom: End-on attachment separates the Calponin-Homology domains and the
phosphodomain of Spc105/KNL1 from each other. (c) A simplified schematic of the biochemical
interaction network that recruits SAC proteins to the unattached kinetochore. Black arrows represent
binding to proteins localized in the kinetochore. Gray arrow indicates a conformational change that
converts inactive Mad2 (also known as “Open” Mad2) into its active form (“Closed” Mad2).
The answer to this question is likely to lie in the architecture of the kinetochore-microtubule
attachment [66]. High-resolution colocalization of fluorescently labeled kinetochore proteins in
budding yeast, Drosophila, and human kinetochores revealed that each protein occupies a distinct
average position along the long axis of the end-on kinetochore-microtubule attachment [67–69].
Importantly, the Calponin Homology domains are separated from the phosphodomain of
Spc105/KNL1 by a distance of ~30 nm. This means that the Mps1 bound to the Calponin Homology
domains will also be 30 nm away from Spc105/KNL1, its phosphorylation target. This small separation
can be crucial for the SAC as demonstrated by the analysis of the budding yeast kinetochore [66].
Like human kinetochores, budding yeast kinetochores retain a fraction of Mps1, even after forming
end-on microtubule attachment [55,66]. In budding yeast, the only reason why this residual Mps1
cannot activate the SAC is that the 30 nm separation between the Mps1 binding site in the kinetochore
and Spc105/KNL1 in the kinetochore-microtubule attachment prevents Mps1 from phosphorylating
Spc105/KNL1. In fact, experimentally bridging the 30 nm gap between the kinase and its substrate,
either by moving Mps1 closer to Spc105/KNL1, or vice versa, is sufficient to re-activate the SAC even
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on kinetochores with stable end-on microtubule attachments. These findings suggest that the yeast
kinetochore functions as a mechanical toggle-switch comprising the Calponin Homology domains
of the Ndc80 complex and the phosphodomain of Spc105/KNL1. Bringing the two terminals of this
toggle-switch close together turns the SAC on, whereas their separation turns the SAC off. Only
stable end-on microtubule attachment can reliably and persistently separate the two terminals from
one-another (Figure 2b, bottom). Structural properties of the Ndc80 complex, most notably its flexible
hinge, likely facilitate the microtubule in pulling the Calponin Homology domain away from the
phosphodomain of Spc105/KNL1 [70]. Similarly, the phosphodomain of Spc105/KNL1 also binds to
the microtubule, which probably prevents it from approaching the Calponin Homology domains [71].
Thus, the nanoscale architecture of the yeast kinetochore plays an essential role in its ability to detect
end-on microtubule attachment.
These investigations elucidate how the eukaryotic kinetochore senses end-on microtubule
attachment. Even though the role of kinetochore architecture in sensing microtubule attachment was
revealed using the budding yeast kinetochore, this role is likely to pertain to a wide range of organisms
because of the remarkable conservation of the architecture of the end-on kinetochore-microtubule
attachment. This role also highlights the functional significance of such attachments during mitosis.
End-on kinetochore-microtubule attachments have been found in mitotic cells of nearly every
eukaryotic organism that has been studied so far [52]. However, such attachments are not necessary for
chromosome congression; achievement and maintenance of chromosome congression reflects a balance
of opposing forces acting on each chromosome. Indeed, the holocentric chromosomes in C. elegans
congress to the spindle equator using lateral kinetochore-microtubule attachments during meiosis [72].
Even in HeLa cells, chromosome congression to the metaphase plate can be achieved using lateral
attachments, if the force generation mechanisms in the mitotic spindle are suitably manipulated to
facilitate this process [73]. Yet, end-on attachment is highly conserved throughout eukaryotic evolution.
An obvious reason for this conservation may be that end-on attachment seamlessly integrates the
feedback control mechanism and the force generation machinery in the kinetochore [74,75].
5.2. Generation of the Mitotic Checkpoint Complex
Unattached kinetochores recruit SAC signaling proteins from the cytosol to generate the
“wait-anaphase” signal in the form of the Mitotic Checkpoint Complex (Figure 2c). This recruitment is
achieved by a cascade of biochemical interactions that recruit Bub3, Bub1, BubR1, Cdc20, as well as
Mad1 and Mad2. This cascade is initiated when Mps1 phosphorylates Spc105/KNL1 [76–78]. Mps1
targets several sites within Spc105/KNL1 with the consensus amino acid sequence “Met-Glu-Lys-Thr”,
commonly referred to as MELT repeats. Each phosphorylated MELT repeat can bind one molecule
of the Bub3-Bub1 protein complex by making contact with residues in both Bub3 and Bub1 [79].
The recruitment of the Bub3-Bub1 complex is the key event, because Bub1 provides a binding interface
for BubR1, Cdc20, and the Mad1-Mad2 complex [80,81]. BubR1 also recruits Cdc20 [81]. Finally,
the metazoan Spc105/KNL1 protein contains two related sequences known as KI motifs because
of their amino acid sequence, each of which binds directly to Bub1 and BubR1 respectively in an
Mps1-independent manner [82–84]. Bub1 molecules recruited to the kinetochore as part of the
Bub3-Bub1 complex are also phosphorylated by Mps1, which enables them to interact with and recruit
the heterotetrameric Mad1-Mad2 complex to the kinetochore [80,85]. These regulated biochemical
interactions together ensure that all components of the MCC are localized within an unattached
kinetochore, and pave the way for MCC formation. However, the Mad1-Mad2 complex recruited to the
kinetochore in this manner does not become a part of the MCC. Instead it participates in catalyzing the
conversion of “inactive” conformations of cytosolic Mad2 into an “active” conformation, which then
gets incorporated into the MCC [86].
The molecular mechanism by which Mad2 switches between active and inactive conformations
is yet another fascinating process in the cell cycle, and its molecular details have been the subject
of several studies [1]. Suffice it to say here that the Mad2 molecule complexed with Mad1 assumes
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the active conformation, and it forms a conformational heterodimer with cytosolic Mad2 molecules
that are in the inactive conformation, thus recruiting these molecules to the kinetochore [87]. The
Mad1-Mad2 complex is then thought to act as a template that converts inactive Mad2 molecules
into their active form [86]. Intriguingly, Mps1 kinase activity is also required for the conversion
of the inactive Mad2 conformation into the active conformation [88,89]. The functional effect of the
Mps1-mediated phosphorylation in the conformational change is unknown. However, the involvement
of Mps1 in every step of the SAC cascade suggests that it functions as a “licensing kinase” that firmly
tethers the entire signaling cascade to unattached kinetochores.
In addition to SAC protein recruitment, several molecular interactions add to the complexity of
the central SAC signaling cascade and ensure robust SAC signaling. The Aurora B kinase, which is
involved in the error correction pathway, enhances SAC signaling by promoting Mps1 recruitment [90].
Polo-like kinase 1, which licenses centrosome duplication, also phosphorylates Cdc20 molecules within
the kinetochore to prevent them from activating the APC/C [80,91]. The ultimate goal of this network
of biochemical interactions is to generate the MCC, which then inhibits APC/C. It is important to note
that this simple description does not explain the remarkable potency with which the MCC inhibits
the APC/C: one or a few unattached kinetochores generate enough MCC to affect mitotic progression
within ~5 minutes [54]. Recently published biochemical experimentation explains why the APC/C is
highly sensitive to MCC [39]. As discussed earlier, the MCC reduces APC/C activation by sequestering
Cdc20. Additionally, it also binds to a second molecule of Cdc20 that is already complexed with
APC/C, and by doing so, inhibits the APC/C that has been activated. Finally, APC/C itself also
contributes to the maintenance of the SAC by targeting Cdc20 for degradation [92].
From the perspective of cell biology, the complex biochemical interactions that generate MCC
must meet two demands. First, they must ensure that a single unattached kinetochore can produce
a sufficiently large quantity of MCC so that anaphase is delayed and chromosome missegregation
is averted. Second, they must also ensure that the generation of MCC does not scale linearly with
the number of unattached kinetochores in the cell [93]. A dividing cell contains a large number of
unattached kinetochores in prophase. If these kinetochores produce a proportionately large quantity
of MCC, then the result could be the accumulation of a vast excess of MCC, and consequently,
unnecessarily delay in anaphase onset even after all chromosomes attach to the spindle. Meeting
these contrasting demands using a biochemical signaling cascade is challenging. In fact, cell biological
experimentation suggests that the kinetics of MCC generation and the steady-state MCC concentration
can fall short of the target necessary for complete APC/C inhibition. If this happens and APC/C
activity is not fully inhibited, the residual activity steadily degrades cyclin B, and perhaps other mitotic
proteins, until cyclin B levels fall below the threshold necessary to maintain the biochemical state of the
cell corresponding to mitosis [94]. As a result, the cell enters anaphase even as it contains unattached
kinetochores [95,96].
The significance of the kinetics of MCC generation and steady-state concentration of MCC was
demonstrated by a set of three elegant studies. One of these studies, which was discussed earlier,
created different numbers of unattached kinetochores by destroying their attachment to the spindle
in metaphase cells, and asked whether these cells activated the SAC and arrested in mitosis [54].
This study found that the unattached kinetochores do not always inhibit anaphase. Despite recruiting
normal levels of SAC proteins, these kinetochores cannot fully suppress APC/C activity presumably
because they cannot produce a sufficient quantity of MCC. This observation implies that the signaling
cascade of the SAC must be calibrated such that a single unattached kinetochore produces a sufficiently
large signal at a high rate. Two other studies, one in fission yeast and the other in human cells,
demonstrated that the duration of the SAC-mediated metaphase arrest inversely correlates with the
rate of cyclin B degradation. Therefore, the steady-state MCC concentration also directly correlates with
the duration of the mitotic arrest achieved [97,98]. The functional significance of the kinetics of MCC
generation and steady-state MCC concentration in the dividing cell is also apparent from the results of
two unrelated studies. In human cells, MCC generation begins in interphase via interactions of the
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Mad1-Mad2 complex with the Mps1 kinase at the nuclear envelop [99]. Although the exact mechanism
of MCC generation in this case is unclear, this pool of MCC is required for accurate chromosome
segregation. This surprising result suggests that the MCC generated during interphase inhibits APC/C
activity during early mitosis to slow down mitotic progression, while the kinetochore-based MCC
generation cascade is ramping up. Thus, the interphase MCC generation effectively acts as a buffering
mechanism to minimize APC/C activity during early mitosis. Finally, the significance of the MCC
generation capacity of the kinetochore was also demonstrated by observations of SAC signaling in
Xenopus egg extracts. These experiments revealed that kinetochores expand their signaling capacity in
order to bolster the steady-state MCC concentration [100].
5.3. Inactivation of the SAC
SAC inactivation is mediated by two distinct processes. The first process involves the silencing
of the SAC signaling events within a kinetochore. The kinetochore loses SAC proteins within
a couple of minutes after establishing end-on microtubule attachments. Critical to this process
is the disruption phosphorylation of Spc105/KNL1, and potentially Bub1 and Mad1, by end-on
microtubule attachment as discussed earlier. This event enables Protein Phosphatase 1 (PP1) to remove
the phosphorylation on Spc105/KNL1. In fact, KNL1/Spc105 uses a conserved PP1 recruitment
motif within its phosphodomain to recruit PP1 to the kinetochore [101,102]. Moreover, recent
work shows that Protein Phosphatase 2A (PP2-B56) recruited by the kinetochore-bound BubR1 also
dephosphorylates Spc105/KNL1 [103]. Finally, a microtubule-binding component of the metazoan
kinetochore, the spindle and kinetochore-associated (SKA) complex, was also shown to recruit PP1
and promote SAC silencing [104]. Additionally, metazoan kinetochores employ dynein motors,
which strip kinetochore-bound Mad1-Mad2 complexes and carry them to the spindle poles along
the kinetochore-attached microtubules [53]. These processes together ensure that kinetochores with
end-on microtubule attachments do not signal.
The second process of SAC inactivation rapidly dissipates the checkpoint signal in the cytosol.
Metazoan cells employ two mechanisms to achieve this. A protein known as p31comet uses
a particularly fascinating mechanism. p31comet structurally mimics the active conformation of
Mad2 [105]. This allows it to bind to MCC, and extract Cdc20 from it. Additionally, a specialized
ATPase called Thyroid receptor hormone interacting protein (TRIP13) converts the active form of
Mad2 into the inactive form [106–108]. Both mechanisms are operational throughout mitosis, not just
in anaphase. They ensure that anaphase ensues without delay after the last unattached kinetochore
forms stable attachment.
The process of SAC silencing is usually rapid, as evidenced by live-cell observations that show
that anaphase onset takes place within 15 minutes after the last unattached kinetochore forms end-on
attachments [24]. Unnecessary delay in anaphase onset, even after all chromosomes have established
bipolar attachment, is unlikely to have any positive outcomes. In fact, prolonged mitotic arrest is
often deleterious to the cell [95]. A large fraction of the cells that arrest in mitosis undergo apoptosis.
They also suffer from “cohesion fatigue” due to the degradation of sister chromatid cohesion over
time [109–112]. Prolonged mitosis can also alter cell fate in the tissue context [113]. The mechanisms
discussed above are likely crucial for avoiding these negative outcomes.
6. Directions for Future Investigations of the SAC
The extensive research spanning over two decades affords us a deep, mechanistic understanding
of many facets of the SAC. This understanding provides a solid foundation to attack areas of the SAC
that are not well-understood. The discussion below highlights four such areas.
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6.1. What Does the Kinetochore Respond to—End-On Attachment to the Kinetochore, an Architectural Change
within the Kinetochore Induced by Such Attachment, or Both?
This topic has been the subject of debate for many years [114,115]. As discussed in the
previous section, two different mechanisms have been shown to disrupt SAC signaling at the
kinetochore: biochemical competition and attachment-induced separation of two protein domains.
Although it is clear that the physical separation of the Mps1 kinase bound to the Calponin-Homology
domains from the Spc105/LNL1 phosphodomain is essential for SAC silencing in budding yeast,
whether this mechanism is also important for SAC silencing in metazoan kinetochores must be
addressed. In comparison to the budding yeast kinetochore, kinetochores in most other eukaryotes
offer an additional challenge to SAC silencing. These kinetochores typically bind the plus-ends of
many microtubules unlike the budding yeast kinetochore, which binds just one microtubule [52].
Furthermore, these microtubule attachments are dynamic: old attachments are lost and new
attachments form even in metaphase. This means that the metazoan kinetochore will contain a
number of unbound Calponin Homology domains. Why don’t these domains recruit Mps1 and
activate the SAC? Neither the biochemical competition model nor the mechanical switch model offers
a satisfactory explanation. It is likely that additional mechanisms suppress signaling activity from
metaphase kinetochores. Alternatively, it is possible that metaphase kinetochores may harbor trace
SAC signaling activity that is not detectable by conventional methods.
It is also important to note here that the attachment-induced separation of two kinetochore
proteins from one-another has sometimes been construed as “intra-kinetochore stretch”, and hence
considered a tension-based mechanism [116–118]. However, physical separation of two mechanically
unlinked protein domains does not necessarily require a large force. The Ndc80 complex is linked to
Spc105/KNL1 on the centromeric ends of the respective molecules. Crucially, however, the Calponin
Homology domains and the unstructured phosphodomain of Spc105/KNL1 are not linked to each
other, and as such they are likely to be free to move within a certain radius about the linked, centromeric
ends of the two protein molecules. Therefore, sustained separation of their free ends can be achieved
by the maintenance of the architecture of the end-on kinetochore-microtubule attachment. If this
hypothesis is true, then it creates the possibility that end-on attachment is necessary, but not sufficient,
to silence the SAC.
6.2. How Does the Kinetochore Generate a Sufficiently Large Quantity of MCC at a High Rate?
The kinetochore contains a rather small number of molecules of Ndc80 and Spc105/KNL1. For
example, a human kinetochore contains approximately 250 molecules, whereas the kinetochore in
the much smaller budding yeast contains only 8 molecules of Ndc80 and Spc105/KNL1 [119–121].
Yet, this small number of molecules is capable of generating a sufficiently large quantity of MCC, and
delay cell division. In this regard, it is interesting that each Spc105/KNL1 molecule contains a large
number of MELT motifs: ~19 in human cells [78]. Since each MELT motif can bind one Bub3-Bub1
complex, 19 MELT motifs, in principle, should be able to bind 19 Bub3-Bub1 molecules, and generate
a 19-fold higher SAC signal. However, careful analysis of Bub3 recruitment reveals that on average
only 30% of the MELT motifs bind Bub3-Bub1 [93,122]. In fact, engineered KNL1 molecules with
just a single MELT motif and the KI repeats suffice to activate the SAC when cells are treated with
nocodazole [82]. Why Spc105/KNL1 contains many MELT motifs but uses only a small fraction
of these motifs, and how it succeeds in generating a strong wait-anaphase signal, are fundamental
questions at the heart of the SAC. A significant challenge in addressing these questions is that the
biochemical reactions leading up to the generation of the MCC take place in the nanoscopic structure of
the kinetochore. The crowded environment of the kinetochore makes it extremely difficult to measure
the biochemical rates of individual reactions. Whether and how the localization of SAC proteins within
unattached kinetochores alters or enhances the rate of MCC generation is also a key question that
needs to be addressed.
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6.3. Is the SAC a Switch or a Rheostat?
This complex question does not have a simple answer. The operation of the SAC during
cell division gives the distinct impression of a switch-like behavior [4,23,24]. The response of the
kinetochore to end-on microtubule attachment is also switch-like. On the other hand, the SAC
can have different strengths specified by different the steady-state level of MCC in the dividing
cell. Consequently, an active SAC can produce different lengths of delay in anaphase onset [97,123].
This SAC behavior is analogous to that of a rheostat. It is also worth noting that a kinetochore can
be actively generating MCC, but unable to inhibit anaphase [54]. Therefore, analysis of the SAC that
takes into account the two separate systems that underlie its operation: the kinetochore-based SAC
activation system and the cytoplasmic SAC signaling cascade, is needed to define the operation of the
SAC in its entirety.
6.4. Can a Defective SAC Cause Aneuploidy?
The majority of tumors contain aneuploid cells, and exhibit high rates of chromosome
missegregation. Because of the critical role that the SAC plays in ensuring accurate chromosome
segregation, aberrant SAC signaling is likely to be an essential aspect of cancer cell biology. In fact,
cancer cells quite frequently misregulate the expression of one or more critical SAC protein including
Mad2, Bub3, Bub1, and BubR1 [124]. The strongest data implicating aberrant SAC come from studies
of mouse models [125]. However, whether aberrant expression of SAC proteins is directly responsible
for generating aneuploidy that leads to tumorigenesis and cancer is not clear. This is because many
cancer cell lines appear to have a functional SAC, even if they express SAC proteins aberrantly [126].
Therefore, whether an aberrant SAC is the causative factor of aneuploidy and tumorigenesis, or if it is
a consequence of aneuploidy arising from other factors, needs to be determined.
The uncertainty regarding the role of the SAC in cancer cell biology likely stems from the fact
that the SAC is a biochemical approximation of a toggle-switch. Despite its switch like operation,
the strength of the SAC depends on the steady-state level of MCC generation and the rate of MCC
generation by individual kinetochores [54,97,98]. This means that the conventional methodology
for assessing SAC function, which is to depolymerize the spindle and quantify the duration of cell
cycle arrest, suffers from a key limitation. This method quantitates only the maximum strength of the
SAC. It cannot determine whether and how subtle changes in SAC strength, i.e., the potency of MCC
generation, caused by aberrant expression of one or more SAC proteins affect chromosome segregation
accuracy. This is because conventional assays based on spindle depolymerization generate a large
number of unattached kinetochores, and thus mimic the prophase, when the dividing cell contains a
large number of unattached kinetochores. As mitosis progresses, unattached kinetochores attach to
spindle microtubules and cease to signal, and finally just one unattached signaling kinetochore is left.
This is when optimal strength of the SAC is the most critical. Only if the last unattached kinetochore
reliably delays cell division, chromosome missegregation will be averted. The misregulation of SAC
genes can impact the ability of this kinetochore to delay cell division, and hence increase the rate of
chromosomal instability. Future studies of the SAC will require new techniques to quantify subtle
changes in the SAC signaling cascade, and then study whether such changes elevate the rate of
chromosome missegregation during cell division.
7. Conclusions
Research spanning over two decades has revealed the elegant biochemical design, the molecular
complexity, and the efficient cell biological operation of the SAC. On-going innovative research is
adding new dimensions to the SAC field. For example, a truly fascinating field is the evolutionary
biology SAC genes and proteins [127,128]. Scaling of SAC strength with changing cell size during
development is another topic that merits attention [129]. These investigations will add to this
knowledge, and fully define the molecular mechanisms and design of the SAC.
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A pressing need for enabling a complete understanding the SAC is the technical capability to
experimentally control it in vivo, and then quantify the individual biochemical reactions in the SAC
signaling cascade. Mathematical models to simulate the operation of SAC in space and time are also
necessary. Only such models can account for how the operation of the SAC changes in the context of a
number of parameters, biochemical (concentrations of SAC proteins), physical (kinetochore size and
the volume of the dividing cell), and physiological (species specific duration of the cell cycle, number
of chromosomes, etc.), that characterize the dividing cell [96,130,131]. Integration of quantitative data
with mathematical modeling will likely elucidate the biochemical design and cell biological operation
of the SAC.
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Abstract: In dividing vertebrate cells multiple microtubules must connect to mitotic kinetochores in
a highly stereotypical manner, with each sister kinetochore forming microtubule attachments to only
one spindle pole. The exact sequence of events by which this goal is achieved varies considerably
from cell to cell because of the variable locations of kinetochores and spindle poles, and randomness
of initial microtubule attachments. These chance encounters with the kinetochores nonetheless
ultimately lead to the desired outcome with high fidelity and in a limited time frame, providing one
of the most startling examples of biological self-organization. This chapter discusses mechanisms
that contribute to accurate chromosome segregation by helping dividing cells to avoid and resolve
improper microtubule attachments.
Keywords: Aurora B kinase; kinetochore geometry; microtubule turnover; tension-dependent regulation
1. Introduction
Segregating chromosomes equally is a non-trivial task, which cells face every time they divide.
Healthy human cells have 46 chromosomes, all of which must be duplicated and then segregated
equally [1,2]. If segregation fails, the daughter cells may acquire an inappropriate number of
chromosomes (aneuploidy), which is associated with severe developmental abnormalities and diseases,
including cancer [3–6]. The correct outcome is achieved reproducibly and with high accuracy despite a
large stochasticity and variability in many parameters: number and size of the chromosomes, their
initial locations, and stochastic behavior of spindle microtubules (MTs), to name a few. MTs originating
from the pole can be captured by the kinetochore from almost any angle [7]. Subsequent kinetochore
motions, translational and rotational, bring it in contact with more MTs. A human kinetochore
ultimately binds 20 MTs on average [8,9], but the real task is to ensure that all these MTs are to one pole,
while the MTs at the sister kinetochore are connected to the opposite pole, referred to as the amphitelic
configuration. If MTs from two poles attach to sister kinetochores completely randomly, the probability
of finding such a configuration is less than 10−10. The accuracy of segregation is orders of magnitude
better, although the exact frequency of chromosome loss in somatic human cells in vivo is not well
known. In normal cells, the mis-segregation rate during one division lies in the range 10−4–10−3 per
chromosome [10–12], corresponding to one mis-segregating chromosome in 102–103 dividing cells.
Immortalized human cell lines, which are typically derived from different tumors, are often aneuploid,
and the mis-segregation rate per chromosome is ~10 times higher [13]. Even at this rate, the segregation
outcome is impressive and indicates robust self-organization to avoid or resolve MT attachment errors.
In addition, a surveillance system buys time if normal mitotic progression is perturbed, as considered
in another chapter in this issue by A. Joglekar. Below, we focus on principal mechanisms that resolve
MT attachment errors and collectively ensure accurate chromosome segregation.
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2. Literature Review Sections
2.1. Error Correction of Syntelic Attachments
The conceptual framework for error correction was laid out by B. Nicklas, whose work focused
on syntelic attachment errors, in which kinetochores that should be attached to opposite poles are
instead attached to the same spindle pole, in meiosis I (Figure 1). Error correction for this type of
attachment results from Darwinian selection of the amphitelic kinetochore MT (KMT) configuration
(reviewed in [7]). The basis for this mechanism is that KMT attachments are inherently unstable,
so errors can be corrected via trial and error, as MTs are released from kinetochores and new ones are
captured (called KMT turnover). Nicklas suggested that correction of syntelic attachments involves
repeated cycles of complete detachment and reattachment of KMTs until the correct, amphitelic
configuration is encountered. As for any selection process, a feedback is required to reinforce the
desired outcome. Nicklas’s work established the dominant idea in the field that this feedback is
provided by tension exerted by spindle MTs pulling sister kinetochores in opposite directions. Because
of the spindle geometry, tension is higher for amphitelic attachments than for incorrect attachments,
so these attachments can be discriminated from each other. Classic experiments in grasshopper
spermatocytes [14] provided evidence supporting this idea: syntelic attachments are unstable unless
tension is applied with a micromanipulation needle by pulling the chromosomes away from the






Figure 1. Tension-dependent error correction for syntelic kinetochore microtubule (KMT) attachments.
Kinetochores (red) of a meiotic bivalent (blue) repeatedly bind MTs from different poles (green),
but KMT attachments in the syntelic configuration are short-lived. Tension arises when the amphitelic
configuration is encountered, inducing stable KMT attachments. Syntelic attachments can be stabilized
artificially by applying tension with a microneedle. In meiosis I, as shown here, kinetochores of
homologous chromosomes attach to opposite spindle poles in the amphitelic orientation. In mitotic
cells, kinetochores of sister chromatids would attach to opposite poles.
Analogous manipulations in vertebrate tissue culture cells have proven difficult [15], so a
direct demonstration of tension-induced stabilization of KMT attachments during somatic cell
division is lacking. In a molecular variation of Nicklas’s experiment, tension was applied in mitotic
Drosophila cells by overexpression of a chromokinesin, a plus-end-directed MT motor that localizes to
chromosome arms [16]. Increasing chromokinesin levels leads to increased polar ejection forces acting
on chromosomes during mitosis. In cells with monopolar chromosomes, these forces increase tension
on syntelic attachments and stabilize them. These complementary approaches and other correlative
observations provide compelling evidence for tension-dependent stabilization of kinetochore-MT
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attachments both in mitosis and in meiosis I. At a molecular level this “catch bond” behavior is
unusual because increasing tension usually breaks a bond, increasing its dissociation under increasing
force. The catch bond will also eventually break if the force is too large, but at intermediate tension this
bond is strengthened. Interestingly, Nicklas thought that tension was likely to stabilize the anchorage
of MTs at the pole [7]. Current thinking for mitosis is that the tension-modulated bonds are located
at the kinetochore, as discussed later in this chapter, although the exact mechanism could vary in
different organisms.
2.2. Error Correction of Merotelic Attachments
In mammalian cells, multiple MTs interact with each kinetochore, and it is difficult to visualize
these individual attachments in real time. Although quantitative information is generally lacking,
syntelic attachments seem to form rarely during a typical mitosis in human cells [17]. A more common
error is merotelic attachment: connection of one sister kinetochore to MTs from both poles, (Figure 2).
Both syntelic and merotelic attachments can lead to chromosome segregation errors. Interestingly,
cells typically delay anaphase in the presence of syntelic attachments, but merotelic attachments
are more dangerous because anaphase can start prior to correcting them [17]. As a result, MTs
attached to the wrong pole impede chromosome motion toward the correct pole, leading to lagging
chromosomes in anaphase [18,19]. Such chromosomes have been suggested to constitute the most
common pathway to create aneuploidy in cancer cells [13,20–22]. It is counter-intuitive that the
more frequent MT attachment errors are not monitored by a checkpoint, which suggests that normal
cell division mechanisms are sufficient for coping with these errors. Little is known about these




Figure 2. Merotelic KMT configuration for a congressed chromosome. Top image is a three-dimensional
representation of a mammalian chromosome (green) positioned midway between two spindle
poles. Sister chromatids (green) are connected by a stretchable centromere, represented as a spring
(yellow). Bottom image is an enlargement of sister kinetochores, depicted as semi-transparent layers.
Most of the attached MTs are in the proper amphitelic configuration (grey), extending from opposite
spindle poles. However, although the chromosome has congressed and its sister kinetochores are
positioned back-to-back, they can still bind improper merotelic MTs (one such MT is shown in orange).
Computer-generated images are snapshots from video material in [23].
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The most straightforward hypothesis for merotelic attachments is that they are corrected based
on the same principle mechanism as syntelic attachments, but direct application of the trial-and-error
mechanism to merotelic attachment is problematic. Indeed, for syntelic error correction, the correct
configuration can be selected if the response to high and low tension is simply “on” and “off”
(Figure 1), so the kinetochore cycles between states with attached MTs and with complete detachment,
until finding the configuration that generates tension. Merotelic attachments may also experience a
dramatic loss of tension if the number of incorrect MTs is relatively large, in which case a complete
KMT detachment may take place. However, cycles of complete kinetochore detachment are not
a common feature of somatic mitosis, so merotelic errors appear to improve gradually over the
course of prometaphase and metaphase [24]. It is still possible, of course, to view this process as
tension-dependent Darwinian selection of the correct KMT configuration by assuming that tension
gradually increases with more amphitelic KMTs, leading to slower detachment of MTs from amphitelic
kinetochores and faster from merotelic (Figure 3A). This assumption is reasonable if all MTs, correct or
incorrect, generate pulling force. Because these MTs pull in different directions, tension between sister
kinetochores can potentially serve as a readout for the number of properly attached KMTs. Since the
number of amphitelic KMTs improves gradually during a typical mitosis, tension should also modulate
KMT attachment stability gradually, guiding the evolution of KMT configurations. In this framework,
tension-dependent regulation at a single kinetochore pair is indiscriminate, i.e., it stabilizes all KMTs
to the same extent, regardless of whether they are correct or incorrect.
Figure 3. Models for correction of merotelic KMT attachment errors. Correction of merotelic
attachments in vertebrate cells proceeds gradually during prometaphase and metaphase without
necessarily losing all KMT attachments. (A) In the tension-dependent error-correction model, stretching
between sister kinetochores (red ovals connected with blue springs) is the primary signal that modulates
the turnover of KMT attachments (depicted with curved arrows). As kinetochores bind and lose KMTs,
probing different configurations, the configurations that produce higher tension are assumed to induce
higher KMT stability. Because their KMTs detach less frequently, such configurations last longer.
This gradual evolution would lead eventually to the completely amphitelic configuration, which
generates maximal tension. In the non-discriminate version of this model (as shown), all KMTs
are affected similarly. Alternatively, in the selective version of this model, lifetime of merotelic vs.
amphitelic KMTs is assumed to be regulated differently (see text for details). (B) In the basic mechanism,
the gradual correction of merotelic attachments proceeds with no change in the turnover of KMT
attachments. The rate of KMT turnover in this model does not depend on tension and is not selective,
so all old KMTs (orange) eventually detach, whether correct and incorrect, and are replaced with new
KMTs (grey). New KMTs preferentially attach correctly, favored by the back-to-back geometry of
sister kinetochores.
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This general concept is appealing but raises many interesting and still unanswered questions.
For example, are two sister kinetochores affected by this mechanism equally? As noted above,
if the tension between two sisters is the main regulator, the degree of destabilization of KMT
attachments should be the same for both kinetochores, even though one of them may have already
acquired the correct set and destabilizing this successful outcome would be counterproductive.
Also counterproductive would be destabilization of amphitelically attached kinetochores with a
reduced number of KMTs, which is normally quite variable [9]. The required sensitivity of such a
tension-dependent mechanism also raises some concerns. For example, is it feasible for such gradual
regulation to discriminate and correct a single merotelic MT? One improperly attached KMT out of 20
is expected to reduce tension at the kinetochore by only 5%, which is less than the normal variation
in inter-kinetochore tension associated with directional chromosome instability during metaphase
oscillations. The overall speed of this regulatory mechanism, which is inherently limited by the rate of
KMT turnover, may also become an issue, because during normal mitotic duration the kinetochores
would have to sort through a large number of wrong KMT configurations, the essence of the Darwinian
selection mechanism. In general, designing a robust regulatory mechanism that senses a small change
(1 KMT) for a large range of input signals (from 1 to 20 KMTs), while quickly inducing a strong
(stabilizing) response after all KMTs have attached properly, is not trivial, so future experiments and
theoretical calculations should address the feasibility of the Darwinian regulatory mechanism for
merotelic errors.
Finally, it is not clear how these views of error correction can be reconciled with the concept of
force balance at metaphase kinetochores [25,26]. Because the tension-dependent stabilization model
is concerned only with the magnitude of inter-kinetochore tension, it is often overlooked that this
selection mechanism could be accompanied by a large and variable imbalance in the kinetochore
pulling forces. Unbalanced forces acting on sister kinetochores result in directed chromosome
motion, but large chromosomal excursions are rare during metaphase. Polar ejection forces and
kinetochore-localized regulators of KMT dynamics are thought to dampen chromosome oscillations
(e.g., [27]). These forces can also affect inter-kinetochore tension, however, so why they do not interfere
with the tension-driven error-correction mechanism is unclear.
An interesting possibility is that mammalian cells need not make 100% accurate, amphitelic
attachments. Perhaps some degree of merotely can be tolerated because it would lead to a fairly small
reduction of the pulling force in anaphase. In the ensuing tug-of-war between properly attached
kinetochore MTs and a few MTs pulling in the wrong direction, the main KMT bundle can apparently
win [28], leading to normal segregation of a merotelic kinetochore. This strategy seems dangerous,
however, because chromosome velocity in anaphase slows down while the wrong attachments are
being resolved, thereby delaying arrival of the affected chromosome at the site of nuclear envelope
reformation. The late arriving chromosome may end up excluded from the main nucleus, forming its
own micronucleus [29]. Normal somatic cells arrest the cell cycle in the presence of such micronuclei,
but in cells with p53 mutation, disastrous rearrangement of DNA in a micronucleus may take place,
contributing to tumorigenesis [30,31]. Nonetheless, this back-up mechanism for correcting merotelic
attachments during anaphase segregation may play an important role when the number of merotelic
KMTs is small, relieving the difficult requirement for high sensitivity of the error-correction mechanism.
It is also interesting in this respect that the rate of chromosome mis-segregation reported for mitotic
human cells is higher than in yeast: ~10-fold when adjusted for chromosome number [12]. The reasons
for this difference are unclear but could indicate more relaxed requirements for fidelity of chromosome
segregation in human cells.
2.3. Tension-Independent Error-Correction Mechanism
Although tension-dependent MT stabilization traditionally receives major attention for its role
in error correction, other factors are known to play a significant role. In particular, the specific
geometry of vertebrate kinetochores is an important contributor to the accuracy of mitotic chromosome
201
Biology 2017, 6, 1
segregation [32]. It has long been recognized that the back-to-back arrangement of sister kinetochores
creates geometric constraints which favor sister kinetochore attachment to opposite spindle poles [33].
Little is known, however, about the stringency of these constraints and the exact role they play
in mitosis. In the traditional view of Darwinian selection via tension-dependent stabilization, this
geometry does not help to correct the already formed merotelic MTs but rather reduces the number of
initial wrong attachments [7].
The alternative view, which is not incompatible with the first one, is that geometric constraints
constitute an integral part of a simplified error-correction mechanism that does not rely on
tension-dependent stabilization, but incorporates KMT turnover in addition to restrictive kinetochore
geometry (Figure 3B). This mechanism can be understood intuitively assuming that improper
kinetochore MTs are acquired during early stages of mitosis, and that their subsequent release is the
rate-limiting step for successful bi-orientation [34]. Indeed, after the kinetochores become positioned
favorably (i.e. midway between spindle poles), all bound KMTs will be gradually released due to
turnover. Stringent geometric constraints, however, will favor their replacement only with proper,
amphitelic MTs. This mechanism is feasible because the turnover time for KMTs in human cells
is 2–6 min [35–37]. With this release rate, all KMTs that attached to kinetochores earlier in mitosis
will be replaced during the normal duration of metaphase (10–20 min). Interestingly, prolonging
mitosis appears to elicit a relatively small improvement in error correction (2.7-fold decrease in lagging
chromosomes) [24]. This finding suggests that the normal mitotic clock closely matches the kinetics of
KMT turnover. A combination of these matching kinetics, the back-up mechanism to resolve small
numbers of merotelic KMTs in anaphase and the overall segregation accuracy that can be tolerated,
may explain why vertebrate cells do not utilize a checkpoint to buy more time to achieve perfect
amphitelic KMT attachments.
The positive effect from this tension-independent error-correction mechanism is maximal when the
kinetochore pair is positioned favorably. Thus, it should benefit strongly from expedient chromosome
congression, because achieving a position midway between the poles marks the start of a productive
time toward the steady-state configuration with a minimal number of merotelic KMTs. Consistent with
this view, chromosomes can congress via different mechanisms and even without bi-orientation [38],
enabling them to assume a midway position quickly. Interestingly, for successful operation of this
error-correction mechanism, it is not necessary to assume that the incorrect KMTs are less stable
than the correct ones, so in this sense regulation of KMT stability is indiscriminate [39]. Calculations
suggest that if small numbers of merotelic MTs can be tolerated, a combination of indiscriminate KMT
turnover and geometric constraints can enable normal segregation of 45 out of 46 chromosomes during
cell division [23]. This fidelity is less than physiological but is a vast improvement over completely
random attachments, so it is appropriate to call the underlying processes the “basic” error-correction
mechanism. In the next two sections we discuss in more detail the specific roles played by kinetochore
geometry and KMT turnover in ensuring accurate chromosome segregation within the framework of
the basic mechanism.
2.3.1. How Strongly Should Kinetochores Shield Themselves from Wrong MTs?
The stringency of geometric constraints appears to be different at different mitotic stages. Since the
basic mechanism is most productive after the chromosomes have congressed, shielding them from
wrong MTs at this stage is critical. In dividing mammalian cells, however, the binding of inappropriate
MTs to metaphase kinetochores is still possible [24]. Various factors could explain this observation.
For example, the spindle structure is not linear, so not all kinetochores can become aligned perfectly
along its axis. It is also not completely static: the entire spindle moves within the cell, the poles
move relative to one another, and chromosomes are subjected to various forces, including thermal.
The centromeric material is relatively elastic, allowing sister kinetochores to deviate from perfect
back-to-back orientation. Together, the resulting motions could permit capture of inappropriate MTs
even on aligned and oriented sister kinetochores. Calculations show that the frequency of such
202
Biology 2017, 6, 1
attachments will directly affect the number of merotelic KMTs at anaphase onset (Figure 4A). Thus,
any mechanical or structural feature that stabilizes the co-alignment of the kinetochore pair and
spindle axes would help to optimize operation of the basic mechanism and improve the accuracy of
segregation. In this sense, the entire spindle and its mechanical properties constitute an important
factor in mitotic error correction, explaining why segregation accuracy can be reduced via so many
different molecular perturbations.
Figure 4. Quantitative analysis of the evolution of KMT configurations during mitotic progression.
Graphs illustrate changes in the number of merotelic KMTs during mitotic progression, as predicted by
the basic error-correction model [23]. After mitosis starts, the number of attached MTs, some of which
are merotelic, increases sharply. As chromosomes become aligned midway on the spindle, the number
of merotelic KMTs begins to decline. However, merotelic KMTs are not eliminated completely by this
mechanism because new erroneous attachments continue to form even on congressed chromosomes,
albeit at lower frequency. Thus, the system tends toward a steady state, in which the rates of forming
wrong attachments and eliminating them through non-discriminatory turnover are balanced. (A) With
more stringent geometric constraints, the final outcome for the KMT configuration at anaphase onset is
improved because the rate of capturing wrong KMTs at steady-state is reduced. (B) The rate of KMT
turnover does not affect the final outcome (black arrow). However, if anaphase starts before the steady
state is reached, cells with slower KMT turnover will have more merotelic KMTs.
Geometric constraints during earlier mitotic stages appear to be much less stringent.
In mammalian cells, ~10% of chromosomes have sister kinetochores in a side-by-side orientation [40],
which is highly permissive to the formation of multiple merotelic attachments. During prometaphase
the relaxed geometric constraints may be advantageous because they increase the probability of MT
capture. Calculations show that the traditional “search and capture” mechanism with interphase MT
dynamics is inefficient [41]. Mitotic cells speed up this search by increasing MT dynamics, but some
studies suggest that capture is still problematic in a crowded environment with a large number of
chromosomes [42,43]. If kinetochore geometry during prometaphase was as restrictive as is desirable
for metaphase kinetochores, the capture of MTs early in mitosis would be greatly delayed [23], so the
frequency of MT capture by kinetochores is likely to be a limiting factor for mitotic progression.
It appears that prometaphase kinetochores overcome this limitation by enlarging their coronas and
increasing curvature, despite the elevated risk of binding wrong MTs [44–46]. Little is known, however,
about the underlying molecular mechanisms and the processes by which kinetochores shed coronas
and become more compact during metaphase, when the capture of inappropriate MTs must be avoided.
2.3.2. What Determines the Rate of KMT Turnover during Mitosis?
KMT turnover is central for error correction in both tension-dependent and tension-independent
models, but the degree of KMT stabilization at amphitelic kinetochores is often overstated. The KMT
half-life time in many human cells increases from 2–3 min in prometaphase to 4–6 min in metaphase,
indicating not more than 2–3-fold stabilization [35–37]. The tension-dependent model explains this
effect by evolution of KMT configurations from merotelic to amphitelic. Interestingly, however,
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careful measurements of KMT turnover in perturbed mitotic cells suggest that turnover decreases
later in mitosis owing to a timing mechanism, which is not dependent on achieving the amphitelic
configuration [36].
Error correction via the basic mechanism does not require that KMT turnover slows down in
metaphase, but other aspects of mitotic physiology could explain the constrained kinetics. As discussed
earlier in this review, a lower limit on the KMT turnover rate is likely to be imposed by the normal
duration of metaphase, because if anaphase starts before all KMTs have been replaced with new ones,
some wrong KMTs that could have been removed will remain and lead to lagging chromosomes [19]
(Figure 4B). This logic suggests that faster turnover should increase the rate of error correction and
promote higher fidelity of chromosome segregation. Such correlation is indeed observed in different
cell lines [21]. Moreover, moderate destabilization of the overly stable kinetochore MTs in cancer cell
lines improves the accuracy of segregation (reviewed in [47]). Consistently, normal cells do not tolerate
induced MT stabilization, as it leads to chromosome segregation errors.
These results make sense in the framework of the basic mechanism because merotelic errors
are not detected and metaphase duration is limited, so cells with slower turnover should have more
lagging chromosomes when anaphase starts. But why then do normal dividing cells slow down their
rate of KMT turnover in metaphase, opposite to what this logic suggests? With no such retardation,
anaphase could start earlier without compromising the accuracy of this mechanism (Figure 5, red curve).
The answer may lie in the physiological requirement to form a robust kinetochore fiber, a process that
depends strongly on KMT turnover and may impose an upper limit on its rate. Calculations show
that a fully sized kinetochore fiber cannot form if KMTs exchange too quickly, regardless of how long
the cell waits [23]. Building a kinetochore fiber with 20-25 KMTs, is problematic if the KMT half-life is
2–3 min, as in prometaphase (Figure 5, blue curve). To acquire this set, the half-life of KMTs should be
increased to 4–6 min. Thus, increasing the overall stability of KMT attachments in metaphase may
be a compromise reflecting the multiple roles played by KMT turnover during mitosis and the need
to balance accuracy of chromosome segregation, speed of mitosis and acquisition of fully sized KMT
fibers [23].
Figure 5. Competing constraints on KMT turnover during mitotic progression. Graph illustrates
how KMT turnover (represented as KMT half-life, horizontal axis) affects the overall speed of mitosis
and the total number of acquired KMTs (based on the error-correction model in [23]). The speed of
mitotic progression (left axis) is evaluated based on the time required to achieve the steady-state KMT
configuration. At steady state, the number of attached KMTs (right axis) and the fraction of merotelic
KMTs (not shown) have stopped changing, and increasing the duration of mitosis does not generate
more KMTs or improve accuracy. When KMT turnover is slow, i.e., KMT half-life is longer, attachments
are more stable because they have low release rate. The time required to release all old KMTs increases
quickly with increasing KMT stability (red curve), so shorter KMT lifetime is required for speedy
mitotic progression. However, the number of KMTs in a K-fiber is lower for shorter KMT lifetime
(blue curve). Thus, the limited time of mitotic progression and the acquisition of a full set of KMTs
represent the competing constraints on the rate of KMT turnover during mitosis.
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2.4. Molecular Mechanisms of Tension-Dependent Feedback for KMT Stabilization
2.4.1. Direct Regulation of MT Dynamics
As described above, the basic error-correction mechanism can potentially provide vast
improvement in accuracy over random MT attachments, but the expected mis-segregation rate for
this mechanism is still high: 10−1–10−2. This theoretical prediction is close to the rate in some cancer
cell lines, but the mis-segregation rate measured in human RPE-1 cells is much lower: ~10−4 [13].
Therefore, additional error-correction mechanisms in normal cells should provide more than 100-fold
improvement in the rate of chromosome mis-segregation on top of the basic mechanism. It is likely
that such fidelity is achieved by a combination of the basic mechanism and tension-dependent
stabilization of proper attachments. While many questions remain about the operation of such a
combined mechanism, molecular details of how tension regulates KMT stability, a long-standing goal
in the field, are beginning to emerge.
Tension has been suggested to directly regulate dynamics of kinetochore-bound MT ends because
pulling force applied to the depolymerizing MT end slows depolymerization and promotes MT
rescue [48,49]. Furthermore, tension of a few piconewtons applied via an optical trap to isolated
yeast kinetochores increases the lifetime of MT attachment, although the stability decreases with
further increase in force [50]. This bell-shaped dependency suggests the long-sought catch-bond,
but apparently it does not result from a specific molecular linkage. Rather, this behavior reflects a
property of the MT to switch into polymerization under pulling tension. Since yeast kinetochores bind
much more strongly to growing MT plus-ends than to shortening ones, force increases the lifetime
of attachment to dynamic MT ends by promoting a longer duration for the MT polymerization state.
If this mechanism contributes to tension-sensitive stabilization in vivo, then KMT plus-ends should
spend more time in the polymerizing state when they are in an amphitelic configuration than when
they have incorrect attachments. This prediction has not been directly tested, but in budding yeast,
in which bi-oriented kinetochores oscillate in the absence of poleward MT flux, MT polymerization at
one kinetochore is balanced by depolymerization at the sister, so both would not be in the strongly
attached state simultaneously. In some organisms poleward MT flux can increase the time spent in
the polymerizing state for both sisters, but the velocity of flux in mammalian cells is significantly
lower than the rate of chromosome oscillations, so at metaphase the kinetochore-bound MT ends
spend approximately equal time in polymerizing and depolymerizing states. The alternating states are
confirmed by visualization of an EB (end-binding) protein [51,52], which binds to polymerizing MT
ends and shows intermittent localization at oscillating kinetochores. It is not clear if this EB localization
pattern changes as merotelic attachments are being corrected on congressed chromosomes, as would
be predicted if the direct mechanism played a significant role in error correction.
2.4.2. Aurora B-Dependent Mechanisms
Several other proposed models feature the mitotic kinase Aurora B as a key regulator of
kinetochore-MT interactions. Work in yeast and in vertebrate cells shows that Aurora B phosphorylates
kinetochore substrates to regulate MT binding, promotes turnover of KMT attachments, and plays an
essential role in accurate chromosome segregation [53–61]. Furthermore, phosphorylation of Aurora B
substrates at kinetochores is generally inversely proportional to tension, although the MT-binding
protein Ndc80 is not fully rephosphorylated after KMT attachments that have already formed are
disrupted with nocodazole [62–67]. These observations and others (recently reviewed in [68,69]) are
consistent with the hypothesis that Aurora B-dependent phosphorylation of kinetochore substrates
destabilizes incorrect KMT attachments in the absence of tension.
These results also imply that Aurora B could be a mediator of tension, but how does it affect
KMT stability? Aurora B can destabilize attachments in two ways. The first is by directly promoting
detachment of MTs from the kinetochore, as suggested by experiments in vitro [63,70–73]. Consistent
with the in vitro findings, kinetochores in mitotic cells cannot maintain stable attachment to MTs when
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Aurora B activity is increased by targeting the kinase to kinetochores [62]. Phosphorylation of Aurora B
substrates at kinetochores, such as the Ndc80 complex, reduces MT binding affinity (reviewed in [68]),
and expression of phosphomimetic mutants of Ndc80 in cells leads to fewer KMTs [74]. Perturbing
other Aurora B substrates, such as the MT-binding Dam1 and Ska1 complexes, also destabilizes
kinetochore-MT attachments [68]. Second, Aurora B can promote catastrophe and depolymerization of
KMTs, as shown in vitro using phosphomimetic mutants of Ndc80 and Dam1 [72,73]. Observations in
live cells indicate that at syntelic attachments Aurora B promotes MT depolymerization, rather than
immediate detachment. In this case, the syntelic kinetochores are first pulled towards the spindle pole,
and detachment occurs subsequently as a result of activity of the related Aurora A kinase, which is
enriched at the pole [59,75,76].
2.4.3. Spatial Separation Model
Why does Aurora B activity at kinetochores change in response to interkinetochore tension?
The spatial separation model, first suggested based on experiments in budding yeast [56], proposes
that tension sensing depends on the changing distance between Aurora B, which is enriched at the
inner centromere, and its MT-binding substrates at the outer kinetochore. When KMT attachments are
amphitelic, tension pulls bi-oriented sister kinetochores away from the inner centromere, separating
the kinase from its substrates, thereby reducing phosphorylation. This model is supported by the
observations described above, showing that phosphorylation decreases with tension. Furthermore,
repositioning Aurora B so that it localizes in close proximity to kinetochore substrates leads to increased
phosphorylation and destabilization of KMT attachments [62].
Consistent with this model, multiple observations indicate that perturbing centromere localization
of Aurora B disrupts normal regulation of kinetochore-MT attachments. As part of the chromosome
passenger complex (CPC), Aurora B is targeted to the inner centromere through binding of the CPC
to phosphorylation marks on histones H3 and H2A [77–80]. Mutation of these phosphorylation sites
in fission yeast prevents CPC targeting and leads to severe bi-orientation defects. Moreover, these
defects are largely rescued by restoring CPC targeting, e.g., by fusing a CPC component, Survivin, to
a chromodomain that binds pericentromeric heterochromatin [80]. In human cells, either mutation
of Survivin or inhibition of the Haspin kinase, which is responsible for the H3 phosphorylation
mark, prevents normal centromere localization of Aurora B, and leads to defects in the correction
of attachment errors [79,81]. The same mutation in chicken Survivin did not affect cell growth, but
the error-correction process was not explicitly tested in these cells [82]. Furthermore, preventing
CPC targeting to centromeres by mutation of Cdk phosphorylation sites also leads to chromosome
bi-orientation defects in both fission yeast and human cells. Again, these defects are rescued by
restoring localization of the CPC using a chromodomain fused to Survivin [83]. Together these
observations provide strong support for the importance of the inner centromere pool of Aurora B for
error correction.
The spatial separation model explains the importance of the centromeric pool of Aurora B by
suggesting that a continuous gradient of Aurora B activity extends from the sites of its enrichment
at the inner centromere, while kinetochore substrates change their positions within this gradient
depending on tension. Indeed, position changes of as little as 30–50 nm are associated with different
levels of phosphorylation of both endogenous and exogenous Aurora B substrates at mammalian
kinetochores [63,67]. How can such a steep gradient of kinase activity be established and maintained
within the kinetochore, given that it is located hundreds of nanometers away from sites of Aurora B
enrichment at the inner centromere? One idea links properties of the spatial activity gradient with the
ability of Aurora B to activate itself via autophosphorylation, and to become conversely inactivated by
a phosphatase [84–88]. Autoactivation in the context of a coupled kinase-phosphatase system leads
to nonlinear, bistable behavior of kinase activity both in vitro and in cells, suggesting a physically
plausible model for the formation of a steep kinase activity gradient [89]. In this model, Aurora B
activates itself at the sites of highest concentration (i.e., inner centromere), overcoming inhibition
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by phosphatase. This activity then spreads throughout the chromatin thanks to a reaction-diffusion
mechanism, in which active kinase molecules phosphorylate and activate additional kinase molecules
that are either chromatin-bound or diffusing in the cytosol. As the Aurora B concentration decreases
away from the inner centromere, phosphatase activity switches Aurora B to the inactive state in a
highly nonlinear manner. Calculations suggest that this mechanism can potentially establish a steep
gradient of kinase activity specifically in the kinetochore region, far away from the sites of highest
Aurora B concentration [89].
This hypothesis is additionally interesting because it implies that the centromeric chromatin and
the kinetochore should be viewed as a continuous mechano-chemical medium. Stretching of this
medium, which takes place when sister kinetochores are amphitelic, changes its biochemical properties
due to changes in local Aurora B concentration everywhere within this medium (Figure 6). Because
the coupled kinase-phosphatase system linked to this stretchable mechanical matrix is bistable, tension
can exert strong and accurate control over the position and steepness of the Aurora B activity gradient
at the kinetochore. This and other possible models for long-range effects of the centromeric Aurora B
pool await critical examination.
Figure 6. A molecular model to explain how tension regulates phosphorylation of kinetochore
proteins that bind KMTs and regulate their attachment lifetime. Color-coded plots show the spatial
distribution of active Aurora B kinase within a continuous flexible matrix (white mesh), encompassing
the centromeric chromatin and two sister kinetochores (based on the theoretical model in [89]). Aurora B
kinase is enriched strongly in the middle of the centromere (not shown), where it becomes highly active
(purple and blue colors) due to trans-molecular auto-phosphorylation. With no tension this activity
propagates from the centromere throughout the entire matrix, as active kinase “ignites” the nearby
kinase, overcoming opposing phosphatases. As a result, kinase activity at the kinetochores is high with
no tension, reducing KMT lifetime. When amphitelic KMTs stretch the connecting matrix, local Aurora
B concentration is reduced everywhere (shown by increased spacing of the white mesh). However, the
local concentration of active kinase does not decrease proportionally owing to the highly nonlinear,
bistable nature of the underlying kinase-phosphatase switch. Aurora B kinase activity remains high
within centromeric heterochromatin but drops sharply at the outer kinetochore (orange/red colors),
forming phosphorylation gradients within the kinetochores. While this model provides a biophysical
explanation for tension-dependent, long-range regulation of Aurora B kinase activity, the physiological
significance of the kinetochore activity gradient seen in mammalian cells remains to be understood.
2.4.4. Alternative Models
Although there is strong evidence that Aurora B function in regulating kinetochore-MT
interactions depends on its targeting to the inner centromere in both fission yeast and mammalian
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cells, the situation in budding yeast is different. Removal of the normal centromere pool of Aurora B
through mutation of its binding partner, INCENP, does not have major consequences for chromosome
segregation or mitotic progression in budding yeast [90]. The reasons for this discrepancy are unclear
and may reflect differences in Aurora B function between budding yeast and other systems that have
been examined. For example, budding yeast is unusual in that each kinetochore binds only a single MT,
and therefore there is no need to correct merotelic attachment errors, which may reduce the burden on
Aurora B in destabilizing such attachments.
Alternatives to the spatial separation model, which could be applied to all organisms, not just
yeast, assign no specific regulatory role to the centromeric Aurora B pool, and explain its importance
for chromosome segregation by some other function [90]. For tension-dependent error correction,
some models invoke a specialized pool of the kinase localized at kinetochores, in close proximity to
its outer kinetochore targets. In one such model, stretching within the kinetochore itself separates
Aurora B from its substrates, and an elongated INCENP subunit of the CPC may act as a flexible arm
that determines how far the kinase can reach from its kinetochore binding site [68,91]. This model
could explain how attachments are selectively stabilized, but only if stretching within the kinetochore
correlates with tension on bi-oriented sister kinetochores, which does not appear to be the case [92–94].
Another model proposes a tension-sensitive binding site for Aurora B at the kinetochore [90]. In this
case, increased tension would lead to a loss of kinase binding and stabilization of KMT attachments.
It has also been proposed that Aurora B substrates are somehow inaccessible to the kinase when
tension is high [69]. Yet another possibility is that phosphatase activity rather than kinase activity
is regulated in response to tension, as a mechanism to control phosphorylation status of Aurora B
substrates. Aurora B activity reduces kinetochore recruitment of protein phosphatase 1 (PP1) [95,96],
but there is no evidence that phosphatase activity is directly regulated by tension. Because neither
kinetochore binding sites for Aurora B nor tension-sensitive substrates have yet been identified, these
different models are difficult to evaluate, and testing them is a challenging future goal.
2.4.5. Selectivity of Aurora B-Dependent Error-Correction Mechanisms
Thus far, we have considered tension-dependent and tension-independent error-correction models
in the frame of the simplest hypothesis that the underlying regulatory mechanisms are indiscriminate,
i.e., at one kinetochore they effect the stability of correct and incorrect KMTs similarly. However,
current views on Aurora B-dependent error correction often assume that modulation of KMT stability
is selective, and the mechanism applies only to incorrectly attached MTs, while properly attached
MTs at the same kinetochore are not regulated or are regulated oppositely [97]. It is not clear how
this discrimination would work molecularly, and the mechanisms could be different for syntelic and
merotelic errors.
Correction of syntelic attachments in yeast has been proposed to require that Aurora B
specifically destabilizes the end-on attached syntelic MTs, while lateral MT attachments are resistant
to its activity [98]. In this way Aurora B could promote repeated trial-and-error cycles until the
tension-producing configuration is found and stabilized (Figure 1). Because amphitelic yeast KMTs
are highly stable and do not turn over [99], Aurora B-dependent destabilization at this stage may not
be needed.
With merotelic attachments that are common in cells with multiple KMTs, selectivity of a
tension-dependent mechanism is difficult to explain because tension is shared by all MTs attached
at the kinetochore, so it should affect them equally. One possibility is that regulation is dependent
on the direction of tension, not just its magnitude. If merotelic KMTs are oriented more laterally
to the kinetochore plane than amphitelic KMTs, their relative stabilities could be different [100].
Another model suggests that merotelic KMTs extend between the sister kinetochores; in this case,
a centromere-localized kinesin-13 could selectively destabilize erroneous KMTs [101]. Yet another
model builds on the observation that kinetochores with a bundle of merotelic KMTs are stretched
such that part of the merotelic sister kinetochore extends towards the inner centromere, where Aurora
208
Biology 2017, 6, 1
B is enriched. In this case, kinetochore proteins bound to the plus-ends of incorrect KMTs may be
closer to Aurora B and subject to increased kinase activity, while the ends of correct MTs would
be unaffected [24,28,35,97]. Such strong kinetochore deformations are rarely seen, and it has been
difficult to directly test this and other models because of the challenge of correlating differences in
phosphorylation, MT end location and stability within a single kinetochore.
Another model for how Aurora B destabilizes incorrect attachments is through regulation of
kinase levels at the inner centromere. Aurora B is recruited to centromeres of chromosomes that are
not properly aligned at the metaphase plate in multiple human cell lines [66,102], and at merotelic
attachments in Xenopus cells [103]. This mechanism could act globally, i.e., affecting all KMTs at
a merotelic kinetochore. For selective destabilization of merotelic KMTs it would have to rely on
some signal to distinguish them from correct KMTs, but how such selectivity could be achieved
remains unclear. Interestingly, a kinetochore configuration with merotelic KMTs has been found to
persist longer than expected based on the measured metaphase KMT turnover rate [28,97]. This is
in contrast with the idea of selective destabilization, which predicts that erroneous KMTs should
be replaced faster. The continued presence of merotelic KMTs, however, could be explained by
the basic error-correction mechanism, in which force from the merotelic KMTs prevents normal
orientation of sister kinetochores [23]. On kinetochores that are not well oriented, the probability
of binding wrong MTs is higher, so the merotelic configuration can persist. While future work
may reveal a mechanism to selectively target incorrect vs. correct MTs at the same kinetochore,
it is also possible that tension-dependent error-correction mechanisms regulate KMT turnover in a
non-discriminating manner.
3. Conclusions
In cells with large number of kinetochore microtubules (KMTs), a surprisingly good accuracy
of spindle microtubule (MT) attachments can potentially be achieved by the combined effects of
back-to-back kinetochore geometry and indiscriminate KMT turnover. Optimal operation of this
tension-independent error-correction mechanism requires expedient chromosome congression and
moderate modulation of kinetochore geometry and turnover rate. These crucial properties are
constrained by competing physiological requirements, such as formation of fully sized kinetochore
fibers, and the speed and accuracy of segregation. The basic correction mechanism operates in
combination with tension-induced stabilization of the amphitelic KMT configuration. Compelling
evidence supports the essential role of the tension-dependent mechanism, especially for correcting
syntelic attachments. While many questions remain about operation of this mechanism for correcting
merotelic attachments, several molecular components that link tension and KMT stability, such as
Aurora B kinase, have been identified and are under investigation.
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Abstract: In textbooks, the mitotic spindles of plants are often described separately from those of
animals. How do they differ at the molecular and mechanistic levels? In this chapter, we first outline
the process of mitotic spindle assembly in animals and land plants. We next discuss the conservation
of spindle assembly factors based on database searches. Searches of >100 animal spindle assembly
factors showed that the genes involved in this process are well conserved in plants, with the exception
of two major missing elements: centrosomal components and subunits/regulators of the cytoplasmic
dynein complex. We then describe the spindle and phragmoplast assembly mechanisms based on the
data obtained from robust gene loss-of-function analyses using RNA interference (RNAi) or mutant
plants. Finally, we discuss future research prospects of plant spindles.
Keywords: mitosis; kinetochore; centrosome; dynein; kinesin; augmin; gamma-tubulin; Arabidopsis
thaliana; Physcomitrella patens; Haemanthus
1. Microscopic Overview of the Spindle Assembly
Mitotic spindle formation involves several key events, such as microtubule (MT) generation,
bipolarity establishment, pole focusing, length control, and chromosome capture/alignment. Since the
early days of spindle research, plant spindles have often been described separately from those of
animal cells, perhaps owing to the apparent differences in their overall structure [1,2]. Most noticeably,
land plants lack centrosomes, the dominant MT nucleating and organising centre in animal somatic
cells; the metaphase spindle is generally barrel-shaped without a single focusing point at the pole
(Figure 1). In the later stages of mitosis, plant cells uniquely assemble phragmoplasts that are MT
arrays for cell plate material deposition. How, then, do land plant and animal spindles differ at the
molecular level? In this chapter, we first outline the process of mitotic spindle assembly in animals and
plants before discussing the molecular factors involved in this process.
1.1. Mitotic Spindle Assembly in Animals
The start of mitosis in animal somatic cells is characterised by the maturation of centrosomes
during prophase. Centrosomes serve as the dominant MT generation sites as well as MT organising
centres during spindle assembly [3]. After nuclear envelope breakdown (NEBD), two additional
mechanisms operate to produce more MTs [4,5]. One is chromosome-mediated nucleation, in which
a chromosome-associated protein activates the MT nucleation/stabilisation machinery around the
chromosomes [6]. The other is MT-dependent MT nucleation, where new MTs are nucleated in a
branching fashion from the existing MTs, such as those nucleated via the centrosomal or chromosomal
pathway [7]. In some cell types, these three pathways act in concert, whereas in others, one or
two pathways do not play major roles [8]. Regardless of their source, MTs are oriented in a bipolar
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manner by the action of MT-based motor proteins and through stable bipolar association with
kinetochore MTs [9]. Two poles of the metaphase spindle are well focused as spindle MTs remain
associated with the centrosome at the pole or crosslinked with each other by motors and MAPs [10,11].
Regulators of MT dynamics also play critical roles in spindle morphogenesis; alteration of MT dynamics
affects the length and pole organisation of the metaphase spindle [12]. During prometaphase and
metaphase, sister kinetochores are bioriented and attach to the plus end of MTs; completion of this
process is essential for equal segregation of sister chromatids into two daughter cells. In addition,
a defect in the kinetochore-MT attachment causes force imbalance in the spindle that affects spindle
length. During anaphase, kinetochore MTs are depolymerised, whereas interpolar MTs elongate.
In addition, MTs are de novo generated by the actions of three MT generating pathways that also
operate during pre-anaphase [13]. Motor- and MAP-dependent crosslinking of those MTs at the
midzone leads to the appearance of the characteristic central spindle structure during anaphase that is
required for subsequent cytokinesis [14].
Figure 1. Animal and plant spindles. (A) Human HCT116 cells stained with anti-α-tubulin antibody
(green) and DAPI (purple); (B) Spindles in the moss Physcomitrella. patens highlighted by GFP-tubulin
(green) and histone H2B-RFP (purple). The two main differences between animal and plant spindles
are (1) the presence of centrosomes and well-developed astral MTs in animal spindles, and (2) the
morphology of the anaphase spindle (the ‘phragmoplast’ in plants). Bars, 5 μm; (C) distinct types of
MT formation at the beginning of prometaphase (at NEBD) in liverwort, moss, and angiosperm. (a) In
liverwort, polar organisers (POs) are assembled and act as MTOCs (microtubule-organising centres).
Unlike the centrosome, however, the PO is merged into the spindle and cannot be observed as a
distinct structure in metaphase [15,16]. The genes required for PO formation are unknown; (b) In moss
protonemata, MTs are asymmetrically accumulated around the nucleus and are more abundant on the
apical side [17]. An RNAi study indicated that their formation depends on γ-tubulin, but not augmin; (c) In
most angiosperm cell types, two loosely organised MT structures known as ‘polar caps’ are detected
around the nucleus [18]. γ-Tubulin is localised at this region and MTs are actively generated [19].
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1.2. Mitotic Spindle Assembly in Seed Plants
Researchers have elucidated the mechanism of acentrosomal spindle formation in land plants
through microscopic observation and have revealed the processes common to, and different from,
animal somatic cells [20,21]. One of the best-characterised cell types with regard to mitotic spindle
assembly is the endosperm of African blood lily Haemanthus. In the absence of centrosomes, abundant
MTs are detected around the nuclear envelope during prophase [22]. Immunofluorescence microscopy
identified MT converging centres within the MT cloud, which was consistent with the idea that they
are the major MT nucleation sites at this stage [23,24]. MTs around the nucleus are gradually organised
into a spindle-like structure, called the ‘prophase spindle’ (or ‘prospindle’). The prophase spindle has
either a bipolar fusiform or multipolar structure [23]. After NEBD, MTs emanating from the converging
centres associate with kinetochores to form kinetochore MTs [24]. MTs are also likely nucleated near
the chromosome/kinetochore independent of prophase spindles during the prometaphase as an MT
depolymerisation/regrowth assay detected chromosome-proximal MT formation [25]. Those MTs are
then organised into an overall bipolar configuration. Electron microscopy showed that the majority
of the MTs are oriented in such a way that plus ends are pointed to the chromosome/kinetochore,
similar to animal spindles [26]. However, the metaphase spindle is barrel-shaped rather than fusiform,
as the pole is not tightly focused at one point; multiple kinetochore and non-kinetochore MTs are
converged or cross-linked locally and, thus, multiple mini-poles are observed [23]. Immunostaining
of MTs also identified ‘fir tree’ structures within the spindle, in which many MTs branched off from
kinetochore MTs [27]. With the start of anaphase, sister chromatids are separated and then segregated
to the pole by kinetochore MT depolymerisation, analogous to animal spindles. During telophase, the
phragmoplast forms and is followed by centrifugal expansion towards the cell cortex [28].
Arabidopsis thaliana is currently the most frequently used plant organism for genetic studies,
and the mitotic spindle assembly process has been observed in several Arabidopsis tissues and
suspension cells [19,29,30]. The tobacco BY-2 cell line is another popular system for mitosis imaging [31].
In these cells, MTs accumulate at the nuclear envelope and form prophase spindles (also called
‘polar caps’), as occurs in Haemanthus endosperm. Upon NEBD, MTs emanating from polar caps
become a source of spindle MTs. Thus, the initial spindle assembly process in prometaphase is
similar to that observed in the Haemanthus endosperm. The processes of metaphase, anaphase, and
telophase are also analogous to those described for the endosperm. Unlike the endosperm, however,
most seed-plant tissues have the preprophase band (PPB) that is a structure consisting of parallel
MT arrays beneath the cell cortex that appears prior to mitosis and marks the future division plate.
The PPB ensures the bipolarity of prophase spindles. While this structure is critical for division plane
determination and polar cap bipolarity [32], we will not discuss this structure further in this review as
they generally disappear or degenerate during the prophase and are dispensable for bipolar metaphase
spindle assembly per se (see [33,34] as recent reviews on PPBs).
1.3. Mitotic Spindle Assembly in Bryophytes
Bryophytes have also been the subject of microscopic analysis of the mitotic spindle formation
process. This process, particularly during the prophase, is somewhat different from that observed in
seed plants (Figure 1C). In liverwort, prior to the appearance of prophase spindles, centrosome-like
MT organising centres (MTOCs), called polar organisers (PO), appear in the cytoplasm [35,36]. The PO
is similar to centrosomes in that they produce astral MTs. However, the PO is a transient structure
that does not have centriole core, and during spindle formation, is no longer identified as a discrete
structure. To the best of our knowledge, the roles of POs have not been experimentally demonstrated.
It is, however, plausible that they function as an MT nucleation centre, as well as ensuring spindle
bipolarity because they are stained well with antibodies against γ-tubulin, the major MT nucleator in
eukaryotes [37,38]. In moss, conversely, PO-like structures have not been observed; instead, MTs are
enriched around the nuclear envelope in prophase. These MTs emanating from the nuclear envelope
represent the major source of prometaphase spindles, similar to Haemanthus [15,17]. In the hornwort,
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MTOCs are associated with plastids [15,39]. Despite the apparent differences in the earliest phase
of spindle assembly, the morphology of the metaphase spindle of bryophytes is similar to that of
Haemanthus endosperm, suggesting that a similar molecular factor is involved in the spindle assembly
process during the prometaphase [15].
2. Conservation of Spindle Assembly Factors
The molecular factors in yeast and animal spindles have been extensively surveyed using genetics
(including RNAi screening) and biochemistry (such as mass spectrometric protein identification). It is
believed that most of the key factors have been identified [5,40–43]. However, since the experimental
system is cumbersome and the genes are highly redundant, few genes required for spindle assembly
in plants have been identified using these techniques. To characterise the putative molecular factors
involved in plant spindle assembly, we performed an extensive database search (including BLAST
sequence homology searching) on 131 known animal and yeast spindle factors (Table 1). As the
targets, we selected Arabidopsis and the moss Physcomitrella patens, for which complete genome
sequences are available [44,45], and molecular dissection of the spindle is arguably most advanced.
For some genes, similar or more extensive homologue lists have previously been generated by other
researchers (e.g., [46,47]); we double-checked the conservation/non-conservation of those genes with
our procedure and included the references in the table.
In our search, homologues for most of the animal proteins were identified. All Arabidopsis genes
are conserved in the moss P. patens; this suggests that they are likely to be found in a vast majority of
land plant species. Nevertheless, our search failed to identify many components of three functional
modules, namely, centrosomes, the cytoplasmic dynein complex, and kinetochores.
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2.1. Centrosome Proteins
As expected, animal centriole proteins, such as the cartwheel component Sas6, are mostly missing
from the Arabidopsis genome. In contrast, pericentriolar proteins, like the subunits of the γ-tubulin
ring complex (γ-TuRC) are more conserved. This makes sense because γ-TuRC functions at other
places besides the centrosome, including the spindle MTs [15,17,58,94,95]. However, the regulators
of γ-TuRC at the animal centrosome, such as the localisation factor/activator CDK5RAP2/Cnn, Plk1
kinase (polo-like kinase), and pericentrin, are largely unidentified in plants. In animals and yeasts,
γ-TuRC alone lacks potent MT nucleating activity. Plants, therefore, might possess some plant-specific
γ-TuRC activation factors. However, since centrosomal components are often difficult to identify by
BLAST because of low sequence identity, their homologues may be present in the genome but have not
yet been identified [96]. Several centriole components are found in the moss genome; these genes are
likely to be required for the formation of the basal body that is used for flagella assembly in sperm [97].
2.2. Dynein Complex and Its Localisation Factors
Cytoplasmic dynein forms a large complex with several associated subunits and is a major MT-based
motor protein in animals and fungi [98]. It moves towards the minus-end of MTs, delivers various
cargoes, and generates force on the MT. In mitosis, cargoes include mitotic checkpoint proteins,
chromosomes, and free cytoplasmic MTs. As previously shown [99], almost the entire dynein complex
is absent from the Arabidopsis genome (except for the LC8 subunit that binds to other proteins such
as myosin [100]). Furthermore, dynein adaptor proteins at the kinetochore or cell cortex, such as
Rod, Zwilch, Spindly, or NuMA, are also missing. Thus, almost the entire dynein functional module
has been lost in Arabidopsis. Since dynein plays various important roles in animals, plants must
have developed an alternative force-generating system. One candidate is kinesin-14, which, like
dynein, has minus-end-directed motility [101–103] and plays a partially redundant role in spindle pole
organisation in animal cells [9,104]. Moss does not have cytoplasmic dynein but has axonemal dynein
that is likely used for sperm motility [105]. Several dynein accessory subunits found in moss may be
associated with the axonemal dynein heavy chain.
2.3. Kinetochore Components
Factors required for high-ordered chromosome organisation, such as condensin and cohesin
complexes, and core components of the mitotic checkpoint [106] are highly conserved. However,
many components of the kinetochore (the MT attachment site during mitosis) could not be identified.
They might be present but could not be identified via BLAST, as kinetochore protein sequences are,
in general, highly divergent among species, even within the metazoans (e.g., Drosophila melanogaster and
humans) [107]. Current biochemical research has elucidated kinetochore subcomplexes [93]. We have
identified at least one component per subcomplex in plants, with the exception of the CENP-H/I/K/M
subcomplex. This suggests that other components with low sequence similarity are also present.
It is also possible, however, that plants have either lost certain subunits or acquired plant-specific
components. The former case is seen in Drosophila, in which most of the CENP components were lost
during evolution. Systematic studies, such as those involving proteomics, are necessary to identify the
complete set of kinetochore components in plants.
3. Molecular Mechanisms of Spindle Assembly in Land Plants
In this section, we draw a current molecular model showing how spindles and phragmoplasts
are assembled in plant cells (Figure 2). The diagram described here is based on experimental results
obtained using reliable methodology such as mutant or RNAi analysis. The knowledge was derived
mainly from P. patens, which is a system that allows rapid loss-of-function analysis and high-resolution
time-lapse microscopy [108], and Arabidopsis, which has a rich history of mutant collection [29].
However, since genes are well conserved across land plant species, the basic mechanism could
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be conserved in other plant cell types. We do not include information obtained solely for animal
orthologues; however, it is possible that the uncharacterised plant homologues of animal spindle
proteins have identical molecular activities and functions.
Figure 2. Molecular factors for spindle/phragmoplast assembly. (A) During prometaphase and metaphase,
MTs are nucleated mainly by the γ-tubulin ring complex (γ-TuRC) and its recruitment/activation
factor, the augmin complex. Multiple cross-linking proteins, including kinesin-5 and kinesin-14,
shape the spindle. Spindle length is regulated by conserved MT plus-end-regulating proteins
(EB1/MOR1/CLASP); (B) The MT-based arrays assembled after sister chromatid separation are called
phragmoplasts. The central factors for MT generation in the phragmoplast are γ-TuRC and augmin,
whereas MAP65 is an essential MT cross-linker that ensures phragmoplast bipolarity. MT plus ends
are regulated by the same set of proteins as those acting during metaphase. Newly nucleated MTs are
transported poleward via an unknown molecular mechanism.
3.1. Spindle Assembly
Genetic analyses of γ-tubulin and their associated subunits have clarified the pivotal role of
the γ-TuRC in spindle MT generation [59,60,109,110]. Recently, a mechanism underlying γ-TuRC
activation was also uncovered. Studies on moss and Arabidopsis indicated that the eight-subunit
complex augmin is a key factor in increasing spindle MTs during prometaphase via γ-TuRC localisation
and activation [17,65] (Figure 2A). Augmin was originally identified in Drosophila cells as a protein
complex that drives MT-dependent MT generation by recruiting γ-tubulin onto existing spindle
MTs [111]. In moss, RNAi knockdown of augmin subunits reduced MTs to ~50%, suggesting that at
least half of the spindle MTs were generated via augmin-dependent, branching nucleation during
prometaphase [17]. Since RNAi knockdown left behind residual augmin proteins, it is likely that 50% is
an underestimate. The fir-tree structure observed in Haemanthus endosperm spindles might represent
augmin-dependent MTs [27]. Prior to the discovery of augmin, MT-dependent MT generation was
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described in detail for the cortical MT arrays in tobacco and Arabidopsis cells [95]. Recent studies
in Arabidopsis demonstrated that this branching nucleation is an augmin-dependent process [112].
In contrast, the origin of augmin-independent spindle MTs after augmin RNAi is unknown. It is
possible that, analogous to animal cells [8], prophase MTs, and chromatin-mediated nucleation in the
prometaphase (which depends on RanGTP or aurora kinase) play a role in producing these MTs.
The molecular mechanism by which plant cells achieve bipolar arrangement without centrosomes
is not well understood. In animals, the key molecules in the bipolar arrangement are kinesin-5 and
kinesin-12, which cross-link and slide apart anti-parallel MT overlaps in the spindle midzone [5].
This model may apply to certain plant tissues since an Arabidopsis mutant of kinesin-5 exhibits
monopolar spindle formation in roots [113]. However, in moss protonemata, RNAi knockdown of
kinesin-5 did not show monopolarisation. Moreover, GFP-tagged kinesin-5 is scarcely detected at
the midzone [114]. Genes encoding kinesin-12 are amplified in plants. Therefore, it is possible that
this motor redundantly plays a major role in bipolarity establishment and maintenance in some
plant cell types. A comprehensive functional analysis of the kinesin-12 subfamily is required to test
this hypothesis.
In animals, spindle coalescence is mediated by the partially redundant functions of kinesin-14
and cytoplasmic dynein [9,104]. Kinesin-14 has a second MT binding site in its tail domain and works
as an MT cross-linker. In plants, two closely related kinesin-14 proteins, ATK1 and ATK5, have been
shown to play a similar role [30,115–117]. When ATK5 was absent in root cells, spindles were less
focused than they were in control cells [30]. However, whether the MT converging centres observed
at the pole [23] are solely organised by the kinesin-14 motor remains unclear; in fly cells, this local
crosslinking was dependent on an additional factor, ASPM/Asp [11,118], which is conserved, but
uncharacterised, in plants.
Spindle length appears to be controlled by MT dynamics at plus ends, similar to animal cells.
XMAP215/Dis1 family protein is an established MT polymerase, and the mor1 (XMAP215/Dis1
orthologue) mutant has shorter spindles in Arabidopsis [67,119]. EB1 is also a critical regulator
of MT plus ends, with shorter spindle formation reported for the Arabidopsis eb1c mutant [120].
The cytoplasmic linker-associated protein (CLASP) is an essential factor for MT polymerisation at the
kinetochore in animals [121], and mutations in this gene in Arabidopsis resulted in significantly shorter
spindles [122]. In the animal spindle, CLASP-dependent MT polymerisation and motor-dependent,
poleward MT transport/sliding are coupled with minus end depolymerisation by the kinesin-13
depolymerase to maintain spindle length at the steady state (‘MT flux’; [123]). MT flux has been
observed in plant spindles, suggesting that MT minus ends are also regulated by a depolymerising
factor [124].
3.2. Phragmoplast Assembly
The phragmoplast begins to assemble upon sister chromatid separation (Figure 2B). The overall
structural similarity, namely, bipolar MT array with anti-parallel MT interdigitation in the middle,
have raised the notion that the phragmoplast is analogous to the central spindle or midbody in animal
cells [125]. Recently reported data on MT generation further support this idea. In both structures,
some MTs are constantly generated de novo in an augmin- and γ-tubulin-dependent manner [13,17].
When augmin is depleted in moss, MTs are diminished and phragmoplasts eventually disappear before
they reach the cell cortex. A plausible explanation for this phenotype is that augmin utilises existing
MTs, such as those carried over from metaphase, as templates for new MT nucleation. About 50%
of the MTs in the central spindle of animal cells are generated in an augmin-dependent manner [13].
However, animal cells seem to have additional MT generation pathways during anaphase: at that time,
hepatoma up-regulated proteins (HURP) are involved in chromosome-proximal MT generation [13].
HURP-like proteins have not been identified in the plant genome.
The key factor that maintains phragmoplast bipolarity is MAP65 (PRC1/Ase1 orthologue). This is
an anti-parallel MT cross-linking protein whose activity is conserved in both yeasts and animals [126].
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When three paralogous MAP65 genes are simultaneously knocked down in moss, MT bipolarity is lost
and cytokinesis fails [127]. In Arabidopsis, bipolarity is maintained in known MAP65 mutants [128,129]
but it is possible that multiple MAP65s work redundantly, and cross-linking activity persists in
the mutant [130]. Other proteins, such as kinesins, might also constitute a redundant cross-linking
mechanism [131].
The signalling pathway underlying phragmoplast MT regulation differs between animals and
plants. In animals, the key kinases required for proper central spindle assembly are Plk1 and Aurora-B.
They are concentrated at the midzone and phosphorylate multiple MT-regulating proteins including
the MAP65 orthologue PRC1 [132,133]. In contrast, plants do not have Plk1. The aurora kinase
constitutes a signalling pathway during cytokinesis, but the mutant exhibits a defect in orientation,
but not assembly per se of the phragmoplast [134]. In plants, the MAP kinase cascade also constitutes
the late mitotic signalling pathway (called the NACK-PQR pathway) [135]. One of the downstream
factors in plants is also MAP65. The phosphorylation of MAP65 down-regulates its MT-bundling
activity which, in turn, stimulates the progression of cytokinesis [136]. Thus, in plants, the development
of MAPK signalling might have compensated for the loss of Plk1 kinase.
The phragmoplast length is regulated by MT-associated proteins; similar to metaphase spindles,
shorter phragmoplasts are observed in the mutants of MOR1, EB1, and CLASP [119,120,122].
In addition, katanin-mediated severing may affect MT length in some cell types [137]. MT flux
is also observed within the phragmoplast, but the molecules responsible remain to be identified [138].
4. Conclusions and Future Perspectives on Spindle Research in Plants
At first glance, plant and animal spindles look quite different. However, the database search
suggests that only a few of the mitotic elements present in animals are missing from the plant genome.
Our queries using animals could not elucidate the genes that evolved uniquely in plants. Therefore,
it is possible that some plant-specific genes for spindle assembly have yet to be identified. Nevertheless,
most of the gene repertoire is probably common to both animals and plants.
However, the mechanism of plant spindle assembly is formally not yet well understood. First,
although gene conservation predicts that homologous proteins possess similar biochemical activity,
are found in similar locations, and execute similar functions, each of these must be tested experimentally.
Indeed, recent ‘repeat’ experiments using the plant orthologues of well-characterised animal genes
have revealed unexpected functions, such as the role of kinesin-5 in chromosome alignment or
cytokinesis [114] and a γ-TuRC-interacting protein in centromere integrity [61]. Regarding localisation
dynamics, a comprehensive study in moss showed that 42 out of 43 mitotic kinesins were localised at
a site not observed in animal studies [114]. Until recently, ‘repeat’ experiments intended to confirm
animal study results were very time-consuming due to the lack of a model cell system for rapid
investigation. The recent development of quick and robust loss-of-function tools such as conditional
RNAi and CRISPR/Cas9-based genome editing technology in moss and liverwort, as well as advances
in live microscopy, have provided an opportunity to delve into putative spindle assembly factors in
plants [17,139–142].
Second, it is not yet known how plants compensate for the lack of two major components,
centrosomes and dynein. In animal and yeast, these two components are critical for spindle positioning,
which is a crucial process in determining the cell division axis and symmetry/asymmetry [143].
It has been shown that genetic perturbation of the PPB causes division axis abnormalities in seed
plants [33,34]. Yet little is known about the molecular mechanism underlying the PPB-dependent
determination of the spindle axis. It is remarkable that plants evolved a unique PPB-based mechanism
to substitute for centrosome function [144]. The mechanism by which plant spindles are oriented in
the proper direction remains a fascinating, and as yet unanswered, question.
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Abstract: The separation of sister chromatids during anaphase is the culmination of mitosis and
one of the most strikingly beautiful examples of cellular movement. It consists of two distinct
processes: Anaphase A, the movement of chromosomes toward spindle poles via shortening of the
connecting fibers, and anaphase B, separation of the two poles from one another via spindle elongation.
I focus here on anaphase A chromosome-to-pole movement. The chapter begins by summarizing
classical observations of chromosome movements, which support the current understanding of
anaphase mechanisms. Live cell fluorescence microscopy studies showed that poleward chromosome
movement is associated with disassembly of the kinetochore-attached microtubule fibers that
link chromosomes to poles. Microtubule-marking techniques established that kinetochore-fiber
disassembly often occurs through loss of tubulin subunits from the kinetochore-attached plus ends.
In addition, kinetochore-fiber disassembly in many cells occurs partly through ‘flux’, where the
microtubules flow continuously toward the poles and tubulin subunits are lost from minus ends.
Molecular mechanistic models for how load-bearing attachments are maintained to disassembling
microtubule ends, and how the forces are generated to drive these disassembly-coupled movements,
are discussed.
Keywords: anaphase A; kinetochore; chromosome-to-pole motion; microtubule poleward flux;
conformational wave; biased diffusion
1. Introduction and Distinction between Anaphase “A” and “B”
In his classic 1961 volume on cell division, Daniel Mazia referred to anaphase as the act of
chromosome movement that gives mitosis its meaning [1] (p. 95). The term, anaphase, was originally
coined over 130 years ago [2]. By Mazia’s time it had come to refer—as it still does today—to the phase
of mitosis when sister chromatids are moving apart from one another toward opposite sides of the cell.
The onset of anaphase is one of the most abrupt events of mitosis, making it cytologically useful as a
reference for the timing of other mitotic events. It is also one of the most strikingly beautiful examples
of cellular movement.
Anaphase consists of at least two distinct processes, traditionally referred to as “anaphase A”
and “anaphase B”. Anaphase A is the movement of chromosomes toward the spindle poles via
shortening of the connecting fibers; it is the focus of this chapter (Figure 1). Anaphase B, which is
covered in the subsequent chapter by Scholey et al. [3], is the separation of the two poles from one
another via elongation of the spindle. The distinction between anaphase A and B is more than a mere
descriptive convenience. The two processes occur simultaneously in many cell types; but they are
mechanistically distinct, a fact that has been appreciated since well before the underlying mechanisms
were understood [4]. Anaphase A can be further divided into at least two mechanistically distinct
sub-processes, as discussed below.
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Figure 1. Schematic diagram of a spindle in metaphase (a) and anaphase (b). Only the chromosome-to-pole,
“anaphase A” motion is depicted here; it is the focus of this chapter. Separation of the two spindle
poles from one another via elongation of the spindle, “anaphase B”, is discussed in the subsequent
chapter by Scholey et al. [3].
This chapter begins with a description of chromosome movements during anaphase, which
have been studied for over a century. Nevertheless, it is worthwhile to summarize the classical
findings that support our current understanding and are sometimes taken for granted. Next is a
description of microtubule dynamics within the spindle, another pillar of our modern view of anaphase.
The remainder of the chapter is devoted to a discussion of force generation, which occurs also in
earlier phases of mitosis but is most obvious during anaphase. Where and how are the forces that
drive anaphase A generated? What roles are played by microtubule-based motor proteins and by the
microtubules themselves? Evidence that the microtubules convert chemical energy into mechanical
work is presented. Mechanistic concepts are emphasized, rather than specific molecules, with the hope
that the discussion will be accessible and interesting, even for readers less familiar with mitosis.
2. Centromeres and Kinetochores Usually Lead Anaphase Movements While Chromosome
Arms Follow
The idea that chromosomes are moved, during anaphase A and other phases as well, by
forces exerted on them at kinetochores is so well established that the observations on which it
rests are scarcely mentioned anymore. Condensed mitotic chromosomes are visible by brightfield
microscopy, particularly when phase or differential interference contrast is used. Thus, as summarized
in Chapter 1 of this volume [5], they have been observed for over a century. In certain cell types,
the mitotic chromosomes are relatively long and their primary constrictions—their centromeres—are
also discernable. Because these centromeric constrictions usually lead during mitotic chromosome
movements (Figure 1), it is clear that they are major sites where force is transmitted to the chromosomes.
Indeed, this is why they were given the name, kinetochores (“movement places”) [6]. Kinetochores
in anaphase tend to move in straight paths toward the spindle poles, while the chromosome arms,
following the kinetochores, swing and trace out more complex paths. Reflecting on these ‘rag-doll’ like
movements, Mazia famously compared the role of chromosomes in mitosis to “that of a corpse at a
funeral: they provide the reason for the proceedings but do not take an active part in them” [1] (p. 212).
The general rule that kinetochores lead while chromosome arms follow applies in many cell types
including vertebrates [7] and yeasts [8], but there are exceptions, such as in plant endosperm [9], and
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in crane-fly spermatocytes [10], where arms sometimes lead. These alternative cases remind us that
forces are also exerted directly on chromosome arms, although the primary motive forces for anaphase
are commonly exerted at kinetochores. The chromosome arms in certain well-studied mitotic cell
types (e.g., Newt lung [7]) are pushed continually away from the spindle poles. These antipoleward
forces have been dubbed the “polar winds” (or “polar ejection forces” [11]). They must be overcome
by the kinetochores to drive anaphase poleward movement, and they explain why the chromosome
arms usually point away from the poles in these cells. For other cell types, in which the chromosome
arms sometimes lead the motion, the polar winds can blow toward, rather than away from the
spindle poles [9,10]. Plant endosperm is an interesting case where chromosome arms first experience
poleward forces prior to metaphase and then later, after anaphase onset, the situation reverses and arms
experience away-from-the-pole forces (Figure 2) [9]. In crane-fly spermatocytes, however, poleward
forces are apparently exerted on chromosome arms even during anaphase, providing an additional
force that assists rather than opposes the kinetochores [10].
 
Figure 2. Light micrographs of metaphase (a) and late anaphase (b) plant endosperm (Haemanthus)
spindles. During metaphase in these plant cells the chromosome arms are bent in the direction of the
spindle poles. This behavior differs from what is seen in animal somatic cells, where chromosome arms
are pushed continually away from spindle poles [11]. These Haemanthus images are reprinted from [9],
and are displayed under the terms of a Creative Commons License (Attribution-Noncommerical-Share
Alike 3.0 Unported license, as described at http://creativecommons.org/licenses/by-nc-sa/3.0/).
Scale bar, 10 μm.
3. Poleward Movement during Anaphase A Is Mostly but Not Entirely Unidirectional
The poleward movement of kinetochores in anaphase is mostly unidirectional, but not always.
Reversals in direction, similar to the oscillations seen earlier in prometaphase and metaphase, can
continue in anaphase, but a poleward bias is generally maintained [12] (Figure 3). This bi-directional,
back-and-forth movement has been named ‘directional instability’. It bears a striking resemblance
to the intrinsic ‘dynamic instability’ of microtubule filaments, which stochastically switch between
periods of shortening and growth [13,14], and suggests an intimate coupling between chromosome
movements and microtubule dynamics, as discussed below. Although anaphase begins abruptly,
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anaphase chromosome movements are not perfectly synchronous. A kinetochore moving poleward
in anaphase can reverse direction, transiently moving anti-poleward while its peers continue their
poleward march. Neighboring chromosomes within a cell can also move closely past one another in
opposite directions, e.g., when anaphase occurs prematurely, prior to formation of a proper metaphase
plate (e.g., see [1] (p. 288) and [15]). A chromosome can also become erroneously attached to the
spindle, with one of its kinetochores attached simultaneously to microtubules emanating from both
poles. These “merotelically” attached chromosomes lag behind their properly (“amphitelically”)
attached peers during anaphase [16]. Together these observations demonstrate that kinetochores are
moved individually, rather than as a group. (Likewise, the mitotic error correction machinery acts
at the individual kinetochore level, as described in the chapter in this volume by Grishchuk and
Lampson [17].)
Figure 3. Example of kinetochore directional instability during anaphase A in a newt lung cell.
Anaphase A chromosome-to-pole movement of the kinetochore is interrupted by transient reversals
in directionality. This graph is reprinted from [12], and is displayed under the terms of a Creative
Commons License (Attribution-Noncommerical-Share Alike 3.0 Unported license, as described at
http://creativecommons.org/licenses/by-nc-sa/3.0/).
Perhaps the most direct evidence supporting the primacy of kinetochores for moving
chromosomes comes from UV ablation studies, which began as early as the 1950s [18]. If the
kinetochores of a single chromosome are damaged by UV irradiation, the remaining chromosome
arms drift rather than following their un-irradiated peers [7,18,19]. In contrast, a chromosome whose
arm has been ablated follows the normal patterns of movement.
4. Poleward Chromosome Movement Is Coupled to Shortening of the Connecting Microtubules
Modern theories about chromosome movement began to emerge with the structural
understanding of spindle architecture afforded by electron microscopy. Several distinct categories
of microtubule filaments exist, with well-defined polarities (as discussed thoroughly in Chapter 1
of this volume [5]). The most important for anaphase A are the kinetochore-attached microtubules,
which have one end, their fast-growing ‘plus’ end, located at a kinetochore, while their ‘minus’ ends
project poleward. In medium-sized and larger spindles, many microtubules terminate together at each
kinetochore and these are bundled together to form a kinetochore fiber. Some but not necessarily all
the microtubules in a kinetochore fiber extend all the way to a spindle pole [20]. In the tiny spindles
of budding yeast, the situation is simpler, with just one microtubule linking each kinetochore to
a pole [21].
Advances in tubulin biochemistry and live-cell fluorescence microscopy have provided a
fascinating view of the dynamics of microtubules in living spindles [22–25]. Time-lapse movies
of large mammalian cells with fluorescent-tags on their kinetochores and their microtubules show
that movement of a kinetochore is coupled to growth or shortening of the microtubule fibers to
which it is attached [25]. During anaphase A, kinetochore-associated fibers shorten, without becoming
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noticeably thicker. This shortening of kinetochore fibers seems to draw the chromosomes poleward.
In many cell types, microtubule-marking techniques (fluorescence photobleaching, photoactivation,
and speckle microscopy) have shown that kinetochore fiber shortening occurs partly via loss of tubulin
subunits from the kinetochore-attached plus ends (Figure 4a,b). How a kinetochore can maintain a
persistent, load-bearing attachment to a microtubule tip that is disassembling under its grip is only
poorly understood. Some models are discussed below.
Figure 4. Chromosome-to-pole motion during anaphase A is coupled to microtubule disassembly.
(a) Simple mechanism with disassembly occurring only at microtubule plus ends, as seen in yeasts,
where minus end attachments to the poles are static and no flux occurs [26–29]. (b) Dual mechanism, as
in cultured mitotic human cells, where chromosome-to-pole motion is a superposition of a kinetochore’s
movement relative to the microtubules, which is coupled to plus end disassembly, and the microtubules’
flux relative to the poles, which is coupled to minus end disassembly [30]. (c) Mechanism observed
for autosomal half-bivalents in meiotic crane-fly spermatocytes, with disassembly at minus ends and
assembly at plus ends [10,31]. Switching between mechanism (b) and mechanism (c) has been directly
observed in Xenopus egg extract spindles [32].
5. Kinetochore-Attached Microtubules Can ‘Flux’ Continuously toward the Poles
Microtubule-marking techniques have also revealed that kinetochore-attached microtubules in
many spindles flow steadily toward the poles (Figure 4b,c). This poleward microtubule ‘flux’ is coupled
to minus end disassembly at or near the poles [23,31–37]. Anaphase A in these cells is therefore a
superposition of a kinetochore’s movement relative to the microtubules and the microtubules’ flux
relative to the poles. The contribution of flux to poleward kinetochore movement varies widely
depending on cell type (Table 1). In mitotic human cells, for example, flux accounts for about a third of
anaphase A chromosome-to-pole movement, the remaining two-thirds of which is due to plus end
disassembly [30]. In budding or fission yeast, there is apparently no flux, so anaphase A in these cells
is probably explained entirely by plus end disassembly [26–29]. In contrast, flux appears to be solely
responsible for anaphase A in plant (tobacco) cells [37] and in meiotic crane-fly spermatocytes [10,31].
In the crane-fly spermatocytes, kinetochore-attached microtubule plus ends assemble, rather than
disassembling during anaphase A. The bottom line is that microtubule fibers linking kinetochores
to poles can disassemble from either end, or from both ends. The questions about how load-bearing
attachments are maintained and how the speeds of movement are coordinated with rates of filament
disassembly apply to both ends of the microtubules.
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6. Anaphase in Some Cell Types Does Not Conform to the Canonical View
A modern student of mitosis reading the classical literature cannot help but notice how many
more types of cells were being examined. The advent of genetic and molecular approaches enabled a
terrific array of tools that could not previously have been imagined. But these state-of-the-art tools
have been aimed at a much more limited set of model cell types. And even within this limited set,
there are examples that do not conform to the canonical view. Anaphase chromosome separation in the
acentrosomal meiosis I spindles of C. elegans oocytes is apparently independent of kinetochores [54].
Instead, the chromosomes seem to be pushed from behind by microtubules growing and/or sliding
out from the equator. The univalent X Y sex chromosomes in meiosis I crane-fly spindles move toward
one pole while retaining microtubule fiber attachments to both poles [48]. The fiber on the trailing side
elongates, while the leading fiber shortens. Probably more cases that do not fit the ‘normal’ picture will
emerge as more transcriptomes and genomes are sequenced, and as new genome-editing technologies,
such as CRISPR [55], facilitate live imaging of fluorescent-marked spindles in less-studied cell types
7. Kinetochores Can Either Be Actively Pulling Poleward or Passively Slipping Anti-Poleward
For a true, mechanistic understanding of anaphase, it is not enough simply to describe the motions
of the kinetochores, the microtubules, and the poles relative to one another. We need to understand
where and how the motive forces are generated. Biophysically, ‘force generation’ (or ‘force production’)
refers to the active processes by which chemical energy, usually in the form of nucleotide triphosphates,
is converted into mechanical work, defined as force acting through a distance. The forces that draw
kinetochores toward spindle poles must be generated somewhere within the kinetochores themselves,
within the poles, or within the material connecting them.
The coupling of kinetochore movement to microtubule plus end disassembly strongly suggests
that the kinetochore-microtubule interface is a site where force is actively generated. Compared to
the early ablation studies that used UV-lamps [18], newer laser-equipped microscopes have enabled
faster and more finely targeted ablations, making it possible in certain large cells (e.g., newt lung or
PtK cells) to micro-surgically sever the centromeric chromatin connecting two sister kinetochores [56],
or to selectively destroy one sister of a pair [57]. If a kinetochore moving poleward during metaphase
is micro-surgically freed from its sister, it continues moving poleward (Figure 5a). However, if a
kinetochore moving anti-poleward is freed, then it abruptly stops (Figure 5a,b), suggesting that its
anti-poleward motion prior to the severing operation was a passive response to externally generated
pulling forces (e.g., to forces generated by its poleward-moving sister) [57]. These observations,
together with the highly coordinated oscillations of sisters in unperturbed cells [12], suggest that
the force-producing machinery at a kinetochore can adopt two distinct states, an active state in
which it generates pole-directed pulling force, and a ‘neutral’ state in which it remains stationary
or passively slips anti-poleward in response to external forces. Such two-state behavior, with active
minus end-directed pulling and passive plus end-directed slippage, is also observed when purified
kinetochores are attached in vitro to dynamic microtubule tips ([58]; discussed further below).
The behavior has implications for how a kinetochore’s force-generating machinery might operate, both
before and after the metaphase-anaphase transition.
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(a) (b) 
Figure 5. Kinetochores can adopt two distinct states, an active state that generates pole-directed
pulling force, and a ‘neutral’ state that remains stationary or passively slips anti-poleward in
response to external forces. (a) Motions of sister kinetochore regions in a metaphase PtK1 cell before,
during (horizontal bar) and after micro-surgically separating the sisters. (b) Motion of a trailing
kinetochore before, during (horizontal bar), and after selectively destroying its poleward moving
sister kinetochore. In both cases the trailing kinetochore abruptly stops once it is micro-surgically
freed from its sister. Then, after a ~20 s delay, it reverses its original directionality and begins to move
poleward. These graphs are reprinted from [57], and are displayed under the terms of a Creative
Commons License (Attribution-Noncommerical-Share Alike 3.0 Unported license, as described at
http://creativecommons.org/licenses/by-nc-sa/3.0/).
8. Anaphase Spindle Generates More Force than Needed for Anaphase Chromosome Movement
It might seem natural to assume that the spindle forces normally generated during anaphase,
when the chromosomes are undergoing their most obvious movements, are higher than during other
phases of mitosis. As Mazia [1] (p. 142) noted, “human laziness leads us to associate movement with
hard work”. In anaphase, this assumption turns out to be false. However, the anaphase spindle is also
capable of producing far more force than is normally necessary.
Classic microneedle experiments, performed almost four decades ago, still provide some of
the best and most direct measurements of spindle forces in anaphase. Nicklas used extremely thin,
calibrated glass needles to tug on individual chromosomes in meiotic grasshopper spermatocytes and
to ask how much opposing force was required to completely halt their chromosome-to-pole motion.
The stall force he measured was surprisingly high, 700 pN [59]. This value represents the apparent limit
of force production by the anaphase spindle in these cells—i.e., the maximum poleward force that the
spindle can exert on a chromosome, presumably through its kinetochore(s). Nicklas assumed this load
was shared by a subset of 15 kinetochore-attached microtubules that extended all the way to spindle
pole (out of a total of ~40 kinetochore-attached microtubules), leading to an often-cited estimate of
50 pN per microtubule [59]. This might be an overestimate, with the true value falling closer to 12 pN
per microtubule, given the recent work suggesting that all kinetochore-attached microtubules, even
those that do not extend all the way to a pole, are anchored within the spindle [60,61]. But in either
case the forces during a normal, unperturbed anaphase are probably much, much lower still. Viscous
drag calculations suggest that chromosome-to-pole movement is normally driven by forces of only
0.1 pN [62]. Elastic bending of chromosomes likewise suggests only 0.7 pN [63]. Thus, the anaphase
spindle can apparently exert a maximum poleward force (700 pN) that exceeds the normal anaphase
force by as much as 1000- or even 7000-fold.
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9. Why Is the Anaphase Spindle ‘Over-Engineered’ to Produce Forces so Much Higher than Needed?
What could be the evolutionary advantage of such an exceedingly high force-generating capacity?
High capacity for force production might be advantageous during anaphase for disentangling
chromosomes that remain inappropriately intertwined, perhaps helping to promote the decatenation
activity of topoisomerases. High force-generating capacity might also be important during earlier
stages of mitosis, before anaphase. During prometaphase, force at kinetochores provides a regulatory
cue that promotes the selective stabilization of properly bioriented chromosome-spindle attachments.
(See [64–66] and the chapter in this volume by Grishchuk and Lampson [17].) Kinetochore force might
also be important for silencing the ‘wait’ signals generated by the spindle assembly checkpoint, which
control entry into anaphase (as discussed in the chapter in this volume by Joglekar [67]). Bioriented
kinetochores congressing to the spindle equator in prometaphase spermatocytes support intermediate
levels of force, around 50 pN [68], which is much higher than the feeble forces normally seen in
anaphase, <1 pN, but still less than the maximal value of 700 pN. Thus, the spindle might have evolved
to pull forcefully against kinetochores prior to anaphase, to ensure that when anaphase does occur, the
chromosomes will segregate correctly. In other words, the spindle’s capacity for producing very high
forces during anaphase might be a byproduct of evolutionary pressure for high forces during earlier
mitotic stages. Regardless of its evolutionary significance, the high force-generating capacity of the
anaphase spindle has implications for the underlying mechanism of force production.
10. New Techniques Are Providing Force Estimates from a Wider Variety of Cell Types
Nicklas’ microneedle measurements were truly ground-breaking and their relevance to current
mitosis research persists even four decades later. However, it should be noted that their generality is
uncertain. Grasshopper spermatocytes are especially amenable to chromosome micromanipulation,
probably because they lack a robust cortical layer of cytoskeletal filaments and thus their outer plasma
membrane can be severely indented by a microneedle without being punctured or torn. (The needles do
not puncture the membrane during successful experiments—accidental punctures cause cytoplasmic
leakage and rapid cell death.) New techniques are needed for measuring kinetochore forces in other
types of cells that are not amenable to micromanipulation.
Fluorescence-based approaches have recently shown great promise. By tracking the positional
fluctuations of fluorescent centromeric probes, kinetochore forces during metaphase in budding yeast
have recently been estimated at 4 to 6 pN [69]. This estimate agrees well with Nicklas’ prometaphase
measurement of 50 pN, considering that the load on a grasshopper kinetochore is probably shared
by numerous attached microtubules: Nicklas estimated 7 kinetochore-attached microtubules during
prometaphase, each bearing 7 pN of load [68], whereas each kinetochore in budding yeast attaches
just a single microtubule [21], bearing 4 to 6 pN. Calibrated fluorescence force-sensors inserted
into the Drosophila kinetochore suggest somewhat higher loads during metaphase in this organism,
130 to 680 pN per kinetochore, or 12 to 62 pN per microtubule (assuming the load is shared by
11 microtubules) [70]. Thus, the forces sustained by kinetochore-microtubule junctions during normal
prometaphase and metaphase might vary between 4 and ~60 pN, depending on the organism.
How these pre-anaphase forces measured in yeast and Drosophila compare with the maximum
force-generating capacity of their spindles is unknown, however, because the maximal force has
only been measured in grasshopper spermatocytes.
Another potential approach for measuring kinetochore forces in living cells is to apply laser
trapping. Calibrated laser traps have been used extensively for measuring forces produced by purified
myosin, kinesin and dynein motors in vitro [71] and, more recently, to study isolated kinetochores
and kinetochore subcomplexes coupled to microtubule tips in vitro (as discussed below). In a limited
number of cases, laser traps have also been applied in living cells, to measure forces generated
in vivo during the transport of small (and generally spherical) intracellular cargoes by kinesin and
dynein motors in non-mitotic cells [72–75]. Because the standard methods for trap calibration cannot
be applied in vivo, these studies have relied on external calibrations, performed after isolation of
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the trapped organelles (e.g., lipid droplets) from the cells [72,73,75], or they have used enhanced
calibration methods that account for the viscoelastic behavior of cytoplasmic fluid [74,76]. Trap-induced
photodamage, which is easily avoided in vitro by removal of dissolved oxygen [77], becomes a major
concern whenever laser traps are applied in cells growing under aerobic conditions [78]. A recent study
applying laser traps in meiotic spermatocytes from crane-fly and Mesostoma flatworms [79] suggests
that the forces required to stall chromosome-to-pole movements in these cells might be ~100-fold
lower than the 700 pN measured previously in grasshopper spermatocytes [59]. However, neither
standard, nor enhanced trap calibration methods were used, and the chromosome movements were
attenuated even after the laser trap was turned off, suggesting permanent photodamage rather than
force-induced stalling.
11. Tip-Coupling: One of the Most Conserved Features of Mitosis and One of the Most Puzzling
The poleward movement of chromosomes coupled to shortening of microtubule plus ends is
one of the most conserved features of mitosis. It is also one of the most puzzling. How is it possible
for a kinetochore (or a spindle pole) to maintain a persistent and load-bearing grip on the end
of a microtubule that is rapidly disassembling? Any proposed mechanism for anaphase A must
explain this ‘tip-coupling’. A general mechanism should also be capable of explaining the other
observations discussed above, such as the possibility for transient reversals in kinetochore directionality,
the switching between active poleward and passive anti-poleward states, and the levels of force
at kinetochores.
12. Conventional Motors Are Found at Kinetochores but Might Not Be the Primary Basis
for Tip-Coupling
Cytoplasmic dynein and kinesin-family motors were among the earliest molecules found to
localize to centromeres [80–82] (closely following the seminal identification of CENP-A, -B, and
-C [83]). Because ATP-powered motor enzymes are by themselves capable of moving along the sides of
microtubule filaments, it is easy to imagine that they might represent the molecular basis for active force
production at kinetochores. Minus end-directed motors anchored to a kinetochore could reach around
the microtubule tip, moving along the sides of the filament and thereby dragging the chromosome
poleward (Figure 6). Additional microtubule-modifying enzymes (microtubule depolymerases or
severing enzymes) could explain how the motor-driven movement is coupled to plus end disassembly.
Somehow the activities of these microtubule disassemblers would need to be coordinated with the
motor enzymes.
Figure 6. Model for kinetochore-microtubule tip-coupling based on conventional motor proteins and
microtubule-regulators. Conventional ATP-powered, minus end-directed motor enzymes anchored at
the kinetochore could reach around the tip of the microtubule, moving along the sides of the filament
and thereby dragging the chromosome poleward (leftward in the diagram). The activities of additional
microtubule depolymerases or severing enzymes, somehow coordinated with the conventional motor
activity, could explain how poleward chromosome movement is coupled to plus end-disassembly.
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There is good evidence that kinetochore-associated dynein contributes to anaphase A in certain
cell types. Null mutations in the genes for zw10 or rod, components of the RZZ complex that links
dynein to kinetochores, cause dramatic slowing of anaphase A chromosome-to-pole movement in
Drosophila spermatocytes [84]. Acute inhibition of dynein by microinjection of excess p 50 ‘dynamitin’
(a component of the dynein-activating complex, dynactin) or of anti-dynein antibodies similarly
slows anaphase A chromosome-to-pole speeds by ~75% in Drosophila embryos [85]. However,
microinjenction-based inhibition of dynein in mammalian (PtK1) cells causes a much less-dramatic,
~33% slowing of anaphase A motion [86]. The chromosomes generally retain their attachments to
dynamic microtubule plus ends [86], suggesting that kinetochore-associated dynein is dispensable for
tip-coupling in these cells. Thus, while conventional motor proteins do play many vital roles during
mitosis (especially for spindle assembly, prometaphase chromosome movements, and anaphase
B, as discussed in the chapters in this volume by Kapoor [87], Goshima and Yamada [88], and
Scholey et al. [3]), they do not seem to be the primary basis for tip-coupling. Dispensability of
motor activity for tip-coupling in living cells is demonstrated most convincingly by studies of
fission yeast, where poleward kinetochore movements coupled with microtubule disassembly can
be directly observed even after all kinetochore-localized minus end-directed motors have been
deleted [89]. Likewise, in budding yeast, disassembly-coupled kinetochore movements can continue
in the absence of minus end-directed kinetochore motors [90]. More generally, deletion of various
kinetochore-associated motors does not detach the kinetochores from the spindle [89,91–94]. These
observations do not necessarily preclude a role for motors in tip-coupling, but they do argue against
simple models in which tip-coupling is based primarily on a single type of conventional motor.
13. Kinetochores Also Contain Non-Motor Microtubule-Binding Elements
Our understanding of the biochemical composition and architecture of the kinetochore has
grown immensely during the last decade (as discussed in the chapter in this volume by Musacchio
and Desai [95]). The molecular details will not be repeated here, but the emerging view is that the
kinetochore-microtubule interface includes an array of non-motor, microtubule binding proteins in
addition to the conventional motors mentioned above. Foremost among these non-motor microtubule
binders is the Ndc80 complex (Ndc80c), a fibrillar hetero-tetramer with one end that binds microtubules
and another end that anchors stably into the core of the kinetochore [96–100]. Ndc80c localizes to the
outer kinetochore layer, where microtubule tips are embedded, and its depletion causes widespread
failure of kinetochore-microtubule attachment [101–103], suggesting a direct role in tip-coupling.
Ndc80c is widely conserved. Its fibrillar structure contains hinge-points, enabling it to bend or
fold [104–106]. Fluorescence measurements suggest that the relative abundance of Ndc80c (and other
core subcomplexes) at individual kinetochores scales with the number of attached microtubules.
Budding yeast kinetochores, which bind just one microtubule, are estimated to contain between 8 and
20 copies of Ndc80c [107,108]. Larger kinetochores that bind more microtubules have correspondingly
more Ndc80c [109–111]. This scaling suggests modularity. The kinetochores of humans and other
‘higher’ eukaryotes might consist of large, parallel arrays of discrete microtubule-binding sites, each
resembling a single budding yeast kinetochore [112].
Another microtubule-binding kinetochore element, specific to fungi, is the hetero-decameric
Dam1 complex (Dam1c) [113–115]. Dam1c localizes to kinetochores in an Ndc80c-dependent manner
and makes a major contribution to kinetochore-microtubule attachment in yeast [102,116]. Purified
Dam1c spontaneously assembles into sixteen-membered, microtubule-encircling rings [117,118],
which might function as sliding collars (as discussed below) [119,120]. The average number of
Dam1 complexes per kinetochore is sufficient to form approximately one ring [107], or possibly
two [108], per attached microtubule. Outside of fungi, the Ska complex has been proposed to provide
a functionally similar activity [121,122], possibly via oligomerization, although it does not appear to
form microtubule-encircling rings [122].
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14. Toward an Integrated View of the Tip-Coupling Apparatus of the Kinetochore
The biochemical complexity of the kinetochore poses a major challenge for understanding how it
functions. There are a variety of different microtubule-binding proteins likely to contribute, including
the motor and non-motor proteins discussed above, and additional components as well. Unfortunately,
our current understanding is too rudimentary to identify distinct roles for all of them. Current models
for tip-coupling (and for other kinetochore functions as well, e.g., checkpoint signaling and error
correction) emphasize the non-motor microtubule binders, especially Ndc80c and, in yeast, Dam1c.
Kinetochore-anchored motor proteins are also very likely to be important. In principle, the kinetochore
motors could participate in tip-coupling via their conventional ATP-powered walking along the sides of
microtubules or, alternatively, they could participate in a manner independent of conventional walking
motility [123–127]. That is, the kinetochore motors could function in tip-coupling essentially as fibrils
that transiently bind and unbind from the microtubule, similarly to the non-motor microtubule binding
fibril, Ndc80c. Another class of molecules likely to contribute are microtubule plus end-binders, such
as those of the TOG (tumor overexpressed gene) family. TOG family proteins (Stu2 in budding yeast,
XMAP215 in Xenopus, and chTOG in humans) localize to kinetochores [102,128–134] and contribute
directly to tip-coupling in vitro [135,136]. The knockdown phenotypes for these plus end-binders, and
for kinetochore motors, are often complex, suggesting roles in multiple different aspects of mitosis and
making it difficult to assess specifically their roles in kinetochore tip-coupling in vivo.
An intriguing possibility is that the various microtubule-binders at kinetochores might interact
with different structural features at the microtubule tip. For example, some might bind straight tubulins
in the microtubule wall, while others might prefer curved protofilaments peeling out from the wall, and
still others might even bind the longitudinal faces of tubulin dimers exposed uniquely at the extreme
terminal subunits. More work is needed to test this idea. Especially useful would be better structural
information about the relevant microtubule-binders, and more sophisticated biophysical methods
for assessing the importance of specific microtubule contacts and specific tubulin conformations in
kinetochore tip-coupling.
In the meantime, for the purpose of discussing potential biophysical mechanisms of tip-coupling,
it seems sufficient at present to consider the kinetochore simply as a collection of flexible
microtubule-binding fibrils, augmented in yeast (and possibly other organisms) by additional
microtubule-binders that can potentially oligomerize into microtubule-encircling rings. This view is
supported by the configuration of isolated yeast kinetochore particles seen in electron micrographs,
which show 5 to 7 microtubule-binding fibrils connected to a central hub and sometimes associated
with a microtubule-encircling ring [137]. It is also consistent with electron tomographic imaging of
kinetochore-microtubule interfaces in vivo in multiple cell types [138,139].
15. Microtubules Could Be the Engines that Drive Poleward Chromosome Movement during
Anaphase A
The tip-coupled movement of kinetochores implies force production at the kinetochore-microtubule
interface. If conventional motor activity is dispensable, at least in some organisms, then how is energy
transduced to drive this motility? Microtubules are likely to serve as the motors.
It is an old concept that anaphase A could be driven directly by the disassembly of spindle
fibers. Inoue’s observations using polarization microscopy showed not only that the spindle
was composed of birefringent fibers, but also that poleward chromosome movement could be
induced by artificial dissolution of the birefringent material, using cold-treatment for example [140].
Enthusiasm for a fiber-driven mechanism might have temporarily waned after the discovery of motor
proteins at kinetochores [140]. However, it apparently regained traction when improvements in the
biochemical handling of tubulin enabled in vitro reconstitution of movement driven by microtubule
disassembly [123,141], without ATP-powered motor activity [126] (reviewed in [140]). Further support
has come from the discoveries that non-motor microtubule binders within the kinetochores are vital
for kinetochore-spindle attachment in vivo, and that they can reconstitute tip-coupling in vitro.
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Microtubules are protein polymers composed of thousands of αβ-tubulins packed together in
longitudinal rows, called ‘protofilaments’, that associate laterally to form a miniature tube [142].
In the presence of GTP, microtubules spontaneously self-assemble and they switch stochastically
between periods of steady growth and rapid shortening, a behavior called ‘dynamic instability’ [13,14].
Dynamic instability is powered by GTP hydrolysis within αβ-tubulin. Growth occurs by addition
of GTP-containing tubulins onto filament tips. Assembly triggers hydrolysis and phosphate release,
so the body of a microtubule is composed primarily of GDP-tubulin, with ‘caps’ of GTP-tubulin
at growing ends [143]. GDP-tubulin is intrinsically curved, but within the microtubule it is held
straight—and therefore mechanically strained—by the bonds it forms with its lattice neighbors [144].
GTP-tubulin might be intrinsically straighter than GDP-tubulin [145], although recent work challenges
this notion [146]. In any case, it is clear that some energy from GTP hydrolysis is retained within the
GDP lattice [147,148], partly in the form of curvature-strain [143], and that this stored energy makes
the microtubule unstable without protective end-caps. Severing the GTP-cap at a growing end triggers
immediate disassembly [149]. During disassembly, the protofilaments first curl outward from the
filament tip, releasing their curvature-strain, and then they break apart [144]. The energy released
during tip disassembly can potentially be utilized to drive anaphase A chromosome-to-pole movement.
16. Purified Kinetochores and Sub-Complexes Are Excellent Tip-Couplers
Direct evidence that energy can indeed be harnessed from disassembling microtubules comes
from in vitro motility assays using purified kinetochore sub-complexes or isolated kinetochore particles
to reconstitute disassembly-driven movement. With time-lapse fluorescence microscopy, oligomeric
assemblies of recombinant fluorescent-tagged Ndc80c [150] or Dam1c [120,151,152] can be seen to track
with shortening microtubule tips. Attaching the complexes to microbeads allows their manipulation
with a laser trap and shows that they can track even when opposing force is applied continuously
(Figure 7). The earliest laser trap assays of this kind used tip-couplers made from recombinant Dam1c
or Ndc80c alone, which tracked against one or two piconewtons [119,150]. Coupling performance
improved with the incorporation of additional microtubule-binding kinetochore elements [153,154],
with the use of native kinetochore particles isolated from yeast [58], and with the use of flexible tethers
for linking sub-complexes to beads [155]. Further improvements seem likely, especially as continued
advancements in kinetochore biochemistry enable reconstitutions of ever more complete and stable
kinetochore assemblies [156–158]. However, the performance achieved in laser trap tip-coupling
assays already provides a reasonably good match to physiological conditions. Native budding
yeast kinetochore particles remain attached to dynamic microtubule tips for 50 min on average
while continuously supporting 5 pN of tension [58,135]. These statistics compare favorably with the
total duration of budding yeast mitosis, which is typically <1 h, and with the estimated levels of
kinetochore force in this organism, 4 to 6 pN [69]. Opposing forces up to 29 pN are needed to halt
the disassembly-driven movement of tip-couplers made of recombinant Dam1c linked to beads via
long tethers [155]. This stall force compares favorably with the estimated maximum poleward force
produced per kinetochore-attached microtubule during anaphase A, which is between 12 and 50 pN
(as discussed above) [68].
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Figure 7. Laser trap assay for studying tip-coupling by purified kinetochore subcomplexes and native
kinetochore particles. (a) Time-lapse images showing a bead decorated sparsely with native yeast
kinetochore particles tracking with microtubule growth (0–700 s) and shortening (700–800 s). The laser
trap (yellow crosshair) is moved automatically to keep a constant level of tension (here, ~1 pN) on
the kinetochore as it moves with the microtubule tip. Scale bar, 4 μm. (b) Cartoon showing force
clamp operation. The laser trap is servo-controlled to keep a fixed offset, Δx, between the trap and the
bead, thereby maintaining a constant tensile force. (c) Upper plot: Record of position versus time for a
native kinetochore isolated from yeast cells depleted of the TOG-family protein, Stu2. Arrows indicate
switching of the microtubule tip from growth to shortening (↓, ‘catastrophes’) and from shortening
back to growth (↑, ‘rescues’). Lower plot: Mean attachment lifetime as a function of force for wild-type
(WT, black) and Stu2-depleted (stu2-AID, red) kinetochore particles. Plots in (c) are adapted from [135],
and are displayed with permission from Elsevier Publishing (http://www.sciencedirect.com/science/
journal/00928674).
17. The Conformational Wave Model for Disassembly-Driven Movement
Two classes of models are proposed to explain disassembly-driven movement of kinetochores,
conformational wave and biased diffusion (Figure 8). According to the conformational wave model, the
kinetochore literally surfs on the wave of curling protofilaments that propagates down a microtubule
as it disassembles. To drive movement, the protofilaments are proposed to pull directly on the
kinetochore as they curl outward from a disassembling tip [141]. Evidence supporting this model is
compelling but not definitive [159]. Oligomeric Dam1c rings seem to be ideal structures for harnessing
protofilament curls [117,118,160,161], and Dam1c does indeed make a major contribution to the
stability and strength of kinetochore-microtubule coupling in vitro [58,162], acting as a processivity
factor to enhance Ndc80c-based coupling [154,163]. The contribution of Dam1c to tip-coupling is
highest when it is flexibly tethered [155] and when free Dam1c is also present in solution [152,162],
presumably because these conditions facilitate oligomerization of Dam1c into a microtubule-encircling
ring. A partial Dam1 sub-complex that is specifically deficient in oligomerization forms tip attachments
that are far less stable than those formed by the full, wild-type complex [162]. However, direct
evidence that the enhancements in tip-coupling afforded by Dam1c oligomers depend on curling
protofilaments is lacking. Complete microtubule-encircling rings are not strictly necessary for
Dam1c-based tip-coupling [151,152]. In principle, Dam1c rings could function by biased diffusion
(as discussed in [159,164]).
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Figure 8. Models for tip-coupling without conventional motor activity. (a) Two versions of the
conformational wave mechanism are shown, one (ring-based) in which elements of the kinetochore
assemble into a microtubule encircling ring that is hooked by curling protofilaments, and another
(fibril-based) where fibrillar kinetochore elements bind independently to the curling protofilaments.
In either case, the curling action of the protofilaments exerts pulling force (directed leftward in the
diagrams) on the chromosome. (b) In the biased diffusion mechanism, an array of kinetochore fibrils
rapidly binds and unbinds the microtubule lattice at or near the tip. Thermal fluctuations of the
chromosome that allow more fibrils to bind (leftward movements of the chromosome in the diagram)
are favored by the energy of binding those elements. This biased thermal movement produces
a thermodynamic pulling force. (c) A hybrid model is also shown, where force is produced by a
combination of protofilament curling and biased thermal fluctuations. These diagrams are adapted
from [159], and are displayed with permission from Elsevier Publishing (http://www.sciencedirect.
com/science/journal/09628924).
Dam1c rings are not found outside fungi, but their absence does not necessarily rule out the
conformational wave mechanism. Other molecules and structures could harness curling protofilaments.
In humans and other eukaryotes, for example, the Ska complex might act as an attachment-stabilizer
in a manner similar to Dam1c [121,122,165]. Ska complex does not appear to form oligomeric
microtubule-encircling rings, but like Dam1c it can track with disassembling tips [166]. The Ska
complex also dimerizes and might form lateral bridges between neighboring Ndc80 complexes [122].
Curling protofilaments might hook these lateral bridges. High-resolution electron tomograms
show protofilaments curling outward from the tips of kinetochore-attached (and non-kinetochore)
microtubules in mammalian (PtK1) spindles [138,167]. Sometimes fibrils can be discerned emanating
from the kinetochores and connecting to the protofilament curls [138], suggesting the presence of a
fibrillar protein with preferential affinity for curved protofilaments. Consistent with this possibility,
the kinetochore protein Cenp-F contains an N-terminal microtubule-binding region that binds
preferentially to ring- and curl-shaped tubulin oligomers (formed in the presence of dolastatin-10 and
vinblastine, respectively) [168]. Beads decorated with N-terminal portions of Cenp-F can track with
disassembling microtubule tips against forces of 3 pN [168], suggesting that its curl-binding activity
could make a significant contribution to tip-coupling.
18. The Biased Diffusion Model for Disassembly-Driven Movement
Disassembly-driven kinetochore movement is also likely to depend partly on biased diffusion,
a mechanism first proposed on purely theoretical grounds by Hill [169]. In this view the multiple
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microtubule-binding elements within a kinetochore form a diffusive attachment to the microtubule tip
(Figure 8b). Thermal motions that bring more binding elements within reach of the tip are favored by
the energy of binding those elements to the microtubule. Conversely, thermal motions away from the
tip are disfavored because they reduce the number of binding elements that can reach the tip and thus
they require some binding energy to be overcome. Hill showed theoretically that this bias is sufficient
to allow persistent tracking with a disassembling microtubule tip, even against an external load.
Thermally driven diffusion along the microtubule lattice is a common property of many individual
kinetochore proteins and subcomplexes. At the level of single molecules and small oligomers,
Ndc80c [150], Dam1c [151], Ska complex [166], and Cenp-F [168] all bind and unbind quickly from
microtubules and, while bound, diffuse rapidly over the lattice. When bound far from the microtubule
tip and in the absence of external load their diffusive motion is random (the probability of movement
in either direction is random) [150,151,166,168]. When they encounter a disassembling tip, a bias
in their diffusion can be observed directly [150]. These behaviors fit strikingly well with the biased
diffusion mechanism. Certain structural features of kinetochore subcomplexes also seem ideal for
biased diffusion. Ndc80c [104], Dam1c [164], Ska complex [122], and Cenp-F [170] all appear to bind
microtubules through flexible domains, which could allow some to bear load while others unbind
and rebind in new locations, enabling a kinetochore to move or reorient on the microtubule without
detaching. Diffusion along the microtubule lattice is negligibly slow for large assemblies of Dam1c [152]
and for whole native kinetochore particles [58], but these observations do not rule out biased diffusion
as a mechanism for tip-coupling by these assemblies. Large couplers that contain high numbers of
microtubule-binders are not expected to diffuse detectably along the lattice, but they can nevertheless
track robustly with a disassembling tip via pure biased diffusion [150,169]. Robust tip-tracking occurs
in these cases, despite low mobility on the lattice, because the diffusional mobility increases as the tip
begins to disassemble out from under the coupler. This in turn promotes lattice-directed movement
and formation of new bonds, resulting in a steady state where the rate of new bond formation is
balanced by the loss due to disassembly.
19. Movement Coupled to Tip Assembly
Reconstituted tip-couplers made from various combinations of kinetochore subcomplexes [119,154]
and from native kinetochore particles [58,135,171,172] can also maintain persistent, tension-bearing
attachments to assembling tips (e.g., see Figure 7). Their assembly-coupled movement in vitro is
analogous to situations in vivo when kinetochores move anti-poleward in association with growing
microtubule tips, such as during pre-anaphase chromosome oscillations, or during transient reversals
of anaphase A chromosome-to-pole movement. The reconstituted couplers generally adopt a ‘neutral’
state, very much like that of kinetochores moving anti-poleward in vivo, requiring external tension
to track with tip growth rather than being pushed autonomously by the growing tip. Affinity
between the coupler and the microtubule creates a protein friction that resists movement along
the filament [169]—an effect sometimes refered to as a ‘slip clutch’ [32]. Considering that curled
protofilaments are much less prominent at assembling tips in vitro [144], and that the conformational
wave mechanism is based on curled protofilaments, a purely conformational wave-based coupler
would be expected to detach more quickly during assembly than during disassembly. But just
the opposite is true: The reconstituted couplers usually detach far less quickly from assembling
tips [58,135,171].
Based on electron tomographic studies of microtubule tips in cells, it has been suggested that
protofilaments might curl out from both disassembling and assembling tips in vivo [138,139,173].
However, many of the kinetochore-attached plus ends examined in another electron tomographic
study were apparently blunt, with straight protofilaments [167]. And in cells treated with nocodazole
to promote tip disassembly, the same study found that kinetochore-attached microtubule ends were
predominantly flared, with curling protofilaments [167], supporting the general view that curling
protofilaments are restricted mainly to disassembling tips in vivo, as in vitro. Sheet-like extensions
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or blunt structures, not curls, have also been reported at assembling microtubule tips in mitotic and
interphase cell extracts [174–176]. A purely conformational wave-based coupler should detach very
quickly from these blunt microtubule ends. The biased diffusion mechanism has fewer structural
constraints and could maintain a stable attachment independent of microtubule tip structure.
20. Mechanism of Poleward Flux Might Differ for Kinetochore-Attached Versus
Non-Kinetochore Microtubules
Poleward microtubule flux contributes to anaphase A chromosome-to-pole motion in many
organisms (Table 1). At a cellular level flux seems like a very close cousin to the movement of
kinetochores relative to microtubule plus ends. Flux is coupled to disassembly of the pole-facing
minus ends of spindle microtubules, just as kinetochore movement is coupled to plus end disassembly.
Flux suggests force production at or near the depolymerizing minus ends, just as disassembly-coupled
kinetochore movement suggests force production at plus ends. The speeds of both processes depend
on some of the same types of microtubule regulatory molecules. Whether they share fundamentally
similar mechanisms, however, is unclear.
The molecular and biophysical basis for poleward flux of non-kinetochore microtubules is
reasonably well understood, but the same cannot be said for the flux of kinetochore-attached
microtubules. Some non-kinetochore microtubules emanating from opposite spindle poles interdigitate
within the central spindle to form antiparallel bundles—the so-called ‘inter-polar microtubules’ [3].
These bundles are held together by a collection of microtubule cross-linking proteins, including
kinesin-5s, which are bipolar (tetrameric), processive, plus end-directed motors [3]. Individual
purified kinesin-5 molecules can bind two antiparallel microtubules in vitro and simultaneously
walk toward both plus ends, thereby driving outward protrusion of the minus ends [177]. Thus
kinesin-5s appear to be perfectly suited for pushing inter-polar microtubules outward and driving their
flux. But kinetochore-attached microtubules generally have parallel polarity [178], not antiparallel, and
therefore their flux cannot be explained by a direct, antiparallel sliding action. Kinetochore-attached
microtubules can associate laterally with non-kinetochore microtubules [20,60], and it has been
suggested that perhaps the flux of kinetochore microtubules is driven indirectly, by the flux of their
laterally associated neighbors (e.g., see [179]).
Alternatively, the mechanisms driving kinetochore-microtubule flux might differ from those
driving non-kinetochore microtubule flux. Pharmacological inhibition of kinesin-5 dramatically
slows flux in Xenopus extract spindles, in which a majority of microtubules are non-kinetochore-
associated [180,181]. But in cultured mammalian (PtK1) cells, where a large proportion of
microtubules are kinetochore-attached, kinesin-5 inhibition has only a minor effect on flux rates [179].
Furthermore, flux continues even when the spindles are monopolar, and therefore lacking antiparallel
microtubules [179], indicating that neither kinesin-5 nor antiparallel microtubules are required for
flux in these cells. Likewise, kinetochore-associated microtubule fibers that are mechanically detached
and isolated from spindles in grasshopper spermatocytes flux in the apparent absence of antiparallel
neighboring microtubules [182]. Thus, it seems that flux of kinetochore-attached microtubules can
be driven by another mechanism, independent of the kinesin-5-dependent sliding of neighboring,
antiparallel (inter-polar) microtubules.
21. Potential Biophysical Mechanisms for Kinetochore-Microtubule Flux
Flux generally depends on the activity of microtubule destabilizing enzymes that concentrate at
spindle poles. Enzymes of the kinesin-13 family are ATP-powered depolymerases that catalyze the
disassembly of microtubules by removal of tubulin subunits from their ends [183–185]. Kinesin-13s
concentrate at poles in various spindle types, such as those in mitotic Drosophila cells [36], human
cells [186,187], and frog cell extracts [188]. Depletion of the pole-localized Drosophila kinesin-13,
KLP10A, specifically slows microtubule flux in this organism, and concomitantly reduces the speed
of anaphase A chromosome-to-pole motion [36,45,46]. Similarly, the flux component of anaphase
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A in mitotic human cells is slowed by co-depletion of a pole-localized and a centromere-associated
kinesin-13, Kif2a and MCAK, respectively [30]. The AAA-family microtubule-severing enzymes,
spastin and fidgetin, are also implicated in poleward microtubule flux in Drosophila [44,189] and
human cells [52]. Their severing activity might be important for creating free microtubule minus ends
(i.e., not capped by γ-tubulin rings) and thereby facilitating the catalysis of minus end disassembly
by kinesin-13s. Collectively these observations indicate that microtubule destabilization activity at
poles governs the rate of flux. But a governor is not necessarily a motor. The microtubule-destabilizers
might or might not be directly involved in maintenance of load-bearing attachments between
microtubules and spindle poles, or in the production of forces that drive flux. In some cells, microtubule
depolymerizers also govern the speed of disassembly-coupled kinetochore movement [36,45,53], yet
they are not usually considered to be the primary force-producers.
What then is the flux engine? One could envision a conformational wave- or biased diffusion-based
tip-coupling that directly harnesses the energy released from minus end disassembly, analogous
to the mechanisms discussed above for kinetochore motility. Whether spindle poles carry
microtubule-binding elements with the properties necessary to support such tip-coupling is uncertain,
but some evidence suggests so: The pole-localized Drosophila kinesin-13, KLP10A has been found to
oligomerize into microtubule encircling rings [190,191], reminiscent of the Dam1c rings implicated
in kinetochore tip-coupling. Other kinesin-13s, such as Drosophila KLP59C and human MCAK,
which localize primarily near centromeres [36,192], can likewise form oligomeric rings around
microtubules [190], and MCAK can function as a tip-coupler in vitro [193]. Together these observations
suggest that kinesin-13s might function not only as depolymerizers but also as tip-couplers at spindle
poles, and possibly at kinetochores as well.
Minus end-directed motors, particularly dynein, might also be involved in driving poleward
microtubule flux. Dynein helps focus microtubules into poles in a variety of cell types. Pole focusing
by motors is perhaps best understood in mitotic Xenopus egg extracts, where the minus end-directed
movement of dynein oligomers can bring minus ends together to form polarized microtubule asters
independently of centrosomal nucleation [194,195]. Dynein is also implicated in pole-focusing in
Drosophila (S2 [196]) and mammalian cells (monkey kidney CV-1 [197,198]; rat-kangaroo PtK2 [60];
human RPE1 [61]). Pole-focusing by dynein probably requires oligomerization [199,200] via interaction
with scaffolding proteins such as NuMA [195,198], and its importance for assembly and maintenance
of bipolar spindles has been studied extensively.
Recent work implicates dynein in poleward movement specifically of kinetochore-attached
microtubules. Bundles of kinetochore-attached microtubules that do not extend all the way to the
spindle pole are sometimes seen in normal spindles [61,196] and can also be created artificially by laser
micro-surgery [60,61]. When a microtubule fiber attached to one kinetochore of a bioriented pair is
micro-surgically severed during metaphase, the cut fiber stub and its attached kinetochore initially
recoil toward the sister kinetochore on the uncut side, as the chromatin linking the two sisters relaxes.
This relaxation is expected due to the sudden loss of tension. But within a few tens of seconds the
fiber stub is suddenly jerked poleward [60,61]. If a fiber is severed in early anaphase, the behavior
is similar: There is no obvious initial recoil, presumably because sister chromatin cohesion is absent
in anaphase, but the fiber stub and kinetochore are suddenly jerked poleward (Figure 9) [61], just
as they are in metaphase. The poleward-facing ends of the fiber stubs lead these rapid poleward
movements, apparently by associating laterally with nearby, uncut microtubules. Fluorescence imaging
reveals rapid recruitment of NuMA and dynein to the newly created minus ends. Presumably this
dynein drives poleward movement of the minus ends along neighboring pole-anchored microtubules
(Figure 10). This activity was seen in both pre-anaphase and anaphase cells, and it shows that the
spindle is capable of remarkable acts of self-healing. Whether a similar mechanism could drive the
steady flux of kinetochore-attached microtubules during anaphase is uncertain. The idea seems
attractive, although flux in Drosophila S2 cells has been shown to be independent of dynein [201].
Questions also remain about how depolymerase activity is engaged when the motors and minus ends
reach the pole.
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Figure 9. Change in distance from chromatids to poles before and after ablation of their kinetochore-
associated microtubule fibers (k-fibers) during anaphase. Chromatids attached to ablated k-fibers
(blue traces) are pulled toward poles faster than anaphase movement of their unmanipulated sisters
(green traces) before resuming normal anaphase movement (at ~70 s). This graph is reprinted from [60],
and is displayed under the terms of a Creative Commons License (Attribution-Noncommerical-Share
Alike 3.0 Unported license, as described at http://creativecommons.org/licenses/by-nc-sa/3.0/).
Figure 10. Spindle self-repair mechanism observed after micro-surgical ablation of kinetochore-associated
microtubule fibers (k-fibers) in mammalian cells expressing fluorescent tubulin [60,61]. (a) Ablation
of a k-fiber (yellow lightning bolt) during anaphase. (b) NuMA (cyan) and dynein/dynactin (green)
rapidly localize to new microtubule minus ends on the k-fiber stub after ablation. (c) When the
new minus end-localized dynein contacts neighboring microtubules, it walks processively along
them, pulling the k-fiber stub as cargo and moving the attached chromosome. These diagrams are
redrawn based on similar cartoons from [60], and are included here under the terms of a Creative
Commons License (Attribution-Noncommerical-Share Alike 3.0 Unported license, as described at
http://creativecommons.org/licenses/by-nc-sa/3.0/).
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22. Loss of Tension by Itself Might Be Sufficient to Trigger Anaphase
Chromosome-to-Pole Movement
Having surveyed possible mechanisms underlying chromosome-to-pole motion during anaphase
A, it is interesting to return briefly, at the end of the chapter, to the beginning of anaphase.
Anaphase begins abruptly. Cohesion between sister chromatids is proteolytically removed, essentially
simultaneously from all sister pairs. Mechanical tension on all the kinetochores is suddenly lost.
Is this sudden loss of tension, by itself, sufficient to trigger the poleward motion of kinetochores?
Or is the inherent activity of the anaphase machinery modulated by regulatory cues at the
metaphase-to-anaphase transition?
Ever since Östergren, a compelling hypothesis has been that the same mechanisms might
account for both the alignment of chromosomes at metaphase and also their poleward movement
at anaphase (e.g., see [140,202,203]). Micro-surgical studies support this view. When a kinetochore
moving anti-poleward during metaphase is stopped by ablation of its sister (as described above), it
stops only transiently, for ~20 s, and then begins to move poleward—i.e., with reversed, anaphase-like
directionality [57]. This transition to poleward movement is apparently caused by the loss of tension
when a chromatid is cut free from its sister. The anaphase-like poleward movement might be triggered
in this case because micro-surgically severing the sisters closely mimics the normal trigger of anaphase,
enzymatic removal of sister chromatid cohesion. Both operations cause a sudden loss of tension across
the sisters.
In vitro reconstitutions of tip-coupling show directly that regulatory cues are not needed to trigger
disassembly-driven kinetochore movement. Tension applied through Dam1c-based tip-couplers [204]
or through native yeast kinetochore particles [58,135] promotes net growth of the attached microtubule.
Tension speeds tip assembly, slows disassembly, inhibits switches from growth to shortening
(‘catastrophes’), and promotes the resumption of growth (‘rescues’) [58,135]. The effect of tension on
catastrophe frequency is especially dramatic: At modest concentrations of free tubulin, the growth
of a bare microtubule tip will typically persist for only a few minutes before a catastrophe occurs.
Association of a relaxed kinetochore with the tip extends this uninterrupted growth time to ~8 min,
but catastrophes are still relatively frequent. Applying a tension of 6 pN, however, can extend the
uninterrupted growth time 13-fold, to over 100 min [58]. Thus, it is possible to experimentally induce
a long period of assembly-coupled kinetochore movement by applying 6 pN of tension, and then to
trigger disassembly-driven movement at will, simply by dropping the tension [205].
23. Phosphoregulatory Changes at the Metaphase-to-Anaphase Transition
While the simple loss of tension is sufficient to trigger an anaphase A-like switch in kinetochore
directionality in vivo [57,140] and in vitro [58,135,205], it would be naïve to assume that the anaphase
machinery is un-regulated during the true metaphase-to-anaphase transition in vivo. By now it is clear
that multiple distinct mechanisms can underlie almost every aspect of mitosis. The same biochemical
signaling cascade that brings about the sudden proteolytic destruction of sister cohesion also destroys
cyclin B, thereby deactivating the cyclin-dependent kinase, CDK1, and causing a variety of global
cellular changes associated with mitotic exit. Cyclin B and CDK1 are known to regulate microtubule
dynamics (e.g., see [194,206]) and loss of cyclin B is proposed to stabilize inter-polar microtubules to
promote anaphase B spindle elongation ([207]; as also discussed in the subsequent chapter on anaphase
B [3]). If kinetochore-attached microtubules were similarly stabilized, the effect on anaphase A would
be antagonistic, potentially slowing chromosome-to-pole movement by retarding disassembly at both
plus and minus ends. However, evidence from budding yeast [206] and human tissue culture cells [208]
indicates that the dephosphorylation associated with deactivation of CDK1 (or with activation of its
antagonizing phosphatase, Cdc15) helps to promote, rather than antagonize anaphase A. In human
cells, chemical inhibition of dephosphorylation converts the normally smooth chromosome-to-pole
motion, with few reversals, into a much more oscillatory motion, with frequent reversals [208].
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Another consequence of deactivating CDK1 is release of Aurora B kinase from centromeres
(along with its co-members in the chromosomal passenger complex). Releasing Aurora B
ensures that the sudden loss of kinetochore tension at anaphase onset does not activate the
prometaphase error correction machinery, which would otherwise destabilize kinetochore-microtubule
attachments. (Error correction is discussed in detail in the chapter by Grishchuk and Lampson [17].)
This freeing of kinetochores from the influence of Aurora B should strengthen their attachments
to spindle microtubules and, indeed, Nicklas noted in his early micromanipulation experiments
that chromosomes became more difficult to detach as cells progressed from prometaphase into
anaphase [209]. Freeing kinetochores from the influence of Aurora B might also affect the dynamics
of kinetochore-attached microtubule plus ends: Aurora inhibitors stabilize kinetochore-attached
microtubules in cells [210] and, conversely, phosphomimetic mutations at Aurora B target sites on
Ndc80c and Dam1c destabilize kinetochore-attached plus ends in vitro [171,211]. Both observations
implicate Aurora B in destabilization of kinetochore-attached plus ends. Thus, removal of Aurora
B at anaphase onset should cause stabilization of the kinetochore-attached ends, which would be
antagonistic toward anaphase A chromosome-to-pole movement. Perhaps the microtubule-stabilizing
effects caused by loss of Aurora B are sufficiently counteracted by the destabilization due to loss of
tension, or by other as-yet-unidentified regulatory events. Clearly more work is needed to understand
how phosphoregulatory changes at anaphase onset regulate chromosome-to-pole motion.
24. Conclusions
Anaphase is the dramatic finale of mitosis when, after careful preparations are finished, the
actual business of segregating duplicated chromosomes takes place in a beautifully orchestrated
manner. Kinetochores are the main sites where forces are exerted on the chromosomes. The interfaces
between kinetochores and microtubule plus ends are primary sites where forces are produced to
drive anaphase A chromosome-to-pole movement. The microtubules themselves are likely to act as
non-conventional motors, converting chemical energy from GTP hydrolysis into mechanical strain,
storing this strain energy temporarily in their lattices, and then releasing it during disassembly.
The released energy is harnessed in part by non-motor, microtubule-binding kinetochore elements,
perhaps via surfing on waves of curling protofilaments. Meanwhile, in many cell types the
kinetochore-attached microtubules are also transported steadily poleward, by mechanisms that are not
yet well understood. This poleward flux supplements kinetochore tip-surfing. Chromosome-to-pole
motion is likely triggered at the metaphase-to-anaphase transition in part by the simple loss of
tension that occurs when cohesion between sister chromatids is suddenly lost, but additional
phosphoregulatory influences are also important.
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Abstract: Anaphase B spindle elongation is characterized by the sliding apart of overlapping
antiparallel interpolar (ip) microtubules (MTs) as the two opposite spindle poles separate, pulling
along disjoined sister chromatids, thereby contributing to chromosome segregation and the
propagation of all cellular life. The major biochemical “modules” that cooperate to mediate pole–pole
separation include: (i) midzone pushing or (ii) braking by MT crosslinkers, such as kinesin-5 motors,
which facilitate or restrict the outward sliding of antiparallel interpolar MTs (ipMTs); (iii) cortical
pulling by disassembling astral MTs (aMTs) and/or dynein motors that pull aMTs outwards; (iv) ipMT
plus end dynamics, notably net polymerization; and (v) ipMT minus end depolymerization manifest
as poleward flux. The differential combination of these modules in different cell types produces
diversity in the anaphase B mechanism. Combinations of antagonist modules can create a force
balance that maintains the dynamic pre-anaphase B spindle at constant length. Tipping such a force
balance at anaphase B onset can initiate and control the rate of spindle elongation. The activities
of the basic motor filament components of the anaphase B machinery are controlled by a network
of non-motor MT-associated proteins (MAPs), for example the key MT cross-linker, Ase1p/PRC1,
and various cell-cycle kinases, phosphatases, and proteases. This review focuses on the molecular
mechanisms of anaphase B spindle elongation in eukaryotic cells and briefly mentions bacterial DNA
segregation systems that operate by spindle elongation.
Keywords: anaphase B; mitotic motors; spindle elongation; poleward flux
1. Introduction and Historical Perspective
During anaphase, chromosomes are physically separated on the pre-assembled mitotic spindle
machinery by a cell type-specific combination of (i) chromosome-to-pole motility (anaphase A)
coupled to the pacman- and/or poleward flux-based depolymerization of kinetochore MTs (kMTs)
and (ii) spindle elongation (anaphase B) mediated by cortical force generators and/or midzonal
MT-MT sliding motors that respectively pull or push apart the spindle poles (Figures 1 and 2) [1–7].
Anaphase B spindle elongation appears to be broadly deployed among eukaryotes and in some
systems, e.g., S. cerevisiae cells and early C. elegans embryos, it is the major mechanism of chromosome
segregation [8,9]. Moreover, in some bacterial cells, mechanisms strikingly similar to eukaryotic
anaphase B spindle elongation segregate DNA [10]. Underscoring the significance of the process,
anaphase B spindle elongation contributes to the correction of mitotic chromosome attachment
errors [11–13] and defects in the anaphase B component of chromosome segregation may contribute
to human disease—for example a prolonged anaphase B in lymphocytes appears to correlate with
an increased risk of cancer [14]. The focus of the current review is on understanding the basic molecular
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mechanisms of anaphase B spindle elongation. Reviews of aspects of this topic have been published
previously e.g., [15–17].
Figure 1. Basic structure of the anaphase B spindle. The major components driving anaphase B spindle
elongation are shown, namely ipMTs and the spindle midzone as well as aMTs and the cell cortex,
and the structural polarity of spindle MTs is indicated by marking their plus ends. For simplicity,
branched augmin-nucleated and chromatin-nucleated MTs that do not reach the poles, as well as
pole-nucleated MTs that do not reach kinetochores or the midzone, are not included. Also, anastral
spindles lacking centrosomes at the poles are not represented here.
Anaphase B was clearly distinguished from anaphase A in the 1940s by Ris, who showed
that spindle elongation in insect cells was more sensitive to inhibition by chloral hydrate than was
chromosome-to-pole motion, providing evidence that the two components of chromosome segregation
are driven by distinct molecular mechanisms [18,19]. However, anaphase B spindle elongation had
apparently been described much earlier, for example by Druner, who proposed a midzonal pushing
mechanism in 1894 (see [20] p. 22), and Boveri, who proposed a cortical pulling mechanism in 1888
(see [21] p. 41). Subsequent light microscopy studies have documented the kinetics of anaphase B
spindle elongation in a variety of eukaryotic cell types (e.g., see Figure 2 in [3]).
An important advance was the proposal and subsequent testing of a “sliding filament” hypothesis
for mitosis [22], in which it was postulated that mitotic motors slide apart adjacent MTs to drive many
of the movements of the mitotic spindle that contribute to chromosome movements, in a manner
analogous to class-II myosin filaments, which drive the sliding filament mechanism of muscle
contraction [23]. Testing the sliding filament model promoted detailed electron microscopy of the
organization of mitotic spindle MTs [24–27] (Figure 3) and a biochemical search for the motors that
mediate MT-MT sliding [28–31].
Electron microscopic analysis of the three-dimensional ultrastructure of the mitotic spindle by
McIntosh and colleagues showed that the sliding filament model could not explain all aspects of mitosis
e.g., chromosome-to-pole movement during anaphase A, but such a mechanism could drive pole–pole
separation during anaphase B spindle elongation [26,32]. This hypothesis was further supported by
light microscopic observations of elongating spindles marked by photo-bleaching in living cells [33]
and the reactivation of anaphase B spindle elongation in isolated diatom mitotic spindles [34,35].
The inhibition of isolated diatom spindle elongation by a pan-kinesin peptide antibody suggested that
a kinesin motor drives anaphase B [36], a hypothesis supported by the characterization of purified
kinesin-5 motors with the potential to act like miniature myosin filaments that could cross-link and
slide apart antiparallel ipMTs in the spindle midzone [28,37]. While a significant body of evidence
supports such a midzone pushing model, other work has shown that the pulling apart of the spindle
poles by motors located on the cell cortex can provide an alternative or complementary mechanism to
accomplish midzonal MT-MT sliding and anaphase B spindle elongation [38–41].
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Here we review the contribution of these complementary midzone pushing and cortical pulling
mechanisms to the sliding filament mechanism of anaphase B spindle elongation in eukaryotic cells
(Figure 2). We also briefly mention the bipolar spindle comprising antiparallel bundles of actin-like
filaments that elongates by filament polymerization to push apart clusters of R1 plasmids in E. coli
bacteria, using a mechanism analogous to eukaryotic anaphase B [10].
Figure 2. Anaphase B in an idealized and simplified mitotic spindle. The spindle is depicted (a) during
metaphase-anaphase A (aka pre-anaphase B), when poleward flux is “on” maintaining the spindle
at a constant length, S1; (b) at the start of anaphase B, when flux is turned off so that the spindle can
begin to elongate; and (c) at late anaphase, when the spindle has completed its elongation to length
S2. The major biochemical modules are shown, namely midzone (i) pushing or (ii) braking by MT
crosslinkers, particularly kinesin-5 motors and Ase1p MAPs; (iii) cortical pulling by depolymerizing
proteins and/or dynein motors attached to the cortex that respectively disassemble or translocate
along aMTs to pull them and the attached poles outward; (iv) ipMT plus end dynamics, notably net
polymerization; and (v) ipMT minus end depolymerization manifest as poleward flux. In most cells
anaphase B starts after anaphase A (as depicted here), but there are exceptions, e.g., in mouse eggs
anaphase B precedes anaphase A [42]. Unless otherwise indicated, in this and all other figures, arrows
depict direction of movement of ipMTs and aMTs.
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Figure 3. Electron microscopic analysis of anaphase B spindle elongation in budding yeast mitotic
spindles showing the structural reorganization of ipMT bundles. 3D reconstructions of (A) short
spindle; (B) early elongating; and (C) late elongating spindle. Sample cross sections taken at points
indicated by arrows are shown for each reconstruction. In (B) kMTs have mostly depolymerized;
in (C) they have completely depolymerized. Scale bar: 0.1 μm (Originally published as Figure 4 in
reference [32], used with permission).
2. Dynamics of Anaphase B in Living Cells
Aspects of mitosis including anaphase B spindle dynamics have been studied using light
microscopy for over a century in several systems [43], revealing that, during anaphase B, spindles
typically elongate over distances of 1–10 μm at rates of 0.01–0.1 μm/s (Table 1). In favorable cases,
anaphase B can be visualized without staining, revealing, for example, that isolated diatom spindles
elongate at a rate (0.015 μm/s) [44] approaching that observed in vivo (0.04 μm/s) [45]. Nowadays,
however, it is more common to use fluorescence microscopy, e.g., time lapse confocal microscopy
of cells containing fluorescent proteins to probe spindle dynamics, e.g., spindle length as a function
of time. In Drosophila syncytial embryos, for example, about 1000 spindles proceed through mitosis
simultaneously in a very well-defined pattern, with anaphase B spindles elongating at a highly
reproducible linear rate of ≈0.1 μm/s [46]. Anaphase B spindles in most organisms studied so far
elongate at a single linear rate, although some spindles elongate in a biphasic manner at two distinct
rates (Table 1). For example, in Ustilago Maydis, an initial slow elongation rate is followed by a second
faster phase [39], while in S. cerevisiae an initial fast phase of spindle elongation is followed by a second
slower rate [47].
Interestingly, changes in MT dynamics have been observed at the onset of anaphase B
in several systems using FRAP (Fluorescence Recovery after Photobleaching), photoactivation,
and FSM (fluorescence speckle microscopy) experiments that monitor fluorescent tubulin behavior.
These techniques reveal that spindle MTs display rapid turnover reflecting two types of polymer
dynamics coupled to GTP hydrolysis, namely; (i) dynamic instability, characterized by four parameters,
the growth rate, shrinkage rate, catastrophe frequency, and rescue frequency; and (ii) poleward flux in
which tubulin subunits polymerize at the MT plus ends facing the spindle equator and depolymerize
at the minus ends around the poles as the MT polymer lattice slides polewards [48–55]. However,
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in many systems at the onset of anaphase, spindle MTs display changes in the kinetics of fluorescence
recovery in FRAP experiments, reflecting changes in MT dynamics [33,56–59]. For example, in the
fission yeast, S. pombe, there is no detectable recovery of fluorescence after photobleaching during
anaphase B spindle elongation suggesting a dramatic decrease in MT dynamics [58]. In Drosophila
embryos, poleward flux within ipMTs stops at the onset of anaphase B [60,61] and ipMT plus ends
redistribute to the equator, making the ipMTs more stable [62].
Table 1. Rates and extent of spindle length changes during anaphase B.
Organism Rate of Spindle Elongation
Extent of Spindle Elongation
from Metaphase to Telophase
Reference(s)
Diatom
Live: 0.038 ± 0.005 μm/s ~2 μm [45]
Isolated: 0.015 ± 0.002 μm/s * 1.9 ± 0.17 μm [44]
Ustilago maydis Slow: 0.02 ± 0.003 μm/s ~0.5 μm [39]Fast: 0.09 ± 0.003 μm/s ~4.5 μm
Schizosaccharomyces pombe ~0.013 μm/s 7–10 μm [58]
Saccharomyces cerevisiae Fast: 0.018 ± 0.005 μm/s ~4 μm [47]Slow: ~0.006 μm/s 2–6 μm
Drosophila syncytial embryo 0.08 ± 0.015 μm/s 5 μm [61](cycle 12)
S2 cell 0.017 μm/s 5 μm [63]
C. elegans 0.107 ± 0.008 μm/s 8.33 ± 0.29 μm [64]
LLC-Pk1 epithelial cells 0.049 ± 0.017 μm/s 8.73 ± 2.4 μm [65]
* varies depending on assay conditions.
Another method for studying spindle MT behavior utilizes laser ablation experiments to sever
one or more MT bundles within the spindle, monitor how the spindle responds, and infer where forces
are generated [40,66–68]. For example, in C. elegans embryos, laser ablation of the spindle midzone
causes the poles to move rapidly toward the cell cortex, revealing that the midzone is dispensable
for anaphase B spindle elongation and instead acts as a brake [40] due to the braking action of
bipolar kinesin-5 motors [64], or the combined action of the MT bundling protein Ase1p/PRC1 and
kinesin-6 [69,70]. The role of this braking action is unclear but it may somehow contribute to the
fidelity of spindle elongation. In contrast, in the fission yeast spindle, laser dissection showed that
midzone pushing is necessary and sufficient for anaphase B spindle elongation [68,71].
3. Energetics of Anaphase B
How much force and energy are needed to drive anaphase B spindle elongation at the rates
typically observed? It is estimated that very little force, much less than a piconewton (pN), is required
to move spindle poles and chromosomes at the speeds observed against cytoplasmic viscous drag [72].
However, it is hard to make precise estimates because the viscosity of cytoplasm is difficult to measure
due to its anisotropy and heterogeneity, e.g., [73]. Such a low force value suggests that the free energy
released by the hydrolysis of far fewer than 100 ATP fuel molecules could support spindle pole
movement over a distance of 10 μm (ignoring imperfections in mechanochemical coupling efficiency
and ATP hydrolysis by coupled cell cycle regulatory kinase–phosphatase reactions), which is very
small compared to the 107 ATP s−1 expended by a “typical” cell (see [74] for rudimentary calculations).
On the other hand, famous experiments using calibrated microneedles revealed that insect spindles are
capable of exerting far greater forces than this on anaphase chromosomes, approaching a nanonewton
(0.7 nN) stall force [75]. The relative contribution of anaphase A and B to this force is unclear, although
similar experiments done in echinoderm eggs suggest that the stall force required to specifically inhibit
anaphase B spindle elongation is of a comparable magnitude [76]. Indeed, some researchers favor the
idea that the force for anaphase A chromosome-to-pole motility could be generated by the same ipMT
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sliding filament mechanism that elongates the anaphase B spindle via passive crosslinks between
the moving ipMTs and adjacent kMTs as discussed by [1]. Furthermore, the inhibition of bipolar
kinesin-5 motors sometimes leads to defects in anaphase A as well as anaphase B, suggesting that they
could participate in such a crosslinking mechanism [77]. Despite the anaphase spindle’s capability
for generating such a high stall force, it has a much lower specific power output than e.g., muscle or
motile cilia, plausibly reflecting its adaptation to precision rather than power [78].
Some of the most direct experiments on ATP expenditure by the spindle during anaphase B
have utilized in vitro cell models. For example, in permeabilized vertebrate cultured cells where
midzone pushing and cortical pulling may cooperate, anaphase B spindle elongation, unlike anaphase
A, requires ATP hydrolysis (half-maximal rate at ≈100–200 μM MgATP), whereas other nucleotides
such as GTP cannot substitute for ATP [79]. Isolated diatom central spindles supplied with ATP fuel
will elongate at a constant linear rate that is independent of tubulin polymerization which influences
the extent but not the speed of elongation [44]. At least a thousand-fold less force (≈1 fN) is needed to
elongate these spindles against viscous drag at the rates observed in vitro compared to in vivo because
pole motility is opposed only by water (an isotropic liquid), whose viscosity is much lower than that of
cytoplasm [44]. Consequently, the free energy of hydrolysis of a single ATP molecule can provide more
than enough energy, with the fuel very likely being used by some type of kinesin motor [36]. Given
the low ATP turnover involved, the suggestion that a striated muscle-type ATP-regenerating creatine
kinase/phosphocreatine/ADP system plays a significant direct role in anaphase B spindle elongation
may merit re-evaluation [80,81]. The reactivation of anaphase B in echinoderm eggs is different in that
it requires GTP but not ATP, and the presence of assembly-competent tubulin affects both the rate
and extent of elongation, suggesting a dominant role for MT polymerization [82]. Therefore potential
force generators for anaphase B in different systems include not only MT-based motors like kinesins
and dyneins, but also dynamic cytoskeletal filaments that can polymerize or depolymerize to exert
pushing and pulling forces, respectively, and midzonal MT-crosslinking MAPs, which have recently
been proposed to exert entropic expansion forces [83–85].
4. Structural Studies of the Anaphase B Spindle
Classic work using painstaking electron microscopy (EM) has elucidated the three-dimensional
organization and polarity patterns of MTs within the mitotic spindles of several cell types, providing
an important foundation for understanding the mechanism of anaphase B spindle elongation, as well
as other aspects of mitosis (Figure 3). For example, early serial section electron microscopic analysis
of human cultured cells during anaphase and telophase was consistent with the hypothesis that
ipMT bundles consist of two sets of MTs that emanate from opposite poleward regions and overlap
at the spindle midzone [27]. In some cases the polarity patterns of MTs within such ipMT bundles
have been directly determined using the method of hook decoration [86]; for example, in endosperm
cells of the plant Haemanthus that were fixed during anaphase, the two sets of opposite polarity
ipMTs were shown to be oriented with their minus and plus ends facing the spindle poles and the
midzone, respectively [24]. Although the number of ipMTs varies from less than 10 in budding
yeast to hundreds in diatoms and cultured cells, the same overall structural organization is thought
to apply to ipMT bundles within most spindles (Figure 1). This has been confirmed for budding
yeast [32], fission yeast [87,88], and diatom [26], for example, where the minus ends of the overlapping
ipMTs appear to physically interact with the spindle poles. The outward sliding of these ipMTs could
therefore directly exert compressive forces on the poles to push them apart, leading to anaphase B
spindle elongation. This structural organization further suggests that a plus end-directed antiparallel
ipMT-crosslinking motor located in the midzone, with a functional organization equivalent to a bipolar
myosin-II filament [89], could perform such a function e.g., see Figure 4b in [28]. The hypothesis that
motors associated with interdigitating antiparallel ipMTs at the anaphase B spindle midzone could
push apart the spindle poles in diatoms is supported by studies of the ATP-dependent reactivation of
the elongation of isolated central spindle preparations [35]. Like the anaphase spindles seen in intact
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diatom cells, by EM these isolates display a robust midzone of ≈600 overlapping ipMTs that slide
apart following ATP addition to drive pole–pole separation [34].
A somewhat different picture emerged from the detailed EM analysis of ipMT bundles during
anaphase in PtK1 cells [90]. These bundles are also organized into two sets of opposite polarity with
their plus ends overlapping at the midzone, but the minus ends of most of these ipMTs do not actually
reach the poles, suggesting that they cannot directly push on the poles to drive spindle elongation.
While it is possible that these ipMTs act indirectly, e.g., via an interaction between their minus ends
and kinetochore MTs whose minus ends do contact the poles, it is perhaps more plausible to think
that, in this system, the poles are pulled apart by a cortical pulling mechanism [90]. In this scenario
it is possible that bipolar MT crosslinking motors within the spindle midzone could serve as brakes
that restrict the rate of ipMT-MT sliding [64,65], thereby enhancing the fidelity and directionality of
pole–pole separation [1].
The use of EM to directly visualize the mitotic motors that are predicted to crosslink and slide
apart, or constrain the sliding apart, of antiparallel ipMTs in the spindle midzone has proven difficult
and has yielded less definitive information. MT-MT cross-bridges have been seen in EM images of
sectioned mitotic spindles but they are sometimes rather ill-defined, vary in average length from about
20 nm to about 60–65 nm, usually do not display an obvious regular axial spacing, and sometimes
appear to form a “matrix” [25,26,32,37,87,91]. It is plausible to think that these cross-bridges could
comprise non-motor MAPs such as Ase1p (aka PRC1), or mitotic motors such as the bipolar kinesin-5
(discussed in the next section). Consistent with the latter idea, for example, light microscopy of both
living and fixed Drosophila embryo anaphase spindles suggests that kinesin-5 localizes along the
entire length of ipMT bundles where it co-localizes via competitive binding with Ase1p at the spindle
midzone (Figure 4) [37,92,93]. In this system, serial section EM is consistent with the basic conclusion
of the earlier pioneer work [27] in suggesting that each of the anaphase B spindle’s nine ipMT bundles
contains about 30–40 MTs per half-spindle that are parallel near the poles and overlap in an antiparallel
orientation for ≈2–3 μm at the midzone [37]. By immuno-EM, Au-coupled anti-kinesin-5 clearly
decorated MTs all along these bundles and was sometimes seen to be associated with 60–65 nm long
cross-bridges between adjacent MTs [37], a length similar to the 57–61 nm length of the purified
Drosophila kinesin-5 rod [28,94]. While these results are consistent with the idea that kinesin-5 could
form at least some of the cross-bridges seen in EM sections of ipMT bundles, they do not prove
it and more definitive and comprehensive information concerning the identity and architecture of
these structures would be useful, especially given the complex molecular composition of the spindle
midzone [95,96]. This important, challenging problem merits further work.
Figure 4. Anaphase B spindle in a Drosophila embryo. The upper drawing of the anaphase B spindle
has a pole–pole axis corresponding with that of the drawing below showing the relative distribution of
kinesin-5 motors, Ase1p crosslinkers, and the plus end binding protein Eb1 along the spindle (adapted
from [93]).
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5. Conserved Biochemical Modules Involved in Anaphase B
Current evidence suggests that a handful of conserved biochemical “modules” are deployed
to different extents in a combinatorial fashion in distinct cell types to accomplish the elongation of
the anaphase B spindle, including outward sliding of antiparallel ipMTs to push apart spindle poles,
restriction of ipMT sliding by midzonal crosslinkers, growth of ipMT plus ends by MT polymerization,
cortical forces that pull the spindle poles outwards and the use of poleward MT flux as a regulatory
switch (Figure 5).
Figure 5. Anaphase B modules. The five biochemical modules depicted in Figure 2 (modules i–v) that
are deployed to various extents in different systems are shown in more detail.
5.1. (Module i) Midzone Pushing: Pole–Pole Separation by Outward Sliding of Antiparallel ipMTs
Much of the work described in section 10.4 supports the idea that plus-end-directed bipolar
mitotic motors could act at the spindle midzone to slide apart overlapping ipMTs and generate
pushing forces to separate the anaphase B spindle poles. This model is especially appealing in the case
of the diatom central spindle [26,35], where it was further supported by observations that the laser
microbeam-induced destruction of ipMTs at the presumptive site of force generation in the spindle
midzone, but not around the poles, inhibited spindle elongation [67]. Similar results supporting
an ipMT pushing mechanism have been obtained using laser microsurgery of elongating fission
yeast spindles [68,71]. In living, cultured PtK1 cells, the dynamics of anaphase B spindles containing
fluorescent tubulin and marked by photobleaching was studied using light microscopy, leading to
proposals that the sliding apart of ipMTs by a force generated at the zone of interdigitation at the
midzone could contribute to spindle elongation [33] (although subsequent EM of these spindles yielded
the caveats noted above; [90]). Circumstantial evidence in support of a bipolar kinesin-5-mediated
midzonal ipMT-MT sliding model was obtained in Drosophila embryos where the spindle poles
separate during anaphase B at a linear rate of ~0.1 μm/s, which, as expected, is almost exactly twice
the rate at which tubulin speckles flux towards the opposite poles along ipMTs (0.05 μm/s) during
pre-anaphase B and twice the speed at which purified fly embryo kinesin-5 moves MTs in motility
assays (0.05 μm/s) [31,77]. We discuss the properties of the presumptive motors in more detail below.
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5.2. (Module ii) Midzone Braking
MT-MT crosslinking MAPS and motors on the spindle midzone can also serve as brakes that
restrict the rate and extent of pole–pole separation driven by antagonistic force generators e.g., cortical
pulling motors [64,65,96–99].
5.3. (Module iii) Cortical Pulling Apart of the Anaphase B Spindle Poles
One interpretation of the EM work cited above, showing that the minus ends of ipMT bundles
in PtK1 cells do not appear to reach the spindle poles [90], is that a mechanism other than ipMT
mediated pushing forces could operate to separate the spindle poles in some cells, for example a force
generator that acts at the cell cortex to exert pulling forces on the asters to pull apart the associated
spindle poles [38]. Indeed, a significant body of evidence supports the existence of such external
pulling forces that pull on the spindle poles to control pole–pole spacing and even to position the
entire spindle [40,100,101]. Candidates for such force generators include cortically-anchored dynein or
astral MT depolymerization, with kinesin-5 acting either as a supplementary pole-separating force
generator or as a counteracting brake [39,64,102]. We assume here that direct contacts between aMTs
and the cell cortex are required to exert pulling forces on the spindle poles [103] but it should be noted
that cytoplasmic force generators may also somehow be able to pull asters outward in the absence of
cortices e.g., [104].
5.4. (Module iv) ipMT Plus End Dynamics and Net Polymerization
MT polymer dynamics, characterized by dynamic instability and poleward MT flux, obviously
play critical roles throughout mitosis [48,49]. For example, during anaphase B in some systems,
overlapping ipMTs at the spindle midzone grow by polymerization of their plus ends as they slide
apart. This was a conclusion of the clever photo-bleaching experiments done on elongating anaphase B
spindles in PtK1 cells by Saxton and McIntosh [33], in which tubulin subunits were observed to
add on to the plus ends of the outwardly sliding ipMTs. Further support for this idea was obtained
using isolated diatom spindles that, when supplied with ATP fuel in the absence of free tubulin
subunits, will elongate to an extent that is limited by the size of the original overlap zone [34,35].
However, when tubulin subunits are added to these preparations, the subunits polymerize onto
the plus ends of pre-existing ipMTs causing the length of the initial overlap zone and the extent
of subsequent ATP-induced spindle elongation to increase by a corresponding amount [105,106].
Thus the polymerization–depolymerization of ipMT plus end at the spindle midzone appears to play
an important role in determining the extent of sliding apart of antiparallel ipMTs at the midzone
and, in turn, the extent of anaphase B spindle elongation. In Drosophila embryo spindles, a spatial
gradient of MT catastrophe frequencies (decreasing towards the equator) is established at the onset of
anaphase B, causing ipMTs to polymerize at their plus ends and grow at the equator to invade the
midzone [62]. A complementary mechanism occurs during early anaphase in cultured human cells,
where augmin/γ-TuRC nucleates the branching polymerization of ipMT plus ends on pre-existing
spindle MTs [107]. In both cases the growing ipMTs can then be crosslinked by MAPs and motors
around the equator to produce a more robust anaphase spindle midzone, but the significance of this
for the dynamics of spindle elongation remains to be determined.
A variant of the coupling of ipMT plus end polymerization to ipMT sliding occurs in some
prokaryotes where polymerization generates compressive forces that directly push apart the poles.
Bacterial cells are generally thought to lack filament-sliding motors analogous to kinesins, dyneins,
and myosins, and in the R1 plasmid segregation system discussed in Section 6.3, for example,
the bidirectional polymerization of antiparallel cytoskeletal filament bundles can directly generate
forces that drive spindle elongation [10]. Interestingly, recent work suggests that an analogous pushing
mechanism based on midzonal ipMT plus end polymerization may contribute, in a redundant fashion,
to spindle elongation and chromosome segregation in C. elegans embryos [108,109].
275
Biology 2016, 5, 51
Another biochemical mechanism based on ipMT plus ends dynamics, named “slide-and-cluster”
has been proposed to control spindle length in Xenopus extract spindles [110]. Here, antiparallel
MTs nucleated on chromatin that grow by plus-end polymerization, are slid apart, minus-end
leading, by kinesin-5 motors, with further poleward transport of the MTs being facilitated by
minus-end-directed motors that move them along pre-existing MT tracks. The dynamics of the sliding
MT plus ends determines their lifetime since they can disappear via catastrophic depolymerization
so that spindle length depends on both the lifetime and the rate of poleward MT transport of these
spindle MTs. Whether this module contributes to anaphase B, something that is difficult to test in
extracts, is discussed later (see theoretical models).
5.5. (Module v) ipMT Minus End Depolymerization: Poleward Flux as a Regulatory Switch for Anaphase B
It has long been recognized that the flux of tubulin towards the spindle poles is a striking
feature of many mitotic spindles [50,53]. While most attention has focused on its role in anaphase A
chromosome-to-pole motility, it may also play a critical regulatory role in chromosome segregation
by turning on and off anaphase B spindle elongation, at least in some systems. In Drosophila embryo
mitotic spindles, for example, there is evidence that the suppression of poleward tubulin flux within
ipMT bundles due to the inhibition of ipMT minus end depolymerization can initiate and control the
rate of anaphase B spindle elongation [60,77], but whether this is a system-specific or broadly utilized
mechanism remains to be established.
5.6. Combination of Modules and the Force Balance Concept
Spindles in different cell-types utilize different combinations of antagonist or complementary
modules to produce or modulate the force that drives anaphase B spindle elongation. For example,
the net polymerization of ipMT plus end polymerization (module iv) can complement midzone
pushing (module i) to enhance the extent of spindle elongation [105] whereas midzone braking
(module ii) can antagonize cortical pulling (module iii) to slow down the rate of spindle elongation [64].
Importantly, anaphase B can be controlled by antagonistic modules that create a force balance of the
type initially proposed by Ostergren to control metaphase chromosome position [111,112], as reviewed
in Chapter 4. A good example of this was mentioned in the previous paragraph. The combination
of midzone pushing (module i) and ipMT depolymerization (module v) during pre-anaphase B
produces a force balance in which ipMTs undergo poleward flux and the spindle is maintained at
a constant steady state length. When this force balance is tipped at anaphase B onset by the inhibition
of ipMT minus end depolymerization at spindle poles, the opposing forces become unbalanced,
allowing midzone pushing to exert net outward force on the spindle poles to elongate the anaphase B
spindle [60,61,113].
6. Properties and Functions of the Molecular Nuts and Bolts of the Anaphase B Machinery
The anaphase B spindle is thought to comprise fairly “typical”, structurally polar MTs that are
assembled from αβ-tubulin dimers in a head-to-tail fashion with the β subunits facing the MT plus
ends and that display both dynamic instability and poleward flux [48–50,114]. A full understanding of
the mechanism of anaphase B requires an elucidation of the functions and mechanism of action of all
the molecules that interact with these MTs, but in many cases this is difficult because the functional
perturbation of key molecules can also interfere with earlier phases of mitosis, thereby obscuring
later roles in anaphase B. This is compounded by the well-known existence of functional redundancy
between different mitotic mechanisms [115], combined with the fact that many key molecules localize
to multiple sites in the spindle e.g., to the kinetochore, midzone, and cortex, making their site of action
in anaphase B difficult to discern.
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6.1. Molecules of the Central Spindle
6.1.1. Antiparallel ipMT-Crosslinking MAPs of the Ase1p Family
The anaphase B-specific functions of homodimeric MT-MT crosslinking MAPs of the Ase1p family
(i.e., anaphase spindle elongating protein 1; aka PRC1, MAP65, Feo) are unusually obvious because
these MAPs only localize to the spindle midzone following metaphase and their function is required
for anaphase B spindle elongation [116,117]. Three properties of Ase1p MAPs underlie their critical
role in organizing the midzone and facilitating anaphase B spindle elongation. First, Ase1p dimers
preferentially crosslink ipMTs into antiparallel orientations where they oligomerize to form a “matrix”
between pairs of bundled MTs [84,117,118]. This matrix may correspond to the “osmiophilic matrix”
seen in EMs of stained diatom spindles [26] (reviewed in [96]). This bundling of MTs by Ase1p may be
facilitated by its structure—it has been proposed that Ase1p is a flexible molecule in solution, which
adopts a more rigid conformation only when bundling antiparallel MTs [119]. Second, the resulting
Ase1p complex can serve as a key “regulatory hub” for controlling the cell-cycle-dependent localization
of various motors and other proteins to the midzone in a system-specific fashion (reviewed in [17]).
For example, at anaphase onset in budding yeast, the cell-cycle-regulated de-phosphorylation of Ase1p
allows it to recruit kinesin-5 sliding motors to the midzone to drive spindle elongation [120] whereas
in Drosophila embryos the Ase1p family member, Feo, partially restricts the association of kinesin-5
sliding motors to the anaphase B spindle midzone (Figure 4) [93]. In the latter system, the dissociation
of Ase1p from the midzone permits more kinesin-5 to bind in its place, but anaphase B spindle
elongation is then impaired, suggesting that the Ase1p-mediated spindle midzone organization
is required to facilitate the kinesin-5-mediated ipMT sliding filament mechanism that underlies
anaphase B [93]. In light of these results, it is tempting to speculate that the kinesin-anchoring midzone
matrix associated with anaphase B in Diatoms may comprise Ase1p [121]. Finally, striking new work
suggests that diffusible Ase1p crosslinkers can also directly generate forces for ipMT-MT sliding via
an ATP hydrolysis-independent entropic expansion mechanism that could, for example, control the
length of the antiparallel overlaps at the midzone during anaphase B spindle elongation [85,122].
In the context of midzone organization by an Ase1p “matrix,” it is worth noting that the role
of a spindle matrix distinct from MT, MAPs and MT-based motors but capable of augmenting the
activities of these well-characterized spindle components during mitosis continues to draw attention
e.g., [123]. However, apart from the aforementioned work on Ase1p, we are not aware of any evidence
that such an entity operates during anaphase B spindle elongation. For example, in Drosophila embryos,
a lamin B spindle envelope that has been proposed to form a matrix that augments the activities of
mitotic motors during earlier phases of mitosis is disassembled prior to anaphase B onset [124].
6.1.2. MT Crosslinking and Sliding Motors; Kinesin-5 Plus Kinesins-4, -6, -8, and -12
Once ipMTs have been organized into an ordered array of antiparallel bundles at the
midzone by Ase1p crosslinkers, they can be slid apart by various combinations of ipMT-MT
crosslinking and sliding motors, most notably kinesin-5. Purified kinesin-5 motors display a bipolar,
homotetrameric ultrastructure consisting of pairs of motor domains at opposite ends of a central
60 nm long rod [28,31,94]. A novel four-helix bundle called the “BASS” (or Bipolar ASSembly)
domain, comprising a pair of intertwined antiparallel coiled-coil dimers stabilized by patches of
hydrophobic and charged residues, directs the assembly of four motor subunits into these bipolar
tetrameric minifilaments [94,125], whose four motor domains can move slowly and moderately
processively towards the plus ends of MTs against substantial opposing forces [126–128]. This unique
homotetrameric architecture is essential for kinesin-5 function during mitosis [129] plausibly because
it allows kinesin-5 motors to dynamically interact with spindle MTs via a reaction-diffusion
mechanism [92], preferentially binding MTs in the antiparallel orientation [130], and driving
or constraining their sliding apart throughout mitosis by a sliding filament mechanism [30,98].
Kinesin-5 was discovered based on its essential role in early bipolar mitotic spindle assembly or
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maintenance [126,131] but subsequent work in several systems also supports a role in driving outward
ipMT sliding and spindle elongation during anaphase B [77,132–135]. In some cases, however, kinesin-5
appears to serve as a brake that restricts spindle elongation [64,65,97,99]. Cutting-edge optical trap
motility assays provide mechanistic insights into how bipolar kinesin-5 motors can switch between
the generation of both outward sliding and inward braking forces on crosslinked MTs [98]. It should
also be noted that budding and fission yeast kinesin-5 motors are capable of reversing their polarity of
MT-based motility [136–138], but whether this is significant for the mechanism of anaphase B is, to our
knowledge, unknown.
Members of the kinesin-4, -6, -8, and -12 families of plus-end-directed motors could also contribute
to ipMT-MT crosslinking and sliding during anaphase B. For example, the kinesin-4 KLP3A organizes
midzonal ipMT bundles in fly spindles and somehow couples the downregulation of poleward
flux to the onset of spindle elongation at anaphase [60,139]. Kinesins-6 and -8 have been reported
to mediate antiparallel MT-MT sliding based on in vitro assays [140,141] and they could therefore
augment or replace the function of kinesin-5 in driving anaphase B spindle elongation. Kinesin-8
is best known as a MT-translocating, length-dependent MT depolymerase [142], which influences
spindle assembly and length control throughout mitosis. In budding yeast, for example, a complex
interplay between its MT-depolymerizing and MT-MT sliding activity appears to contribute to both
spindle elongation and disassembly during anaphase B [141,143]. Kinesin-6 dimers, on the other
hand, often co-assemble with two subunits of a G-protein cofactor, containing a GTPase-activating
domain for Rho-family GTPases (RhoGAP domain), which, in contrast to the prevailing view [144] was
recently reported to be dispensable for MT-MT bundling but is required for MT motor activity [145].
The resulting heterotetrameric complex is usually thought to organize the anaphase spindle midzone
to control normal cleavage furrow assembly and cytokinesis [95,146]. In fission yeast, however,
kinesin-6 is proposed to form homotetramers, based on chemical crosslinking, that bind Ase1p
in a phosphorylation-dependent manner to form a complex that interacts with and slides apart
antiparallel ipMTs at the midzone to drive anaphase B spindle elongation [147]. Finally vertebrate
kinesin-12 can crosslink and slide adjacent MTs in vitro [148] and is a candidate motor driving spindle
elongation during C. elegans meiosis [149] but it preferentially crosslinks MTs into the parallel rather
than antiparallel orientation and, although it substitutes for kinesin-5 function during spindle assembly,
to our knowledge, a role in anaphase B has not been reported.
It is perhaps worth emphasizing that many MT crosslinking kinesin motors that organize and
control the length of the spindle midzone also play key roles in organizing the cleavage furrow for
cytokinesis (although the specific roles of some of them in anaphase B spindle elongation e.g., kinesin-4
recruited to the midzone by Ase1p/PRC1 [150–153] requires clarification). The role of midzonal
kinesins in cytokinesis, which is not a focus of the current manuscript, has been well covered in
a recent review [146].
6.1.3. Molecules Controlling MT Plus end Dynamics
A complex network of MT plus end tracking proteins (+TIPs) probably plays important roles in
controlling ipMT plus end dynamics at the spindle midzone during anaphase B, but this is a topic
that requires further work. +TIPs that enhance MT plus end polymerization include autonomous MT
binding proteins such as the master regulator, EB (end binding) protein, and Tog-domain XMAP215
proteins, along with the “hitchhikers” that they recruit to MT plus ends such as CLASP, another Tog
protein, whereas proteins such as kinesin-13 and kinesin-8 antagonize these proteins by depolymerizing
MT plus ends [114]. Impressive biochemical reconstitution experiments are being used to study these
complexes [154] and evidence supporting their possible role in anaphase B emerges from observations
that in C. elegans zygotes and mammalian cells, for example, CLASPs localize to the anaphase
spindle midzone where they may promote ipMT polymerization during spindle elongation [155,156].
Moreover, based on the effects of CLASPs on kMT dynamics in Drosophila cells, it is plausible to
think that +TIPs could promote ipMT plus end polymerization to contribute to poleward flux during
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pre-anaphase B when the spindle maintains a constant steady state length, as well as to anaphase B
spindle elongation [157], but this requires testing. Also requiring further functional analysis are the
results of in vitro assays which suggest that bipolar kinesin-5 motors not only slide apart ipMTs at the
midzone but may also contribute to +TIP activity by stimulating the polymerization of ipMT plus ends
at the midzone [158]. In Drosophila embryos, the transition from poleward flux to spindle elongation
is accompanied by the rapid formation of a spatial gradient of MT plus end catastrophe events,
decreasing in the anti-poleward direction, which causes ipMT plus ends to grow towards the equator
and augment the midzone where outward ipMT-MT sliding forces are generated [62]. In human
cells the augmin/γ-TuRC complex nucleates the branching polymerization of MTs to promote robust
central spindle assembly [107].
Another possible mechanism for assembling MT plus ends at the midzone may merit investigation.
The anterograde heterotrimeric kinesin-2 motor [159] is understood to deliver tubulin subunits to
the MT plus ends of growing ciliary axonemes [160], but it has also been localized to the midzone
of anaphase sea urchin embryos, where its role is unknown [161]. It is tempting to speculate that
kinesin-2 may also deliver tubulins for assembly at the plus ends of overlapping ipMTs in the anaphase
spindle midzone, but this idea has not, to our knowledge, been tested so far.
6.1.4. Molecules Controlling ipMT Minus End Dynamics
A topic that merits further work is how ipMT minus end dynamics contribute to anaphase B,
especially at the poles, where compressive forces are exerted [114]. One well-established minus-end
regulator, γ-TuRC is understood to nucleate MT polymerization at centrosomes, but it can also bind MT
minus ends throughout the spindle whereupon a slide-and-cluster mechanism (which could contribute
to anaphase B spindle elongation—see theoretical models) transports the MTs to the poles [162].
There is better evidence that minus-end-targeting −TIPs such as CAMSAPs and Patronin [114] play
important roles in anaphase B, at least in some systems. These proteins stabilize MT minus ends against
the depolymerizing activity of kinesin-13 [163–165] and in Drosophila embryos, the Patronin-mediated
inhibition of kinesin-13-dependent ipMT minus end depolymerization at the poles occurs in response
to cyclin B degradation [113,166]. This induces a switch from poleward flux to anaphase B spindle
elongation by allowing outwardly sliding ipMTs to push apart the spindle poles, but whether this
switch is used elsewhere is unknown.
6.1.5. Chromosomal Proteins Required for Anaphase B Spindle Elongation
An important and sizeable set of proteins known as chromosomal passenger proteins translocate
from the chromosomes to the spindle midzone at anaphase onset and are understood to perform key
roles in coordinating progress through anaphase B, for example by stabilizing the spindle midzone
and recruiting proteins required for telophase, cytokinesis and mitotic exit [167]. In C. elegans embryos,
it was recently reported that a subset of kinetochore proteins is required for spindle midzone assembly
and normal anaphase B spindle elongation [156]. Sorting out the precise relationships between these
chromosomal proteins and anaphase B is a cutting-edge problem in mitosis research.
6.2. Molecules of the Cortical Pulling Machinery
6.2.1. Attachment of MT Plus Ends to the Cortex
The cortical pulling mechanism (Figures 2 and 5 (iii)) requires that astral MT plus ends interact
with the cell cortex, and this is again mediated by the +TIP network, which includes MT-depolymerases
e.g., kinesin-13, MT polymerases, e.g., CLASPs, and motors, most notably dynein-dynactin, some of
which interact directly with the lipid bilayer but usually bind via membrane-associated adaptors or
via the cortical actin cytoskeleton [114].
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6.2.2. Cortical Force Generators
The spindle poles can potentially be pulled apart by; (a) a polymer ratchet mechanism in which
the plus ends of astral MTs linked to the cell cortex depolymerize to pull the poles outward [49,102];
and (b) a motor-dependent mechanism in which dynein anchored at the cell cortex walks towards
the minus ends of astral MTs to pull the poles outward [168,169]. For example, observations and
simulations of astral MT depolymerization following contact of their plus ends with the C. elegans
embryo cortex suggest that cortical adaptors may couple aMT disassembly to the generation of forces
for pulling apart the poles [103]. Moreover, single-molecule TIRF microscopy in fission yeast cells has
allowed the direct visualization of dynein dynamics as it diffuses in the cytoplasm, attaches to an aMT,
undergoes 1-D diffusion along the aMT to reach the plus end, whereupon it “off-loads” and binds to
the cell cortex [170]. Once anchored at the cell cortex, dynein may pull the spindle poles outward in
two ways, first by using ATP hydrolysis to walk towards the minus ends of the aMT [168] and second,
based on clever in vitro experiments, by inducing the catastrophic depolymerization of captured aMTs
to generate pulling forces on the spindle poles [171]. The resulting pulling forces may then participate
in many aspects of mitosis and mitotic spindle positioning e.g., [172,173] including anaphase B spindle
elongation [38,39].
6.3. Molecules Involved in Prokaryotic Anaphase B
Understanding of prokaryotic DNA segregation by the bacterial cytoskeletal machinery has
advanced enormously in the past two decades. It is now thought that, in different bacteria, at least
three types of dynamic polymer can mediate this process. These polymers are assembled from the
actin-like protein ParM, the ATPase ParA, or the tubulin-like protein, TubZ [174]. Of these, ParM
filaments appear to segregate R1 plasmids in E. Coli by an antiparallel array of filaments that resembles
the overlapping MTs of the spindle midzone that participate in eukaryotic anaphase B [10]. Briefly,
bundles of ParM filaments use ATP hydrolysis to undergo dynamic instability, allowing them to
search and capture the centromeres (parC) of “sister” plasmids harboring bound ParR adaptor protein,
and to push the captured plasmids to opposite ends of the bacterial cell before depolymerizing again.
Although the left-handed parallel two-stranded ParM filament is structurally polar, the two ends
elongate at equivalent rates, and adjacent filaments display at least a 5:1 preference for pairing in the
antiparallel orientation in vitro [175]. A striking reconstitution of the R1 plasmid segregation system
has been accomplished, in which ParM filaments polymerize bidirectionally to push apart ParR/parC
coated beads [176].
7. Cell Cycle Control of Anaphase B
The cell cycle control of anaphase B spindle elongation has been reviewed recently by [17]
and subsequent work suggests that this is likely to be complex [177]. Briefly, it is understood that
anaphase onset occurs following the dephosphorylation of cyclin dependent kinase (cdk1) substrates
leading to inactivation of the spindle assembly checkpoint (the SAC, as reviewed in chapter 5,
which ensures proper metaphase chromosome alignment) and the loss of cohesion between sister
chromatids that can then separate and move poleward [178,179]. In animal cells, the sequential
ubiquitin-dependent proteolytic degradation of distinct mitotic cyclins is required for progression
through mitosis, with cyclin A degradation allowing progression through metaphase and cyclin B
degradation, which occurs immediately after the SAC is satisfied, being necessary for anaphase B [179].
A third cyclin B3 has been found in Drosophila whose destruction follows that of cyclin B to promote
anaphase B spindle elongation [180,181].
In many organisms, anaphase A and B start simultaneously after chromatids disjoin, i.e., kMT
shortening moves chromosomes poleward and the spindle elongates at the same time. In Drosophila
embryos, however, there is a distinct transition between anaphase A and anaphase B which is regulated
by cyclin B degradation [62]. In this system the patronin-dependent downregulation of poleward flux is
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proposed to function as a regulator of the onset and the rate of anaphase B [60–62,113]. As emphasized
by [17], the MT bundler Ase1p serves as a regulatory hub for anaphase B in many model organisms.
Ase1p accumulates at the anaphase spindle midzone in a phosphorylation- and motor-dependent
manner, where it not only controls midzone organization via MT-MT crosslinking but also recruits
other key anaphase B proteins. For example, in yeast and Drosophila embryos, Ase1p mediates the
recruitment of several ipMT sliding motors and this activity is required for proper spindle midzone
organization and elongation during anaphase B [93,120,147].
Thus, the regulation of anaphase B spindle elongation is complex. It occurs at several
levels and involves ubiquitin-dependent proteolytic degradation, cdk and phosphatase-dependent
phosphorylation-dephosphorylation cycles, the key midzone regulatory MAP, Ase1p, as well as the
midzonal motors which localize key molecules to the midzone, and whose localization is, in turn,
dependent on the regulatory molecules that they localize. In addition, at least in some systems, the up-
and downregulation of poleward flux plays important regulatory roles associated with anaphase B.
Moreover, exciting recent work indicates that the control of anaphase B involves the dynamic
cooperation and antagonism between functionally interdependent kinases, phosphatases, MAPs
and motors capable of producing spatially-controlled feedback loops that coordinate the dynamic
turnover of phosphorylation sites to orchestrate spindle midzone assembly and elongation [177,182].
A similar dynamic complexity is likely to control the operation of the cortical pulling machinery
involved in anaphase B as well.
8. Anaphase B in Model Systems
Here we briefly survey how the aforementioned modules and molecules are deployed and
combined in a few model organisms to mediate anaphase B (Figure 6 and Table 1). It is likely that the
study of “non-mainstream” organisms could further uncover different, more exotic mechanisms of
anaphase B spindle elongation [183].
Figure 6. Anaphase B spindle design in different systems. The simplified drawings depict spindles from
(a) diatoms; (b) budding yeast; (c) the rust fungus Ustilago; (d) early C. elegans embryos; (e) Drosophila
syncytial embryos; (f) vertebrate cultured cells; and (g) bacterial cells. Not drawn to scale.
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8.1. Diatoms
The diatom mitotic spindle (Figure 6a) has been a key model system for understanding the
mechanism of anaphase B spindle elongation. It is unusual in having an almost paracrystalline array
of hundreds of ipMTs that overlap to form the central spindle which links the spindle poles, and is
spatially separated from the kMTs. The hypothesis that the central spindle uses an antiparallel ipMT
sliding filament mechanism, coupled to ipMT plus end polymerization, to push apart the spindle
poles has gained very strong support from seminal work involving detailed electron microscopy [26],
live cell functional perturbation [67] combined with the in vitro reactivation of spindle elongation in
isolated central spindles [35]; reviewed by [16]. The observation that pan-kinesin peptide antibodies
inhibit spindle elongation in vitro suggests that one of the aforementioned MT-MT sliding kinesins
uses ATP hydrolysis to drive ipMT-MT outward sliding in this system [36].
8.2. Fungi
8.2.1. Yeast
Anaphase B spindle elongation represents the major mechanism underlying chromosome
segregation in S. cerevisiae and S. pombe with anaphase A contributing relatively little [58,132]. Budding
yeast (Figure 6b) is unusual in possessing two members of the kinesin-5 family that cooperate to
slide apart antiparallel ipMTs to push apart the spindle pole bodies, with one driving an early rapid
phase of spindle elongation and the second driving a slower late phase [32,132]. Ase1p and kinesin-8
also play significant roles in this sliding filament mechanism [117,141], while cytoplasmic aMTs are
dispensable for anaphase B [184] and mainly contribute to pulling the spindle/nucleus into the bud
neck [185]. Similarly, a cortical pulling mechanism plays very little role in fission yeast anaphase B,
which depends virtually exclusively on a midzonal ipMT-MT pushing mechanism [68,71,87], although
in this case mediated predominantly by kinesin-6-driven MT-MT sliding, with forces generated by
kinesin-5 playing at most a minor role [147]. In both types of yeast, poleward MT flux is thought not to
occur and therefore does not contribute to the regulation of anaphase B.
8.2.2. Filamentous and Smut Fungi
Mitosis has been less extensively studied in other divisions of fungi, yet the studies that have been
done provide some of the clearest available evidence so far for a cortical pulling mechanism for spindle
elongation. For example, laser microbeam studies of living cells of filamentous fungi suggest that
outward pulling forces acting on aMTs drive pole–pole separation during anaphase B, with the central
spindle serving to constrain the rate of spindle elongation [38]. Subsequently, laser microsurgery and
genetic analysis done on the smut fungus, Ustilago maydis (Figure 6c), supports the hypothesis that
such outward pulling forces are generated by cortical dynein, which drives fast spindle elongation,
with kinesin-5 on the midzone driving an initial slow phase of anaphase B [39].
8.3. Plants
The mechanism of mitosis in plant cells has long been a topic of great interest [186]. Many plant
spindles lack centrosomes (or other discrete MT organizing centers) and aMTs at their poles but,
based on EM studies of Haemanthus, they are thought to have “conventional” ipMT bundles
constructed from two sets of opposite polarity ipMTs that interdigitate at the midzone and appear
to slide apart during anaphase B [24]. Live cell imaging of mitosis in cultured tobacco cells suggests
that the spindle elongates, possibly by an ipMT-MT pushing force from about 15 to 20 μm during
anaphase B, contributing ≈40% of the final chromosome separation distance [187]. Plant genomes
appear to contain large numbers of kinesin and Ase1p family members that could cooperate to drive
such a midzonal sliding filament mechanism, e.g., the Arabidopsis genome encodes nine Ase1p MAPs
and 61 kinesins, some of which localize to the anaphase spindle midzone, and much effort is aimed
at determining their largely unknown functions [188,189]. For example, using fluorescent reporter
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tagging and live cell imaging in moss, it was found that 43 of 72 kinesins localize to the mitotic spindle
and of these almost 30 localized to the antiparallel MT bundles of the anaphase spindle midzone
and/or phragmoplast [190] Dissecting the precise functions of these motors, including any roles in
anaphase B spindle elongation, represents a daunting yet exciting challenge for plant cell biologists.
8.4. Animals
8.4.1. Caenorhabditis Elegans
Cortical pulling forces acting on astral MTs represent the major mechanism for exerting
outward-directed forces on the spindle poles in C. elegans embryos (Figure 6d). These forces,
which have been characterized using elegant biophysical experiments [40,100], are thought to
underlie both anaphase B spindle elongation and spindle positioning leading to developmentally
important asymmetric cell divisions [191,192]. These pulling forces are very plausibly generated
by a combination of aMT depolymerization and dynein motors that walk towards the minus ends
of aMTs [103,171,191,193], with kinesin-5 at the spindle midzone serving as an antagonistic brake
that constrains the rate of pole–pole separation [64]. Interestingly, recent work suggests that a direct
interaction between the MT crosslinkers, kinesin-6, and Ase1p/PRC1, could augment the action of
kinesin-5 by reinforcing the mechanical resilience of the central spindle to facilitate the dual functions
of the midzone during anaphase B and cytokinesis [70]. It is also intriguing that, while cortical
pulling represents the dominant mechanism driving spindle elongation in this system, centrosome
ablation experiments have revealed the existence of a normally cryptic, redundant mechanism in
which ipMT plus end polymerization at the spindle midzone generates an outward force that drives
spindle elongation and chromosome segregation during anaphase [108].
Underscoring the diversity of anaphase B mechanisms operating, even within different cells of the
same organism, a novel spindle elongation-dependent chromosome segregation mechanism has been
found in female meiotic spindles. First, during metaphase, the spindle poles move inward and attach
to paired chromosomes; then, during anaphase, the poles are separated carrying the attached homologs
with them [109,149]. Since these spindles are anastral, cortical pulling is unlikely, and the authors
propose that a motor-driven midzone pushing mechanism drives pole–pole separation, independent
of both dynein and kinesin-5 function, but requiring ipMT polymerization. Candidate force generators
include one of the aforementioned MT-MT sliding kinesins, a Par-M-type polymerization mechanism
and/or an Ase1p-dependent entropic expansion mechanism.
8.4.2. Drosophila
Anaphase B spindle elongation in Drosophila embryos (Figures 4 and 6e) during cycles 10–13 is
thought to depend on a persistent kinesin-5-generated interpolar (ip) microtubule (MT) sliding filament
mechanism that “engages” to push apart the spindle poles when poleward flux is turned off [15,60,61].
Based on serial section EM, the spindle poles are linked by “conventional” ipMT bundles whose MTs
are crosslinked into a mechanical continuum, possibly by augmin [37,60,194]. Thus, pre-anaphase B
spindles are characterized by a force balance in which the outward, kinesin-5-driven sliding of these
ipMT bundles is balanced by the kinesin-13-catalyzed depolymerization of their minus ends when
they reach the poles, producing poleward flux and maintaining the spindle at a steady length [77,166].
Following cyclin B degradation to initiate anaphase B [180], however, the MT minus-end capping
protein, Patronin [163] counteracts kinesin-13 activity at spindle poles to turn off ipMT minus end
depolymerization so that poleward flux ceases and the outwardly sliding ipMTs can then elongate
the spindle [113]. At the same time, ipMTs display net growth and recruit MT-MT crosslinkers to
build a more robust midzone where ipMT-MT sliding forces are generated [62]. Notable among these
is Ase1p (aka Feo), which is required for normal spindle elongation as it controls the organization,
stability, and motor composition of the midzone, thereby facilitating the kinesin-5-driven sliding
filament mechanism underlying proper spindle elongation and chromosome segregation [93].
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Here again diversity is found. For example, in cultured S2 cells, the basic mechanism involving
an inverse correlation between poleward flux and spindle elongation is observed, but quantitative
differences exist, for example flux is only partially turned off at anaphase B onset leading to more
variance in rates of spindle elongation [63]. Moreover, mitotic spindles in extracts prepared from
embryos during cycles 6–7 lack cortices but appear to utilize cytoplasmic astral pulling forces during
anaphase spindle elongation [104]. The significance of these differences is unclear.
8.4.3. Vertebrates
The observation using EM that the minus ends of ipMT bundles in vertebrate-cultured cells do
not reach the poles suggests that they do not directly push the poles apart [90], even though ipMTs
slide apart and polymerize at the midzone as the anaphase B spindle elongates [33], plausibly assisted
by the augmin-/γ-TuRC-dependent branching polymerization of ipMT plus ends [107] (Figure 6f).
Various studies support the idea that forces exerted at the cortex, presumably by dynein and/or aMT
depolymerization, pull the poles apart while these forces are resisted by antagonistic forces generated
at the midzone [66,173]. Moreover, inhibitors that weaken or enhance MT binding by kinesin-5 lead to
an increased or decreased rate of spindle elongation, respectively, suggesting that midzonal kinesin-5
acts as a brake that restricts anaphase B [65]. These studies were done mainly on mammalian cultured
cells, and of course may not be applicable to all vertebrate cells, where it is well established that great
diversity exists e.g., anaphase B is unusual in preceding anaphase A in mouse eggs [42]. It is also
worth noting that Xenopus extract spindles, which have been so influential in studies of many aspects
of the mechanism of mitosis [110,195,196], have contributed less to our understanding of anaphase B
spindle elongation, which is not a robust feature of extract spindles, possibly because of the absence of
cortices [197].
8.5. Prokaryotes
The R1 plasmid segregation system of E. coli represents a striking example of an anaphase
B-like DNA segregation system operating in bacteria (Figure 6g). A large body of work suggests
that an antiparallel bundle of ParM filaments, with their plus-ends facing outward and attached
to ParR-coated centromeric DNA, can polymerize and exert force by a polymer ratchet mechanism
to push pairs of sister plasmids to opposite ends of the cell [10,174–176]. Thus the bidirectional
polymerization, rather than the sliding apart, of bundles of antiparallel cytoskeletal polymers drives
spindle elongation.
9. Theoretical Models of Anaphase B
Because of the molecular complexity of the machinery that mediates anaphase B spindle
elongation, it is appreciated that a full understanding of the molecular mechanism of anaphase
B will require theoretical/quantitative modeling [198]. Theoretical models (Figure 7) that incorporate
realistic properties of the spindle and its molecular components can yield solutions that illuminate
e.g., the factors that govern the mechanical design of the elongating spindle, describe its dynamic
evolution, in plots of spindle length versus time, and display spindle dynamics in a visually accessible
manner using computer simulations. Model solutions can also illuminate features of anaphase B
that cannot be revealed through intuition and, most useful of all, yield predictions that can be
tested experimentally.
An early example of a theoretical model that has strongly influenced our thinking about the
mechanism of anaphase B spindle elongation was the sliding filament model [22]. This qualitative
model was initially proposed in order to explain the mechanism of mitosis, including both
anaphase A and B, based on the sliding apart of adjacent, structurally polar spindle MTs driven
by ATP-hydrolyzing mechanochemical cross-bridges (aka mitotic motors). The model was useful
because it made precise and unique predictions about the relative polarity patterns of the spindle
MTs, leading to the development of methods for carefully testing these predictions by EM (see
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above). The results essentially ruled out the sliding filament mechanism for chromosome-to-pole
motion during anaphase A, which is now understood to depend upon some kind of “pacman-flux”
mechanism associated with the shortening of kMTs, but they do strongly support an outward ipMT
sliding filament mechanism for anaphase B spindle elongation.
A different type of theoretical approach illuminates the mechanical design principles of
the “beam-like” fission yeast mitotic spindle undergoing anaphase B spindle elongation [88].
These spindles use an antiparallel ipMT-MT sliding filament mechanism generated at the midzone
to elongate against opposing compressive forces that could potentially cause spindle buckling.
Theoretical considerations of the physical principles operating in these spindles, combined with
computer simulations and structural analysis via EM tomography, led the authors to propose that
the compressive strength of the elongating spindles is optimized to support the drag forces that resist
spindle elongation. This is accomplished by crosslinking the ipMTs into rigid, paracrystalline arrays
that display square and hexagonal symmetry within and outside the central midzone, respectively,
and by preserving the optimal number and net length of the ipMTs.
Figure 7. Theoretical models of anaphase B. Three of the models discussed in the text are drawn
here, namely (a) the slide and flux-or-elongate (SAFE) model; (b) the slide-and-cluster (SAC) model;
and (c) the cell-size dependent spindle elongation model. ((a) and (b) are based on [199] and (c) is
based on [192].)
A “slide and flux-or-elongate” (SAFE) model based on spindle geometry and the biochemical
properties of spindle components was used to model the dynamics of the transition between the
pre-anaphase B (i.e., metaphase/anaphase A) spindle that maintains a constant steady state length
and anaphase B spindle elongation in Drosophila embryos [60] (Figure 7a). Where possible, this force
balance model was guided by experimental data on e.g., the geometry of embryo spindles including
285
Biology 2016, 5, 51
the three-dimensional organization and dynamic properties of MTs within ipMT bundles and the force
velocity properties of mitotic motors. These properties were incorporated into a set of differential
equations that describe the kinematics of the spindle poles, the kinematics of the overlapping ipMTs
at the spindle midzone, and the ipMT-generated forces acting on the spindle poles. The solution of
these model equations faithfully recapitulates spindle dynamics throughout the pre-anaphase B steady
state, when the plus ends of the overlapping ipMTs at the midzone are slid apart and depolymerize
at their minus ends, giving rise to poleward ipMT flux and anaphase B spindle elongation, which is
initiated by the cessation of ipMT depolymerization at the poles, turning off flux and allowing the
sliding ipMTs to push apart the poles. The model solution describes how bipolar kinesin-5 motors
slide apart the dynamically unstable ipMTs at the midzone to produce the steady, linear rate of
elongation that is observed in vivo and showed that the elongation rate is determined solely by the
rate of ipMT sliding combined with the extent of suppression of ipMT depolymerization at the poles.
It also made interesting, experimentally testable predictions, e.g., that the rate of elongation was robust
to substantial changes in the number of sliding motors and ipMTs and to the dynamic instability
properties of the ipMTs, but it suggested that the plus ends of these dynamic ipMTs must undergo net
polymerization in order to sustain the robust, linear spindle elongation observed. Models superficially
similar to this model have also been proposed to account for spindle length control in Xenopus extracts,
where consistent anaphase B is not observed [200] and in cultured human cells, where an Aurora B
gradient regulates the minus end depolymerization, length, and alignment of ipMTs that slide apart at
their plus ends to determine the length of the central spindle that forms during late anaphase [201].
A very different force balance model, the “slide and cluster (SAC) model” [110] (Figure 7b),
somewhat surprisingly, can also account for important features of anaphase B spindle elongation.
In this model, which was initially developed to account for the control of metaphase meiotic spindle
steady state length in Xenopus extracts, antiparallel MTs are nucleated around chromatin at the spindle
midzone and are slid outward by kinesin-5. Around the equator, a minus-end-directed motor assists
kinesin-5 by transporting the nucleated MTs, minus ends leading, along parallel MT tracks towards
the spindle poles where it then opposes kinesin-5 and clusters the transported MTs to focus the poles.
In this model, spindle length is determined by the rate of transport of the poleward sliding MTs
combined with their lifetime, which in turn depends on the dynamic instability properties of their
plus (not minus) ends. Thus, it was postulated, for example, that a change in plus end dynamics
of these MTs, e.g., a decrease in their catastrophe frequency, could induce spindle elongation to
a new steady state length, mimicking anaphase B and this idea was recently tested [199]. Despite
the considerable differences in architecture that exist between Xenopus extract and Drosophila embryo
spindles, quantitative computational modeling suggests that the SAC model can explain many, but
not all, aspects of anaphase B spindle dynamics in Drosophila embryos almost as well as the SAFE
model can. It was thus concluded that the SAFE model provides a more realistic description of the
underlying molecular mechanism of anaphase B spindle elongation, at least in Drosophila embryos.
A quantitative model has been proposed to describe cell size-dependent anaphase B spindle
elongation in C. elegans early embryos, invoking cortical force generators acting on astral MTs to pull
apart the spindle poles [192] (Figure 7c). In this system, quantitative measurements revealed that
the rate and extent of anaphase B spindle elongation, which govern the post-anaphase B spindle
length, correlate with cell size. Two models for the cortical pulling mechanism controlling anaphase B
spindle elongation were considered: (i) the “constant pulling model” for heterotrimeric G-protein
(Gα)-independent spindle elongation in which astral MTs are pulled outward with a constant force;
and (ii) the “force generator-limited model” for Gα-dependent spindle elongation, in which the density
of force generators per unit area of cortex is constant and independent of cell size. In computer
simulations, these two models could account for the observed dynamics of anaphase B spindle
elongation that are seen in vivo. Specifically, simulations of the first model reproduced only the cell-size
dependency of the extent of spindle elongation but not its speed, which remained constant with cell
size, a situation that agrees with observations of Gα-disrupted cells. However, simulations using
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a combination of the first and second models reproduced observations in wild-type embryonic spindles,
in which the extent and the speed of spindle elongation, as well as the resulting post-anaphase B
spindle length, are all cell size-dependent.
10. Concluding Remarks
Anaphase B spindle elongation represents arguably one of the simplest sub-routines in the
mechanism of mitosis, yet an elaborate and diverse machinery has evolved to accomplish pole–pole
separation over distances of a few microns in the various systems that have so far been studied. Indeed,
more variety than we currently appreciate may exist as more exotic mitotic mechanisms are uncovered
in different cells and organisms [183], a view supported by the striking discovery that C. elegans
meiotic spindles utilize a novel anaphase B mechanism to segregate chromosomes [149]. We have
found it useful to describe the currently known mechanisms of anaphase B in terms of the differential
deployment of a few conserved biochemical modules in different cell types, i.e., midzone pushing and
braking via ipMT-MT crosslinking; cortical pulling, ipMT plus end dynamics/net polymerization, and
minus end depolymerization/poleward flux. One aim of the research on this topic is to elucidate the
molecular mechanism of these fundamental processes in atomic detail at high temporal resolution,
where progress is being made, e.g., [125,128,175,202]. Progress is also being made in the reconstitution
of some of these basic processes from purified components, which represents a powerful direction for
investigating their underlying molecular mechanisms [154,176]. Although not a major focus of the
current review, the regulation of anaphase B represents an important area for future studies. Current
evidence suggests that this may be a very complex and dynamic process, making mathematical
modeling an essential tool for understanding the mechanisms at work [177]. In addition, given the
elaborate and diverse nature of the cytoskeleton-based mechanisms that mediate anaphase B and other
aspects of mitosis and cell division among present-day eukaryotic and bacterial cells, a fascinating
unknown is how these machineries and mechanisms originated and evolved from the purely physical
mechanisms that were thought to operate in dividing ancestral protocells on the early Earth [203].
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Abstract: Mistakes during cell division frequently generate changes in chromosome content,
producing aneuploid or polyploid progeny cells. Polyploid cells may then undergo abnormal division
to generate aneuploid cells. Chromosome segregation errors may also involve fragments of whole
chromosomes. A major consequence of segregation defects is change in the relative dosage of products
from genes located on the missegregated chromosomes. Abnormal expression of transcriptional
regulators can also impact genes on the properly segregated chromosomes. The consequences of these
perturbations in gene expression depend on the specific chromosomes affected and on the interplay
of the aneuploid phenotype with the environment. Most often, these novel chromosome distributions
are detrimental to the health and survival of the organism. However, in a changed environment,
alterations in gene copy number may generate a more highly adapted phenotype. Chromosome
segregation errors also have important implications in human health. They may promote drug
resistance in pathogenic microorganisms. In cancer cells, they are a source for genetic and phenotypic
variability that may select for populations with increased malignance and resistance to therapy. Lastly,
chromosome segregation errors during gamete formation in meiosis are a primary cause of human
birth defects and infertility. This review describes the consequences of mitotic and meiotic errors
focusing on novel concepts and human health.
Keywords: aneuploidy; polyploidy; microtubule; chromosome instability; cancer; birth defects;
fertility; drug resistance; centromere; kinetochore
1. Introduction
Other papers in the Special Issue “Mechanisms of Mitotic Chromosome Segregation” have
explored the events of cell division and how defects might generate errors in the transmission
of chromosomes to progeny cells. The defects are diverse in origin, including abnormalities in
chromosome structure and function resulting in chromosomes that lag in anaphase or exhibit
incomplete separation of sister chromatids. Spindle abnormalities such as multipolar spindles and
defects in cytokinesis are additional sources of abnormal chromosome segregation. Finally, errors in
cell cycle regulation, including delays during division and defects in cell cycle checkpoints also lead
to missegregation. In this concluding chapter, we delve into the consequences of mitotic and meiotic
errors. These can be benign or severe, depending on the degree and nature of the error, on the genetic
background of the cell, and on the precise role of the cell in question. It is important to recognize that
segregation abnormalities may not always generate aneuploidy. Even for a single chromosome that
undergoes premature chromatid separation, random assortment will generate proper segregation to
the two daughter cells 50% of the time. Outcomes of improper segregation are also influenced by
stochastic variables that cause cells in seemingly identical situations to take different paths in response
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to identical errors [1]. Cell cycle checkpoints can sometimes identify impending errors and provide
corrective countermeasures that lead to normal division. If checkpoints fail to correct the problem
but division proceeds, then daughter cells are born with a genetic imbalance of one or more whole
chromosomes, segments of chromosomes, or entire sets of chromosomes. In some instances, departure
from conventional cell cycle patterns that lead to abnormal chromosome content are an aspect of
normal development. This is often true for polyploidy, while aneuploidy is more often a result of errors
in chromosome segregation. In most normal tissue cells, a surveillance system, highly dependent on
the p53 tumor suppressor, is active in responding to the presence of abnormal chromosome content
and can halt the cycling of the cell, cause cell death, or induce senescence (Figure 1) [2–5].
Figure 1. Mitotic defects have several potential outcomes. Failed alignment of chromosomes leads
to mitotic arrest/delay enforced by the spindle checkpoint. If the failed alignment is not corrected,
cells can follow several fates. They can undergo cell death directly from mitotic arrest. Cells may
also suffer various kinds of abnormalities during mitotic exit, leading to the formation of aneuploid
progeny. Alternatively, cells may exit mitosis without proper chromosome segregation and cytokinesis,
resulting in a formation of a single tetraploid cell. Aneuploid or polyploid daughter cells may undergo
cell death, cessation of proliferation and senescence, or continued proliferation. In most cases continued
proliferation requires suppression or inactivation of the p53 tumor suppressor pathway.
Cells that lose or gain less than a whole set of chromosomes during cell division are termed
aneuploid. Cells with a tendency to lose or gain chromosomes at a high rate are said to exhibit
chromosome instability (see Table 1 for definitions). Certain genotypes may be inherently prone to
continuous chromosomal instability, producing a diverse brood of aneuploid progeny. Alternatively,
cells can be aneuploid but relatively stable in chromosome content. Cells may also undergo an increase
in a whole set of chromosomes, a condition termed polyploidy. Polyploid cells frequently contain more
than two centrosomes. In subsequent cell divisions, the centrosomes sometimes generate multipolar
spindles where chromosomes are segregated to three or more daughter cells, resulting in aneuploid
cells with variable numbers of chromosomes. The full consequences of chromosome segregation
errors are vast in scope, since they affect many aspects of cell physiology, tissue homeostasis, and the
adaptability of cells and organisms.
Chromosome segregation requires the coordination of two major pathways: chromosome
movement and cell cycle regulation during M phase. A major contributor to this coordination is
the mitotic spindle checkpoint. As detailed in another contribution in this series, defects in mitotic
spindle assembly and chromosome alignment activate the spindle checkpoint, which delays cells in
M phase. Optimally this delay allows the recovery of the normal spindle and balanced chromosome
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segregation. However, the delay can have multiple consequences. Mammalian cells arrested in M phase
eventually exhibit markers indicative of DNA damage [6,7]. Cells in which the spindle checkpoint is
purposefully activated by application of microtubule drugs often undergo apoptotic cell death, either
directly in mitosis or after exiting M phase into G1 (Figure 1) [1,8]. One critical pathway in regulating
cell death during M phase arrest is Cdk1-dependent phosphorylation and the subsequent degradation
of Mcl-1, an anti-apoptotic member of the Bcl-2 family [9–12]. Certain aspects of apoptotic signaling
are suppressed during M phase, but partial activation of these pathways may lead to cell death in the
subsequent G1 phase [13]. In cells with normal p53 function, even a relatively short delay in M phase
may lead cells to cease cycling after entering G1 [14]. Cells with chromosome segregation defects that
escape apoptosis produce progeny with altered chromosome content. These cells may continue to cycle,
particularly if p53 is inactivated. Chromosome segregation errors result in aneuploid or polyploid cells
and are generally detrimental to both the cell and the organism. However, in some instances, changes in
ploidy are programmed in normal development and physiology. At times, even accidental diversions
from euploidy can generate beneficial evolutionary adaptations, particularly in single-cell organisms.
In this review, we describe the consequences of aneuploidy and polyploidy due to segregation errors
in mitosis and meiosis, focusing on recent novel ideas and on topics pertinent to human health.
Table 1. Definitions.
Ploidy is the number of sets of chromosomes in a cell or in an organism.
Haploid number refers to one set of chromosomes (1N), as in gametes or certain strains of budding yeast.
Diploid number refers to two sets of chromosomes (2N) that are homologous (one from each parent).
Most animals are diploid.
Polyploid denotes a cell with more than two sets of chromosomes (triploid – 3N, tetraploid – 4N,
pentaploid – 5N, etc.).
Euploid denotes the normal chromosome number in a species, usually an exact multiple of the haploid
number (i.e.; human euploid genome contains 46 chromosomes – 2× the haploid number).
Chromosomal Instability is the tendency of a cell to gain or lose chromosomes or large segments of
chromosomes. It is often abbreviated CIN.
Aneuploidy denotes the state of a cell having a chromosome number that deviates from a multiple of the
haploid, i.e.; when there are extra or missing single chromosomes.
Whole chromosomal aneuploidy is having entire chromosomes gained or lost.
Segmental aneuploidy is having large regions of chromosomes deleted, duplicated or translocated from
one chromosome to another. Cancer cells often exhibit both whole chromosome aneuploidy and
segmental aneuploidy.
Trisomy refers to a diploid genome having gained an additional chromosome (2N + 1). Trisomy 21 indicates
an extra chromosome 21 in a diploid genome.
2. Aneuploidy in Mitosis
2.1. Effects of Aneuploidy on Gene Dosage
In diploid organisms, apart from special instances such as the sex chromosomes of animals,
genes are present in two copies that are both transcribed. Gain or loss of one copy changes the amount
of gene product produced, a property called gene dosage. Unlike the doubling of a whole genome in
polyploidy, where the increase of the gene dosage is equivalent for all chromosomes, loss or gain of an
individual chromosome or chromosome fragment causes unbalanced changes in the cellular proteome.
Studies in fungi and mammalian systems have shown that changes in mRNA and protein levels from
genes on aneuploid chromosomes are roughly proportional to the changes in the chromosome copy
number [15–19]. Aneuploidy of large, gene-rich chromosomes can cause changes in the expression of
thousands of genes. Moreover, transcription factors encoded on aneuploid chromosomes will alter
gene expression on other chromosomes [19]. Consequently, aneuploidy can cause a diverse spectrum
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of changes in the proteome of the cell, depending on the specific chromosomes lost or gained. Finally,
aneuploidy itself may drive further chromosome instability, a topic treated in more detail below.
2.2. Effects of Aneuploidy on Cellular Fitness
The euploid karyotype is a product of natural selection for the best fitness for a species in
an ecological niche. Aneuploidy will alter cellular physiology in many ways, depending on which
chromosomes are extra or missing. Changes in the chromosome copy number alter the production
of proteins (Figure 2). Imbalances in protein levels will occur particularly in protein complexes
where the genes encoding individual components of the complex reside on different chromosomes.
These imbalances will disrupt protein homeostasis, increase the workload for chaperones, and overload
the protein degradation machinery, resulting in a form of toxicity referred to as proteotoxic stress [18,20].
Therefore, aneuploidy imposes a distinct fitness cost. In the ordinary environment, engineered
aneuploid yeast strains and viable aneuploid mouse cells often grow slower than their euploid
counterparts [21–23].
Figure 2. Aneuploidy produces changes in mRNA dosage which lead to changes in protein dosage for
genes on the gained or lost chromosome(s). Changed protein levels can have direct effects on biological
processes in which they are involved, or change the stoichiometry of protein complexes of which they
are components, causing changes in their function. Changes in gene dosage of regulatory proteins like
transcription factors may also exert indirect effects on biological processes by altering expression of their
target genes on other chromosomes. In most cases, alterations in protein levels are disadvantageous or
detrimental for organisms adapted to their ordinary environment (left), where the euploid karyotype
provides best fitness. However, under conditions of environmental change, rapid alterations in
expression of many genes may provide adaptive potential and be selected (right).
2.3. Aneuploidy in Fungi
Despite the overall fitness cost of carrying extra chromosomes, variation in the chromosome copy
number can be found in many fungal species. The immediate shifts in the dosage of several genes
conveyed by aneuploidy may confer rapid advantages in new environments, compared to the slower
method via selection for adaptive mutations in individual genes. Fungi display remarkable genomic
plasticity and can tolerate large-scale genomic changes. Variations in the chromosome copy number
in S. cerevisiae have been detected frequently in association with domestication and adaptation to
specific, often suboptimal, environments [24–28]. Aneuploidies that have deleterious phenotypes are
quickly eliminated from populations by selection, leaving viable aneuploidies where the benefits of
the presence of extra chromosome(s) outweigh the fitness cost (Figure 2). For instance, aneuploidy
is common in laboratory strains of S. cerevisiae exposed to genetic transformation techniques, and in
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wild strains from diverse natural environments [29,30]. It was estimated that in the laboratory
deletion collection of S. cerevisiae mutant strains, approximately 8% are aneuploid [31]. Aneuploidy
appears to be more common in diploid versus haploid strains [32], consistent with the idea that
smaller gene dosage changes are more tolerable. In industrial strains of S. cerevisiae cultured in
fermenters or bioreactors, whole chromosome aneuploidies have repeatedly emerged in response
to suboptimal conditions such as glucose or phosphate stress [26,32]. Therefore, the presence
and frequency of aneuploidy appears to be strongly influenced by the environment. Karyotypic
abnormalities are also frequently found in hospital isolates of pathogenic fungi Candida albicans
and Cryptococcus neoformans, and aneuploidy in these pathogens has been associated with increased
virulence and drug resistance [33–37].
2.4. Aneuploidy in Mammalian Cells
Aneuploidies commonly emerge in mammalian cell cultures, but this phenomenon has been
traditionally viewed as an annoyance rather than a topic worthy of study. Most tissue culture cell
lines are highly aneuploid, in part because many were originally derived from aneuploid tumors,
but also because of fluctuations in ploidy with continued culture. Recently, the de novo generation
of aneuploidy in cultured cells has emerged as an important concern for the therapeutic use of
pluripotent human stem cells, where the correct karyotype is essential. Pluripotent stem cells acquire
numerical and structural chromosomal aberrations during prolonged cell culture, and concurrently
show initial signs of malignant transformation [38–40]. Human stem cell lines frequently gain a copy
of chromosome 12. Trisomy 12 increases cell proliferation in culture and corresponds to global changes
in the transcriptome, making the gene expression profile of aneuploid stem cells similar to germ cell
tumors [38]. While gaining an extra copy of chromosome 12 allows trisomic stem cells to thrive in
tissue culture conditions, it has obvious detrimental consequences for the therapeutic use of these
cells. A recent study generated a panel of trisomic mouse embryonic stem cells lines, each carrying
an extra copy of single chromosomes 6, 8, 11, 12, or 15. Most of these trisomic cell lines proliferated at
a high rate in culture, but showed a reduced ability to differentiate and an increased potential to form
teratomas, possibly due to deregulated gene expression [41].
Retinal Pigment Epithelium-1 (RPE-1) cells are a diploid line of human retinal pigment epithelium
cells that are engineered to express telomerase, rendering them immortal [42]. They are widely used
as a model of non-malignant human diploid cells. In continuous passage in culture, RPE-1 cells will
spontaneously gain an extra copy of chromosome 12 [43,44], but for a different reason than pluripotent
stem cells. One of the copies of chromosome 12 in this cell line carries a mutation in the RAS gene [45],
which may provide these cells a growth advantage. A study of immortalized human colonic epithelial
cells carrying an extra copy of chromosome 7 showed better growth in serum-free medium compared to
the isogenic diploid cells [46]. The growth advantage of the trisomic cells was postulated to stem from
overexpression of the epidermal growth factor receptor gene located on chromosome 7. Aneuploid
cells derived from the colorectal cancer cell line DLD1 engineered to be trisomic for chromosomes 7
or 13 also demonstrated selective growth advantages under various suboptimal conditions, such as
serum deprivation, hypoxia, or exposure to the chemotherapeutic agent 5-fluorouracil [47]. Thus,
while aneuploidy may be deleterious under conditions where the euploid karyotype provides the
best fitness, it can provide a selective advantage when conditions change, allowing adaptation to
a novel environment.
2.5. Aneuploidy as a Driver for Genomic and Chromosomal Instability
Chromosomal instability refers to an increased propensity for chromosome segregation errors,
resulting in aneuploidy and genomic imbalances [48,49]. Aneuploidy itself may foster chromosome
instability by perturbing the stoichiometry of proteins involved in chromosome segregation [50,51].
Studies in aneuploid budding yeast showed that unbalanced changes in the copy number of
chromosome VII and X perturbed the ratio of essential spindle checkpoint proteins Mad1 and Mad2,
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whose genes are located, respectively, on these two chromosomes. Maintaining the 1:1 stoichiometry
of the Mad1:Mad2 ratio appears crucial for monitoring kinetochore attachments [52]. Changes in
Mad1:Mad2 ratios compromised the spindle checkpoint and increased chromosomal instability [53].
Importantly, aneuploid strains that gained copies of chromosomes VII and X simultaneously were
karyotypically more stable than strains where these chromosomes were gained individually. Changing
stoichiometric ratios of components of protein complexes or individual proteins with essential
structural or regulatory functions can have severe consequences. Dosage imbalance among components
of protein complexes can induce defects in the maintenance of genomic fidelity, affecting mitosis,
cytokinesis, DNA replication, DNA repair, etc. In line with this hypothesis, yeast strains aneuploid
in different chromosomes show various degrees of karyotypic and genomic instability, likely due
to products from genes encoded on the aneuploid chromosomes [53,54]. Studies in human cells
also suggest that aneuploidy itself may increase chromosome instability by affecting chromosome
segregation in mitosis or by inducing defects in replication [55,56].
2.6. Aneuploidy and Cancer
In the late 19th century, it was recognized that tumor cells often exhibit abnormal, asymmetric
mitotic figures [57]. In the early 20th century, Boveri proposed that abnormal chromosome content
was the source for tumor malignancy, the earliest molecular hypothesis for the origin of cancer [58].
It is estimated that approximately 86% of solid tumors and 72% of hematopoietic cancers exhibit
aneuploidy [59]. The question of whether aneuploidy is a cause or consequence of cancer has
generated considerable controversy [60,61]. In general, most cancers display various degrees of
genomic instability, including point mutations, chromosomal rearrangements, and changes in whole
chromosome ploidy [62]. High levels of genomic instability generally correlate with more aggressive
tumors and poorer patient prognosis. The environment of cancers can be thought of as complex
cellular ecosystems that are constantly evolving, responding to challenges such as depletion of oxygen
and nutrients, immune assault, and medical attempts at therapy [63]. Cancer cells must adapt to
challenges in their microenvironment, and aneuploidy serves as an enabling factor in tumor evolution.
An example of the adaptive evolution of cancer cells via aneuploidy is the loss of the heterozygosity
of tumor suppressor genes. Inactivating mutations occur in many tumor suppressor genes, such the
Retinoblastoma gene (Rb), but a single wild-type copy maintains suppressor function. Loss of the
chromosome containing the wild-type copy leads to the loss of tumor suppressor function in the
cancer cells.
Mouse models have aided in testing the role of aneuploidy in the origin and progression of
cancer. Either underexpression or overexpression of mitotic regulators fosters both aneuploidy and
increased cancer predisposition. For example, mice engineered to underexpress or overexpress most
components of the spindle checkpoint pathway exhibit aneuploidy and tissue-specific increases in
cancer incidence [64–68]. Complete ablation of the BUB1B gene that encodes the BubR1 checkpoint
protein is embryonically lethal, but hypomorphs show increased aneuploidy, increased susceptibility
to carcinogen-induced tumors, and accelerated aging phenotypes [69–73]. Surprisingly, in contrast to
the usual consequences of overexpression of spindle checkpoint proteins, overproduction of BubR1
protects against cancer and other aging phenotypes and extends lifespan [74,75]. In humans, a rare
genetic disease called Mosaic Variegated Aneuploidy stems from mutations in the BUB1B gene,
and afflicted individuals show a very high proportion of aneuploid tissue cells. These patients suffer
from a variety of serious pathologies, including growth defects, microcephaly, and increased cancer
incidence [76–78].
Mouse embryos, heterozygous for a deletion of the gene encoding the mitotic kinesin protein,
Cenp-E, show a weakened spindle checkpoint, and their cells will often enter anaphase in the
presence of one or a few unaligned chromosomes [79]. The animals develop normally but are more
prone to developing certain types of spontaneous tumors, such as lymphomas in the spleen and
pulmonary adenomas in the lung. However, they are partially protected from other cancers, such as
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liver tumors [79]. Thus, depending on the context, aneuploidy can promote or inhibit oncogenesis.
Crossing Cenp-E heterozygotes with other mutants that further increase the rate of chromosome
missegregation led to tumor suppression, suggesting that the amount of chromosome missegregation
may be important, whereby low rates promote tumor growth and high rates suppress it [80].
The potential biphasic effect of chromosome missegregation, to promote tumorigenesis at low
levels and inhibit tumorigenesis at high levels, may have significance for the use of anti-mitotic
drugs in cancer therapy. Taxol, the common name for the drug paclitaxel, is one of the most widely
prescribed anti-cancer drugs. It binds and hyperstabilizes microtubules both in the test tube and in
cells [81,82]. In cell culture, at moderate concentrations, it arrests cells in mitosis by activation of the
spindle checkpoint [83,84]. Thus, for many years, the common assumption was that mitotic arrest
was the mechanism underlying Taxol’s effectiveness in cancer therapy. However, the relatively low
mitotic index in tumors in humans compared with Taxol’s rapid ability to shrink some tumors led
to proposals that Taxol’s medical effectiveness might stem from targeting interphase tumor cells or
the tumor environment [85,86]. A combined clinical and cell culture study led to the proposal that
Taxol kills tumor cells in patients, not by mitotic arrest, but by increasing the propensity of tumor
cells to undergo multipolar mitosis, leading to massive chromosome missegregation and tumor cell
death [87]. Thus, while low levels of chromosome missegregation may be dangerous in promoting
cancer, therapeutically driving missegregation to very high levels may conversely be an effective
anti-cancer strategy.
Human cancers also exhibit genome instability due to dysfunction of chromosome telomeres,
which may become too short after multiple rounds of replication (telomere attrition), or lose structural
features such as telomere caps due to enzymatic defects [88]. Telomere defects generate broken ends
on chromosomes, which may then fuse to similar broken ends on other chromosomes and generate
dicentric chromosomes, in which a single chromosome will contain two widely separated centromeres.
After this dicentric chromosome replicates and condenses in mitosis, each chromatid will harbor
two centromeres that may orient toward opposite poles. During anaphase such a chromatid will
form a chromosome bridge. This bridge can be severed during anaphase and form new broken
ends. This mechanism can propagate breakage-fusion-bridge cycles that lead to complex chromosome
rearrangements characteristic of tumor cells [89].
2.7. Cohesion Fatigue and Centromere Fission
Another potential source of aneuploidy in tumor cells is cohesion fatigue in cells that are delayed
or arrested at metaphase. Normally metaphase is transient, lasting only a few minutes, and is followed
by the onset of anaphase where the protease, Separase, severs Rad21, a component of the cohesin
complex that holds sister chromatids together [90]. However, even when most chromosomes are
aligned at the spindle midplane, anaphase onset may be delayed by the spindle checkpoint, activated
by the failure of one or a few chromosomes to align in a timely manner [91]. Alternatively, defects in
the expression of mitotic regulators, sometimes as a consequence of oncogenic changes, may induce
delays at metaphase [68,92–96]. During the delay, chromosomes at the metaphase plate begin to
separate asynchronously due to pulling forces of kinetochores on spindle microtubules, a process
termed cohesion fatigue [92,97–99]. Cohesion fatigue is a general phenomenon, independent of the
mechanism used to induce the metaphase delay [97–99]. The timing of chromatid separation varies
among cell types and among the individual chromosomes within a single cell. Separation initiates at
the kinetochores and then spreads distally along the chromosome arms [97].
In cancer cells, numerical and segmental aneuploidies are generally found together (Figure 3).
Individually, many of the postulated origins of aneuploidy such as telomere erosion, DNA replication
errors, DNA repair defects, or cytokinesis failure cannot in a simple way account for both numerical
and structural chromosome abnormalities. As a result, many theories suggest independent origins
for numerical and segmental aneuploidy. However, mitotic segregation defects can simultaneously
generate both types of aneuploidy [100]. A common mitotic error is merotelic attachment whereby
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an individual kinetochore attaches to microtubules from both spindle poles. These attachment
errors had been thought to be particularly dangerous because merotelic attachments are not well
detected by the spindle checkpoint and allow progression to anaphase [101,102]. However, merotely
that occurs during prometaphase may have a relatively minor effect on chromosome segregation
because the merotelic kinetochore is more strongly attached to microtubules from the proper pole.
Such merotelic chromatids are resolved properly in anaphase and do not result in chromosome
missegregation [103,104]. In contrast, defects that occur after complete or partial chromatid separation
in cohesion fatigue are likely to have severe consequences since the unattached kinetochore may
be more prone to near equal attachment to both spindle poles. Kinetochores from partially or fully
separated chromatids may attach to microtubules from both poles. Single chromatids derived from
unreplicated DNA or from cohesion fatigue will sometimes congress to the spindle equator [101,105].
Alternatively, the two unpaired chromatids of a single chromosome may orient to the same pole,
eventually resulting in numerical aneuploidy (Figure 4).
Figure 3. Cell lines derived from cancers exhibit numerical and segmental aneuploidy. Spectral
karyotype comparison of normal human mammary epithelial cells (HMEC) and two breast cancer
cell lines (MCF-7 and SUM149PT) that exhibit extensive numerical and segmental aneuploidy. Image
reproduced from [106].
Figure 4. Numerical and segmental aneuploidy as an outcome of cohesion fatigue and centromere
fission. A cell at metaphase will normally undergo balanced chromosome segregation in normal
anaphase (upper path). If metaphase is delayed (lower path), chromatids may begin to undergo
cohesion fatigue and separate. When sister chromatids separate they may both move to one of the
two spindle poles leading to numerical aneuploidy following anaphase and mitotic exit. In other
cases the kinetochore of an individual chromatid may undergo merotelic attachment to microtubules
from both spindle poles (exemplified by sequential stages for the pink chromatid and detailed in the
green boxes). Under this circumstance, spindle forces or cytokinesis may sever the chromatid resulting
in chromosome fragments that can attach to other chromosomes resulting in segmental deletions,
duplications, translocations and the formation of micronuclei.
The study of cultured cells from mutant mice and analysis of human cancers of recent origin
have led to a proposal that segmental aneuploidy defects involve whole chromosome arms that
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arise through “centromere fission”, breaks at or near centromeres [107,108]. Light and electron
micrographs show that, under certain conditions, merotelically attached kinetochores undergo extreme
stretching and possible severing [109]. Thus, merotelic attachment following partial or full chromatid
separation in cohesion fatigue could generate both breaks at or near centromeres that give rise to
duplications, deletions, and translocations as well as micronuclei (Figure 5). The potential consequences
of micronuclei formation are described in detail below (Section 3). The fusion of broken arms containing
centromeres to intact chromosomes may generate dicentric chromosomes that would then undergo
rounds of breakage-fusion-bridge cycles to generate more complex and varied segmental chromosome
defects. Cohesion fatigue in a large proportion of chromosomes, followed by subsequent cell division,
is unlikely to generate viable daughter cells. However, partial or complete chromatid separation,
occurring in just one or a few chromosomes, after shorter metaphase delays, may be a common
initiating event for the numerical and segmental aneuploidies seen in cancer.
2.8. Modern Analysis and Implications of Cancer Aneuploidy
For many years, aneuploidy in tumors was studied using cytogenetic methods, which can
accurately detect large karyotypic alterations but are less accurate in identifying small alterations.
Comparative genomic hybridization and, more recently, next-generation sequencing techniques have
enabled the detection of large and small copy number variations with higher resolution. Progress in
sequencing technology has enabled large-scale cancer studies. The largest multi-institutional
collaboration project The Cancer Genome Atlas (TCGA) has generated genomic data across many
types of cancer and has shown that nearly all cancers have significant chromosome aberrations [110].
Chromosomal regions affected by copy number alterations in cancer vary widely in size. Among
copy number variations, small (focal) amplifications or deletions are most frequent, followed by
large-scale alterations: gain/loss of a chromosome arm or a whole chromosome. Interestingly,
large-scale alterations typically show a low amplitude of amplification (i.e., gain or loss of one copy),
but focal amplifications overall have a higher amplitude, indicating that small chromosomal segments
can be duplicated multiple times [111].
Modern computational methods to analyze aneuploidy in multiple human tumor samples have
generated a list of 70 genes highly correlated with chromosome instability, called the CIN70, and high
expression of these genes correlates with adverse patient outcome [112,113]. Interestingly, a study of
over 2000 breast cancer patients revealed a biphasic effect where the patients with the very highest
CIN70 scores showed a better prognosis than those with intermediate scores [114]. On the other hand,
for pathologists, frequent abnormal or atypical mitotic figures in human cancer tumors generally
signify high malignancy. Aggressive cancers also exhibit abnormally shaped interphase nuclei and
micronuclei that are post-mitotic footprints of severe mitotic problems [115]. In such cancers, the degree
of karyotypic instability is likely to be very high.
Many copy number aberrations are unique, while others are recurrent. Recurrent copy number
variations may indicate that alteration of this chromosomal segment functions as a driver in cancer
progression. For instance, amplifications frequently encompass genomic regions that contain canonical
oncogenes such as Cyclin D1, c-Myc, and ErbB-1. Deletions often include regions encoding canonical
tumor suppressors such as p16INK4A/p14ARF and PTEN. Amplifications or deletions in these cases
will result in corresponding changes in gene dosages of oncogenes or tumor suppressors, giving these
karyotypes a selective proliferative advantage [116,117]. A recent computational analysis of the
gene copy number in thousands of tumor-normal tissue pairs identified hundreds of novel potential
oncogenes and tumor suppressor genes, many of which were correlated with whole chromosome and
large segmental aneuploidies in the tumors [118]. However, verification of these guilt-by-association
indications will require functional tests.
As a consequence of genomic instability, cells within a tumor can diverge and form distinct
subpopulations, resulting in genomic heterogeneity within a tumor [119–121]. Clonal diversity is
a prominent feature in many cancers, especially advanced ones, and is likely to play a role in tumor
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evolution and resistance to therapy [122]. Genomic studies of intra-tumor heterogeneity in a complex
population of cells have been very challenging, but became possible with the development of single-cell
sequencing methods that allowed dissecting complex chromosome rearrangements in individual
cells [123]. Single-cell sequencing studies in breast cancer, investigating the evolutionary dynamics
of copy number variations, found that complex aneuploidy appears early in tumor evolution and
propagates by clonal expansion [124,125]. This finding contradicts the long-standing belief that
complex aneuploid karyotypes develop gradually over time, but speaks to the idea that large changes in
karyotype can sometimes be instantly advantageous in a specific tumor microenvironment, leading to
cancer progression. Rapid and random changes in dosages of multiple genes on multiple chromosomes
have a potential of giving the cancer cell the karyotype for better fitness.
2.9. Aneuploidy and Drug Resistance
Aneuploidy may promote the emergence of antibiotic-resistant infections and chemotherapy-
resistant cancers. The budding yeast S. cerevisiae has traditionally been used as a model to study
mechanisms of adaptations to various stresses. Yeast can rapidly adapt to unfavorable conditions by
changing their karyotype. For instance, the gain of chromosome XV in budding yeast confers resistance
to the antibiotic radicicol (inhibitor of chaperone protein HSP90), while the loss of chromosome XVI
confers resistance to another antibiotic, tunicamycin [126,127]. Importantly, this resistance was related
to the dosage of certain genes encoded on the extra chromosomes. In the case of radicicol, resistance
was caused by the overexpression of two genes encoded on chromosome XV, STI1 (co-chaperone of
Hsp90) and PDR5 (a pleiotropic drug efflux pump).
C. albicans and C. neoformans, two human fungal pathogens, frequently become aneuploid during
infection and after antifungal treatments [128,129]. Drug resistance is a very common and serious
problem with these pathogens. One of the first-line antibiotics for Candida fungal infections is
fluconazole, a triazole antifungal medication that interferes with the sterol biosynthesis pathway,
leading to defects in cell wall synthesis. Resistance to fluconazole has been frequently observed in
clinical isolates. Sometimes this resistance can be attributed to mutations in the sterol biosynthesis
pathway. However, almost half of the clinical isolates that are resistant to fluconazole carry extra
copies of chromosome 5 [36]. In this case, fluconazole resistance can be narrowed down to two genes
encoded on C. albicans chromosome 5: ERG11 (lanosterol 14-alpha-demethylase, a component of the
sterol biosynthesis pathway targeted by fluconazole), and TAC1, a regulator of drug efflux pumps [34].
In mammals, aneuploidy likely drives some chemotherapeutic drug resistance in cancers.
Chromosomally unstable cancer cells tend to develop increased resistance to various chemotherapeutic
drugs when compared to their stable counterparts [130–132]. The specific molecular mechanisms
for drug-resistant phenotypes are not yet clearly tracked to specific genes. Prolonged exposure of
human colorectal cancer cell lines to the anti-cancer drug Irinotecan led to the selection of cells
containing an extra copy of chromosome 14 [133]. It was also reported that resistance to the anti-cancer
drug 5-fluorouracil was increased in derivative colorectal cell lines experimentally engineered to be
trisomic [47]. Findings in aneuploid rodent cell lines are consistent with the idea that multidrug
resistance can occur through selection of novel aneuploidies [131,134]. Thus, as in the case of other
environmental challenges, drug challenges create a novel niche to allow cells with altered chromosome
constitutions selective survival and growth advantages [135].
3. Micronuclei
3.1. Footprint of Mitotic Error
Micronuclei, as an outcome of mitotic errors in higher eukaryotes, have long been observed,
but only in recent years have researchers begun to pay close attention to their causes and consequences.
A micronucleus is a tiny nucleus that forms from a lagging chromosome or a fragment of a chromosome
that fails to incorporate into the main nucleus. When segregated sister chromatids de-condense and
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the nuclear envelope re-forms around them in telophase (the last stage of mitosis), spatially isolated
chromosomes or chromosome fragments also de-condense, forming a small round nucleus enclosed
by its own nuclear membrane (Figure 5). Micronuclei can be viewed as a footprint of chromosome
missegregation that persists after mitotic exit and can be visualized in interphase cells. For pathologists,
micronuclei often serve as a marker of chromosomal instability in aggressive cancers, and also as a tool
to assess the genotoxicity of various chemicals [136].
Figure 5. Micronuclei present in two daughter LLC-Pk cells, a cell line derived from porcine kidney.
Micronuclei likely formed from lagging chromosomes that were partially trapped in the cytokinetic
cleavage furrow. The midbody, the remnant of the cleavage furrow, bisects the region between the
two micronuclei. (micrographs courtesy of Hem Sapkota.)
3.2. Causes and Consequences of Chromosome Entrapment in Micronuclei
It has been reported that cytokinesis can directly generate certain structural disruptions
(chromosome breakage, nuclear envelope rupture) due to entrapment of chromatin from lagging
chromosomes or chromosome bridges in the cleavage furrow [100,137]. Entrapment of chromatin in
the cleavage furrow appears to be a common mechanism for generating micronuclei [138]. Further
DNA damage in micronuclei occurs in the subsequent interphase. The nuclear envelope around
micronuclei is abnormal. Its nuclear-cytoplasmic trafficking functions are defective, and the nuclear
envelope may even undergo catastrophic collapse [139,140]. The deficient nuclear-cytoplasmic
trafficking prevents proper communication of the micronucleus with the rest of the cell, including
propagation of the DNA damage signaling. Thus, DNA damage in micronuclei is unable to elicit
a robust cellular DNA damage checkpoint response [139,140]. Failure of the DNA damage checkpoint
allows cells with micronuclei containing damaged DNA to reenter mitosis. The formation of
micronuclei has been linked to chromothripsis, a form of genomic instability where an individual
chromosome breaks into many fragments that religate at random [141,142]. Advances in single-cell
sequencing methods have allowed direct demonstration that chromosomes trapped in micronuclei
can undergo chromothripsis [44]. Defective DNA replication in micronuclei has been postulated
to lead to chromosome fragmentation followed by random relegation [139,143]. A recent study
used inducible inactivation of the Y chromosome centromere to control the timing of micronucleus
formation, demonstrating that chromothripsis in this system occurs over multiple cell cycles [144].
A chromosome within a micronucleus first undergoes defective replication or fails to repair DNA
damage, then becomes fragmented as the chromosome condenses in early mitosis. When incorporated
back into the parent nucleus at mitotic exit, the fragments are re-ligated at random by the DNA
repair mechanisms.
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4. Aneuploidy in Meiosis
4.1. Causes of Aneuploidy in Meiosis
Meiosis is a specialized form of cell division. It consists of two chromosome segregation events
that generate haploid gametes. In humans, aneuploidy in meiosis is a major cause of infertility,
miscarriage, and congenital birth defects. It is estimated that 25% to 70% of human conceptions result
in aneuploid embryos, most of which are spontaneously eliminated very early in development [145].
In the first division, termed meiosis I, the homologous chromosomes pair, undergo recombination,
and segregate from each other (Figure 6). Homologous chromosomes are held together through the
chiasmata formed by recombination. Defects in the assembly, maintenance, or positioning of the
chiasmata on the chromosomes can result in failure of homologs to orient and move to opposite poles
in meiosis I [146,147]. The second division, meiosis II, is similar to mitosis, where sister chromatids
segregate. Premature separation of sister chromatids, depicted in Figure 6B, is an important contributor
to meiotic aneuploidy.
Figure 6. Meiotic errors lead to aneuploid gametes. (A) Normal meiosis consists of two chromosome
segregation events without an intervening S phase. In Meiosis I, homologous chromosomes pair and
undergo recombination, forming crossovers. In anaphase of Meiosis I, the homologous chromosomes
segregate. In Meiosis II sister chromatids separate. The final product is four haploid (1N) cells;
(B) Defects in meiosis result in aneuploidy. In the example shown, the chromatids of one chromosome
separate prematurely and segregate to opposite poles resulting in an imbalance of chromatids in the two
cells produced by Meiosis I. When these cells undergo Meiosis II, each produces one normal haploid
(1N) gamete and one aneuploid (1N + 1 or 1N − 1) gamete. For simplicity, only two chromosome pairs
are depicted.
Most human aneuploidy results from defects during oogenesis. In males, checkpoints to detect
and eliminate aneuploid cells during spermatogenesis are robust [148]. Studies in mice show that
while segregation defects increase with age in germ cell division in males, checkpoint pathways
successfully eliminate the cells before they mature into sperm [149]. In females, checkpoints during
oogenesis appear to be weaker. The spindle checkpoint in mouse oocytes does respond by delaying or
arresting cell division in the presence of several misaligned chromosomes but appears to be incapable of
detecting single chromosomes that fail to align properly [150–152]. The significant difference between
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male and female meiotic events appears as a consequence of differences in the cytoplasm-to-nuclear
ratio, which is much higher in oocytes. Microsurgically bisecting the cytoplasm of oocytes decreases
this ratio and increases the oocyte checkpoint response to unaligned chromosomes [153]. Thus, it seems
that in situations where the cytoplasm-to-chromatin ratio is very high, the checkpoint signals are
too diluted to be effective. In the case of Xenopus eggs, which can be over 1 mm in size, the spindle
checkpoint signal from chromosomes in meiosis and in early embryos is too weak to effectively block
cell cycle progression, even when the spindles are completely disrupted with microtubule drugs [154].
Concentrated extracts of Xenopus eggs can be made that recapitulate the cell cycle in the test tube [155].
These extracts similarly lack responsiveness to microtubule inhibitors unless they are supplemented
with a high concentration of sperm nuclei, a source of chromosomes. The extracts then become
responsive to microtubule drugs and arrest in M phase of the cell cycle [156]. The addition of the sperm
nuclei decreases the cytoplasm-to-chromatin ratio, and the combined spindle checkpoint signaling
from the concentrated chromosomes becomes competent to arrest the cell cycle in M phase.
4.2. The Maternal Age Effect
In humans, maternal age is a major risk factor for conception of aneuploid embryos. Studies from
fertility clinics show that the proportion of aneuploid oocytes increases substantially in older
women [157,158]. One suspected cause is age-related decreases in the already weak spindle
checkpoint signaling in oocytes. Evidence showing decreased expression of checkpoint signaling
proteins or checkpoint competence in older human and mouse oocytes is consistent with this
hypothesis [69,159–161]. Even stronger evidence suggests that a significant contributor to the
maternal age effect is compromised cohesion between sister chromatids. Cohesion is mediated by the
Cohesin protein complex and is released by proteolytic cleavage of one component of the complex.
During meiosis, cohesion between sister chromatids is released in two stages. In anaphase of meiosis
I, Cohesin on the distal parts of the chromatids is cleaved to allow separation of the homologous
chromosomes that have exchanged arms by recombination. The Cohesin near the kinetochores remains
protected. At the onset of anaphase in meiosis II, the Cohesin holding sister kinetochores together is
cleaved, allowing chromatids to move to opposite poles.
In meiosis I, sister kinetochores show wider separation in oocytes from older women, suggesting
that the Cohesin between them is compromised [162]. Elegant imaging studies of oocytes from
older mice show a tendency for the kinetochores of sister chromatids to separate prematurely during
anaphase of meiosis I [163]. These separated chromatids then orient randomly in meiosis II (Figure 7).
Why is sister chromatid cohesion compromised in oocytes from older mammals? According to
current understanding, in mammals, the Cohesin complex can only be “established”, which means
made competent to hold sister chromatids together, immediately after replication in S phase [164].
In the ovaries of female mammals, S phase in oocytes occurs entirely during fetal life. Upon sexual
maturity, those oocytes formed in the fetus then mature and are released over time during the female
mammal’s reproductive life. Studies in mice have confirmed the idea that the Cohesin complexes
established during fetal life are necessary and sufficient for chromatid cohesion in the oocytes of
mature females [165,166]. Extending to humans, this system would necessitate that the Cohesin
proteins established on the oocyte chromosomes during S phase in the fetus remain intact for decades.
Thus, it is reasonable to suspect that such incredibly long-lived proteins might suffer some degradation
in function over the years. Indeed, evidence in mouse and human suggests that Cohesin and Cohesin
regulators such as the Shugoshin 2 (Sgo2) protein in mammalian oocytes decay with age, allowing
sister chromatids to separate prematurely and segregate randomly in meiosis II (Figure 7) [163,167–170].
However, a recent study of chromosome distributions in human oogenesis suggests that there may
exist a mysterious rescue pathway whereby chromatids that prematurely separate in meiosis I are,
in some unknown way, biased to segregate to opposite poles in meiosis II, thus generating an oocyte
with a normal complement of chromosomes [171].
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Figure 7. Loss of cohesin and the cohesin protector, Sgo2, in older mammals may lead to increased
premature chromatid separation in meiosis. In young mammals (left) paired homologous chromosomes
have high levels of cohesin and Sgo2 in Meiosis I (MI). At anaphase of Meiosis I, the protease, Separase,
clips Cohesin on the distal chromosome arms allowing the homologous chromosomes to separate.
Sgo2 protects Cohesin near the centromeres until Meiosis II (MII) ensuring that sister chromatids
will orient to opposite poles. In aged mammals (right) there are diminished amounts of Cohesin and
Sgo2. During Meiosis 1 Separase cleaves the majority of cohesin, including that near the centromeres.
This allows sister chromatids to separate during anaphase of Meiosis I. In Meiosis II the individual
chromatids may separate randomly to the spindle poles leading to a high incidence of aneuploidy.
(Adapted from [163].)
4.3. Consequences of Aneuploidy in Meiosis
In mammals, whole chromosome aneuploidies on the level of the entire organism are highly
detrimental for all chromosomes except sex chromosomes. Embryonic development appears to be
extremely sensitive to the gene dosage imbalance caused by gains or losses of somatic chromosomes.
In mice, gain or loss of any somatic chromosome is embryonic lethal. In humans, most somatic
chromosome aneuploidies are also fatal. Most cases of meiotic aneuploidy result in spontaneous
abortions in early pregnancy, causing more than half of miscarriages during the first trimester [172–174].
However, gains of certain small somatic chromosomes in humans can be viable. Viable somatic
trisomies manifest in severe congenital diseases: Down syndrome (trisomy 21), Edwards syndrome
(trisomy 18), and Patau syndrome (trisomy 13). Although the severity of phenotypes varies among
patients, Down syndrome, caused by the gain of chromosome 21, the smallest somatic chromosome
with the least number of genes, shows the highest viability. Today, the projected life expectancy of
individuals with Down syndrome in developed countries is around 60 years [175], while in Edwards
and Patau syndromes life expectancy is very short. Edwards and Patau syndromes are usually fatal
before birth or within the first year of life, with only about 10% of patients surviving until 10 years
of age.
Sex chromosome aneuploidies are viable with less severe phenotypes compared to somatic
trisomies, likely because the gene dosage imbalances for genes encoded on sex chromosomes are
reduced compared to genes encoded on somatic chromosomes. The absence of one sex chromosome
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(45,XO) causes Turner syndrome, one of the most common chromosomal abnormalities in women [176].
Since gene expression from one of the copies of X chromosomes in females is almost completely
inactivated in a process called X-inactivation [177], the dosage of most X chromosome genes in XO
females is comparable to normal females [178]. Turner syndrome manifests mainly in infertility that
can be accompanied by heart defects and learning disabilities. Because of X inactivation, women with
triple X (XXX) syndrome also have a very mild phenotype [179].
Gains of X chromosomes in males causes Klinefelter’s syndrome. Most frequently there is a gain of
one extra copy of the X chromosome, resulting in the karyotype of 47,XXY. However, other karyotypes
have been detected such as 48,XXXY, 48,XXYY and 49,XXXXY [180]. Because extra X chromosomes
are inactivated in Klinefelter’s males in the same way as in normal females, genes on these extra X
chromosomes are mostly silenced and do not cause a severe gene dosage imbalance [181]. Individuals
with Klinefelter’s mainly suffer from infertility and low testosterone levels.
Y chromosome polysomies, particularly 47,XYY syndrome, also occur frequently and are
frequently detected only by chance because the condition often lacks clinical manifestations. In this
case, a phenotype is absent likely because the Y chromosome is very gene-poor, and genes located on
the Y chromosome are not essential for viability. Therefore, increased dosage of the Y chromosome
genes does not severely impair the development and physiology. Most 47,XYY males have normal
sexual development and normal fertility.
4.4. Meiotic Aneuploidy and Cancer
Increased rates of chromosome instability lead to higher risks of certain malignancies in meiotic
aneuploidy patients. For instance, Down syndrome patients have a high risk of acute myeloid
leukemia, particularly the megakaryoblastic subtype [182], and trisomy 21 is frequently found
in megakaryoblastic leukemia not associated with Down syndrome [183]. Human chromosome
21 contains genes encoding hematopoietic transcription factors ERG and ETS2, which are involved
in megakaryopoiesis and have been shown to play a role in leukemia development. It is plausible
that increased dosage of these two genes may play a role in predisposing Down syndrome patients
to megakaryoblastic leukemia [184,185]. Edwards and Patau syndromes are usually fatal in the first
year of life, but the few patients who survive with these trisomies for several years are predisposed to
developing Wilms’ tumor, a form of kidney cancer [186]. It is not clear whether genes located on the
extra chromosomes play specific roles in the development of this cancer.
5. Polyploidy
5.1. Sources for Polyploidy
There are several ways for cells to become polyploid. Most are tied to incomplete cell division.
Cytokinesis normally separates the cell into two after chromosome segregation. Failure of cytokinesis
produces a single tetraploid binucleate cell. In the mammalian liver, embryonic cells are primarily
mononucleate but, depending on species, the adult liver contains a high percentage of binucleate cells,
at least some of which are thought to occur as a result of incomplete cytokinesis [187]. Cytokinesis
failure can be caused by defects in many proteins involved in this process [188,189]. It can also be
blocked experimentally by chemical inhibition of the acto-myosin system of the contractile ring,
which normally constricts and separates daughter cells. For instance, cytochalasins block actin
polymerization. The presence of a chromosome bridge between daughter cells may cause failure to
complete the process termed abscission—the final step of cytokinesis [190,191].
Failure of the spindle checkpoint to maintain mitotic arrest in cells with disrupted mitotic spindles
results in cells transiting from M phase to G1 without undergoing normal mitosis and cytokinesis.
This abnormal cell cycle transition is sometimes termed “mitotic slippage”. If cells exit mitosis with
all chromosomes retained in one nucleus, the reformed interphase cell is tetraploid. Mitotic slippage
occurs because of the gradual proteolysis of the main mitotic cyclin, Cyclin B1, which continues slowly
311
Biology 2017, 6, 12
even in checkpoint-arrested cells [192]. Cyclin B1 is the activator of the primary mitotic kinase, Cdk1.
When the level of Cyclin B1 falls below a certain threshold, Cdk1 activity declines precipitously and
cells exit M phase. Experimentally, mitotic slippage can be induced by treatment of cells with chemical
inhibitors of Cdk1 or the spindle checkpoint kinase, Mps1 [193–195].
There are several instances where the generation of polyploid cells is a normal feature of
differentiation. One form of this polyploidization is called endomitosis and occurs in megakaryocytes
during their differentiation. Megakaryocytes are large cells with multilobed nuclei responsible for
generating platelets, which mediate blood clotting. Cell cycles in megakaryocytes consists of rounds
of DNA replication followed by brief entry and exit from a modified M phase. During this M
phase, the nuclear envelope breaks down, chromosomes show partial condensation, and mitotic
spindles form. However, the sister chromatids do not fully condense, nor do the cells undergo
cytokinesis. Multiple rounds of these modified cell cycles result in massive polyploidy, a normal aspect
of megakaryocyte differentiation [196,197]. Fully differentiated polyploid megakaryocytes become
very large and eventually disintegrate into numerous platelets that enter circulation.
Endoreplication is another form of polyploidization where the genome replicates multiple times
without intermittent entry into M phase [198]. These unusual cell cycles are called endocycles and
the resulting polyploidy is called endopolyploidy. A well-known example of endoreplication is
the polytene chromosomes formed in cells of the salivary glands of Drosophila larva. Repeated
rounds of DNA synthesis without intermittent mitoses lead to the formation of multistranded
chromosomes, each composed of hundreds of strands. This massive increase in DNA content
increases protein production during larval development. These long, thick, multi-stranded polytene
chromosomes have a characteristic appearance with easily distinguished “puffs” indicative of
active transcription. Historically, polytene chromosomes may be the earliest observed banded
chromosomes, paving the road for modern cytogenetics, the study of chromosome organization
and function [199]. In mammals, endoreplication is an important aspect in the development of
extra-embryonic tissues [200]. In trophoblast giant cells, endoreplication can reach very high ploidies,
up to hundreds of folds in rodents [200]. The formation of these cells appears essential for normal
embryo implantation and post-implantation functions of the placenta [201].
Another path to polyploidization, not tied to mitotic errors, is cell fusion. Cell fusion may be the
source of at least some of the binucleate cells commonly present in the adult liver [202,203]. Several
cancer-causing viruses, such as Hepatitis B and C, Epstein-Barr, and Human Papilloma Virus (HPV)
are also fusogenic [204]. Unlike polyploidy which stems from mitotic errors or endoreplication, cells of
different types can fuse and produce hybrid polyploid cells. Such hybrids may gain characteristics
from both original cell types. For instance, the fusion of cancer cells with bone marrow–derived
cells can produce malignant hybrid cancer cells with traits from bone marrow that may promote
metastasis [205].
5.2. Polyploidy in Fungi
In many lower eukaryotes, the genome displays a high degree of plasticity in terms of both
polyploidy and aneuploidy. Some fungi can proliferate as either haploid or diploid. Various types
of fungi can also become polyploid through failed cell divisions, at least in laboratory settings.
Subsequently, they propagate as polyploid or transition to being aneuploid by losing some of the
extra chromosomes during subsequent cell divisions. Polyploidy, whole chromosome aneuploidy,
and segmental aneuploidy are very common in domesticated populations of S. cerevisiae beer yeasts [24].
Laboratory strains of S. cerevisiae can be propagated at ploidies up to pentaploid. In certain conditions,
polyploidization in yeast is adaptive. The encapsulated yeast C. neoformans, an opportunistic fungal
pathogen, can cause pneumonia and meningitis in immunocompromised individuals. It can generate
large polyploid cells called “titan cells”. These cells are most frequently tetraploid or octoploid and are
resistant to the host immune system and to the antifungal antibiotic fluconazole partly because they
have a thicker cell wall and a sturdier, denser capsule [37,206]. Another opportunistically pathogenic
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yeast, C. albicans, routinely inhabits skin and mucous membranes. In immunodeficient individuals
it can generate infections that, after exposure to fluconazole and other azole antifungals, can harbor
tetraploid cells [207]. These tetraploid cells generate abnormal mitotic spindles in subsequent cell
cycles, leading to aneuploidy in the progeny.
5.3. Polyploidy in Animals and Plants
Most species of the animal kingdom, with few exceptions, are diploid, and polyploidy of whole
animals is unusual. In mammals, only one species is known to carry extra sets of chromosomes: the red
viscacha rat, Tympanoctomys barrerae [208]. A few hundred cases of polyploid species are known among
insects, reptiles, amphibians, crustaceans and fish [209]. Polyploidy can play a role in the evolution
of animal species. One example is the commonly used lab species Xenopus laevis, the South African
clawed toad. This frog appears to have evolved from the mating of two closely related species whose
offspring retained both sets of chromosomes [210]. This condition is called allotetraploidy. Millions
of years of evolution have generated many genetic changes, including deletions of duplicate genes,
but a recent genome evolution study revealed that the species retains active alleles from both ancestors
in over 56% of genes [211]. Chance genome doubling during mammalian embryogenesis typically
leads to embryonic lethality. In humans, congenital triploidy and tetraploidy may account for up to
10% of spontaneous abortions [212]. Interestingly, a few case studies report live births of complete and
mosaic tetraploid humans with severe developmental defects [213–215].
In stark contrast to the situation in animals, polyploidy is very common in plants, especially in
angiosperms (flowering plants) [216]. The exact reasons for this tolerance are unknown, but it may
be at least partially due to the absence of p53 in plants [217]. Polyploid plants are typically bigger
than their diploid ancestors with correspondingly larger fruits. It is estimated that up to 30% of
wild angiosperms are polyploid, and more than 50% of angiosperms that comprise agricultural and
food crops can have ploidies ranging from triploid to octoploid and beyond [218]. Most agricultural
crops are angiosperms. Polyploidy is very prominent in the grass family—the source of wheat,
rice and corn. Other crops including potatoes, sugarcane, apples, strawberries, bananas, coffee are also
polyploid [219]. This polyploidy is a product of human selection for plants with bigger, bulkier fruits,
and is largely responsible for feeding modern humanity.
5.4. Polyploidy Can Lead to Aneuploidy
Polyploid animal cells are prone to chromosome missegregation during mitosis [220]. If polyploid
cells contain supernumerary centrosomes, then cell divisions in these cells can be error-prone, because
multipolar mitotic spindles that often form when there are more than two centrosomes cannot segregate
sister chromatids equally (Figure 8). However, cells with extra centrosomes can and do generate bipolar
mitotic spindles by clustering centrosomes to form two spindle poles [221]. Even with bipolar spindles,
such cells still display an increased tendency for chromosome missegregation during anaphase [222].
An example of a normal tissue that progresses from polyploidy to aneuploidy is the adult
mammalian liver where, in addition to the binucleate cells containing two diploid nuclei, binucleate
and mononucleate cells polyploid and aneuploid cells are also present [223]. The percentage of
binucleate cells declines after partial hepatectomy and regrowth, giving rise to both polyploid and
aneuploid cells through abnormal divisions [223]. Notably, the existence of stable polyploid and
aneuploid cells in normal mammalian liver without massive induction of cancer suggests that ploidy
alterations on their own are not sufficient for oncogenesis, at least in hepatocytes.
As mentioned earlier, aneuploidy in fungi can be a consequence of polyploidy induced in response
to anti-fungal agents. In the laboratory, tetraploid S. cerevisiae strains have a 200- to 1000-fold increase
in chromosome loss rates relative to diploid cells, due, at least in part, to a higher incidence of
syntelic kinetochore attachments, where both sister chromatids attach to the same spindle pole [224].
Polyploid titan cells in C. neoformans lung infections can rapidly produce diverse aneuploid progeny,
which promotes adaptation to antibiotic therapy [37]. Similarly, in opportunistically pathogenic
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C. albicans, tetraploid cells generated after exposure to antifungal agents can produce aneuploid
progeny that acquire antibiotic resistance [207].
 
Figure 8. Failed cytokinesis can lead to multipolar spindle formation in the subsequent mitosis.
(A) A field of control HeLa cells containing mitotic cells showing normal chromosome alignment at
metaphase (arrows); (B) HeLa cells were treated for a short time with an actin polymerization inhibitor
drug, which blocks cytokinesis and results in the formation of binucleate polyploid cells containing extra
centrosomes. During the subsequent mitosis, polyploid cells form abnormal metaphase chromosome
alignments (arrows) when the presence of extra centrosomes leads to assembly of multipolar mitotic
spindles. When these cells then undergo anaphase and cytokinesis, chromosomes are segregated
in a random, unequal manner, leading to the formation of daughter cells that are highly aneuploid.
Chromosomes are depicted in green; cell surfaces are depicted in magenta.
5.5. Polyploidy in Cancer
Oncogenesis is a multi-step evolutionary progression that selects for traits that allow malignant
cells to survive and proliferate. With the advances in whole genome sequencing technology, it has
become possible to trace cancer genome changes during oncogenic progression. Tetraploidization
appears to be a relatively common event in tumor evolution. Evidence for transient genome-doubling
events has been detected during progression of malignancies, and tetraploidization has been
associated with cancer aggressiveness and recurrence [225–228]. Tetraploidy may be an early event in
tumorigenesis that fuels further genomic instability, leading to the selection of tumors with increased
malignancy [229–232]. This idea has been tested in mice using a xenograft cancer model that began
with non-malignant diploid or tetraploid xenograft cells. This approach demonstrated that tetraploid
cells were tumorigenic when injected in immunodeficient mice and gave rise to malignant aneuploid
cells, while isogenic diploid cells did not [233–235]. The aneuploid cells of tumors derived from
tetraploid precursors demonstrated a wide diversity of karyotypes indicating a high degree of
chromosomal instability.
Polyploid cells often contain extra centrosomes, and their cell divisions can be catastrophically
error-prone because, as indicated previously, cells with extra centrosomes are prone to assemble
multipolar mitotic spindles. Since multipolar spindles cannot segregate chromosomes equally,
essentially all progeny become aneuploid. These aneuploid cells may also exhibit chromosome
instability and acquire further numerical and segmental chromosomal aberrations [220,222,236–238].
However, it is also common that in cancer cells, multiple centrosomes can cluster to form bipolar
spindles [239]. Strategies to inhibit centrosome clustering and thus purposefully drive spindle
multipolarity have been proposed as potential cancer therapies [240,241]. Indeed, it has been proposed
that the well-established anti-cancer drug Taxol may function in this manner [87]. On the other hand,
in human tumors, the presence of abnormal mitotic figures such as multipolar spindles in biopsies is
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considered a feature of advanced malignancy. Understanding the positive and negative consequences
of spindle multipolarity remains an important topic for future study.
Tetraploid cells in tissue culture can also reveal increased resistance to certain chemotherapeutic
drugs compared to their parental diploid cells [242–246]. This effect is reminiscent of the elevated
antibiotic resistance detected in polyploid fungi, although the mechanisms underlying this resistance
in mammalian cells have not been discovered.
6. Ploidy Aberrations and P53
6.1. Ideas in Evolution and Cancer
In mammals, aneuploidy- and polyploidy-driven evolution of single cells is restrained by the
tumor suppressor protein p53 [2,3,5,233,247,248]. p53 is a transcription factor that regulates the
expression of various genes involved in stress responses, cell cycle arrest, and apoptosis. Yeast cells do
not have the p53 gene, and homologues of mammalian p53 first appeared in protostomes (molluscs,
annelids and arthropods) [249]. As mentioned previously, plants also lack p53 [217]. Animals with
a large body size require many more cells and often exhibit longer lifespans than smaller animals. Thus,
long-lived, large animals might be expected to have an increased susceptibility to cancer. However,
no correlation between body size or lifespan and the occurrence of cancer can be found [250–252].
Interestingly, elephants possess 20 copies of the p53 gene and show a hyperactive p53-dependent DNA
damage response, potentially contributing to cancer resistance in this large, long-lived animal [253].
More than half of human malignancies harbor mutations of the p53 gene [254], and together with
alterations in other components of the p53 network, the p53 pathway is suppressed or inactivated
in most human cancers [255]. Inactivation of the p53 pathway likely unleashes cancer evolution,
enabling cancer cells with abnormal karyotypes to proliferate, limited only by their fitness in
a given environment.
6.2. Concepts for Activation and Function
p53 is one of the most extensively studied proteins, yet it is still not clear what specific factor,
or combination of factors, triggers its activation in cells with aberrant ploidies. Determining this
has been challenging because transcriptional activation of p53 can be triggered by a wide variety
of external and internal stresses [256–258], and the range of stresses that may occur in polyploid
and aneuploid cells is also broad. The roles of p53 in sensing DNA damage as well as oxidative
and proteotoxic stresses are well established. These stressors can accompany some cases of ploidy
alterations. In addition, the stoichiometry of ribosomal proteins caused by changes in gene dosages
can activate the p53 pathway by protecting p53 from ubiquitination by its key negative regulator,
the ubiquitin ligase Mdm2, which targets it for degradation by the proteasome [259]. Moreover,
polyploid and aneuploid cells frequently have an aberrant number of centrosomes, and recent studies
show that the p53 may be activated by extra or missing centrosomes [260–262]. A recent study of
chromosome missegregation in anaphase demonstrated that lagging or misaligned chromosomes
stabilize p53 through retained phosphorylation of histone H3.3, suggesting that mitotic defects resulting
in missegregated chromosomes can activate p53 directly [247].
When non-transformed cells in culture are induced to become polyploid by disruption of
the actin or microtubule cytoskeleton, they usually block proliferation through the expression of
p53 [2,233,263–268]. Direct imaging of cells in culture suggests that the p53-dependent arrest may
be delayed for up to three cell cycles after the induction of polyploidy [269]. The pathways linking
polyploid cell formation to p53 activation remain unclear. One mechanism may be activation of the
Hippo tumor suppressor pathway, induced, at least in part, by extra centrosomes [262]. In tissue
culture, proliferating lines of tetraploid cells can grow out from cultures experimentally induced to
become tetraploid. These karyotypically stable tetraploid cells adapt to contain normal numbers
of centrosomes and build bipolar mitotic spindles [43,262]. As yet, a full understanding of how
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aneuploid and polyploid cells circumvent p53-mediated arrest remains incomplete, but two recent
studies indicated that overexpression of D-type Cyclins allows the continued proliferation of tetraploid
cells despite the presence of wild-type p53 [43,270].
In a variety of cell lines, loss of function mutations of the Rb tumor suppressor caused significant
chromosome segregation errors but only a modest increase in aneuploidy, unless p53 was also
inactivated, whereupon aneuploidy was greatly enhanced [271]. In cells, heterozygous for an
inactivating p53 mutation, loss of Rb function could increase the probability that a segregation error
causes loss of the chromosome containing the wild-type p53 allele (loss of heterozygosity) and thus
generate proliferative progeny permissive for further chromosome instability and increased aneuploidy.
Of note, aneuploid cells also occur naturally in some tissues such as the adult liver [223] and the
brain [272]. As discussed earlier, polyploidization is a part of a normal differentiation program in
certain cell lineages. In tissue culture, human pluripotent stem cells and RPE-1 with normal p53
expression were found to gain extra copies of chromosome 12 and proliferate at a high rate [43]. It is
not yet fully clear how, in various circumstances, acquisition of extra chromosomes in non-malignant
p53-expressing cells in culture allows cells to evade detection or overcome activation of p53.
7. Conclusions and Perspectives for Human Health
The simple use of the terms mitotic or meiotic errors presupposes that such events are detrimental.
In many, perhaps most cases, abrupt changes in chromosome content in humans will have unfavorable
consequences, for example meiotic aneuploidies giving rise to abnormal embryos or cancer cells
developing increased malignancy. However, studies in unicellular eukaryotes have demonstrated
that aneuploidy and genomic instability can empower adaptive evolution. Here, there are distinct
differences between single-cell eukaryotes and metazoans. In yeast, karyotypic diversity is limited
only by the fitness cost and may allow exploitation of new environmental conditions. In multicellular
organisms, proliferative competition of individual cells leads to cancer and compromises the fitness
of the whole organism. However, there are clear instances where altered mitotic events have been
subsumed into differentiation, providing evolutionary advantages in metazoans.
The study of the paths leading from segregation errors to adverse consequences has important
potential for human health. For example, in individual cancers, what is the relationship among
chromosome instability, aneuploidy, and malignancy? Which pathways—sister chromatid cohesion,
cell cycle checkpoints, chromosome movement, and others—are affected? Can we take advantage of
cancer’s dependence on a specific auxiliary mitotic pathway to design therapies that are generally
nontoxic to normal cells but lethal to the tumor? Can we design treatments that specifically target cells
that are aneuploid? Can prevention of centrosome clustering be a viable cancer therapy? After many
years of study, the complex role of p53 in tumor progression still holds secrets. How can these be
revealed and exploited? What are the most important contributors of the maternal age effect? Is it
possible to design interventions that might promote normal fertility and development? As we learn
more about the mechanisms underlying mitosis and meiosis, we are sure to uncover more surprising
insights into the complex interplay of the regulation of cell division with disease, health, and evolution.
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